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Preface

Biomolecules are responsible for various dynamic biological functions ranging from
the intracellular to the whole body and brain. Recently developed molecular and
cellular biology techniques have allowed biomolecules involved and their roles to be
identified. Snapshots of atomic structures and molecular organization of these
identified biomoledules, which have been determined using structural biology
techniques, have been foundation for understanding the mechanism of their func-
tions. The dynamic behavior of biomolecules, which is essential for the functios, is
often inferred from static and average data.
Alternatively, single molecule measurements have been developed to directly

measure the dynamic behavior of single biomolecules, which is hidden in average
signals that originate from a large number of molecules, which is the case for
previous ensemble measurements. Single molecules can be traced while they are
working in biological environments. Furthermore, high resolution, reaching the
scale of nm, msec and pN, has enabled the unitary events within a molecular
function to be measured. For example, the step movement of molecular motors
was observed while the motors hydrolyzed single ATP molecules. Single molecule
imaging has been used to monitor the dynamic changes in location, structure and
interactions of biomolecules in several complicated systems such as molecular
machines, organelles and cells leading to significant progress in clarifying the
fundamental principles driving cellular functions. With continued progress, we
believe that single molecule measurements offer the promise of disclosing the
fundamental principles behind biological dynamics.
It has been more than a decade since both single fluorophores attached to

biomolecules were detected in aqueous solution and single biomolecules were
manipulated. Since then, single molecule measurements have become common
tools in a large number of laboratories. However, there is still much that needs to be
accomplished. The technology is still immature as new techniques, such as new
probes, are needed. Forging single molecule measurements with other fields like
nanotechnology will be instrumental to further develop single molecule detection
and potentially enable single molecule detection to be applied throughout the whole
body. We hope that this book serves as a steppingstone for the next generation of

XIII
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single molecules measurements, as readers will find information that will guide
them to developing future techniques, subjects, strategies and goals.
Finally, we would like to thank all the authors for their valuable contributions to

this book. Each is a pioneer for single molecule measurements in their respective
biological field. We would also like to thank the staff of Wiley-VCH, in particular Dr.
Rainer Muenz, for their help and encouragement.

August 2008 Toshio Yanagida
Yoshiharu Ishii
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1
A Road Map to Single Molecule Dynamics
Yoshiharu Ishii

1.1
Visualization of Single Molecules

Signals from single fluorescent dye molecules were first measured in non-biological
environments. Some of the earliest studies acquired signals from singlefluorescence
dyes embedded in a solid matrix at the temperature of liquid helium [1] and from
excitation fluorescence signals [2]. In early studies carried out at room temperature,
single fluorescence dye molecules spread over a film were observed using near-field
scanning fluorescence microscopy [3].
In a biological environment where fluorescence is largely quenched by the

surrounding water molecules, single molecule imaging was first accomplished in
1995 using total internal reflected fluorescence (TIRF) and epi-fluorescence micros-
copy [4] (see Chapter 2). Single fluorophores attached to myosin molecules were
visualized in aqueous solution in the vicinity of a glass surface while single ATP
turnover from the samemyosin molecule was measured using fluorescently-labeled
ATP. TIRF microscopy has been widely used for single molecule imaging. Other
studies have measured single fluorophores bound to biomolecules in solution while
passing through a fixed small volume using confocal microscopy [5].

1.2
Single Molecule Position Tracking

The motion of biomolecules has been tracked by following the visualization of
immobilized single biomolecules. The motion of processive motors has been
visualized by using large particles or by attaching if fluorescent dyes to the motor.
In 1996, the smooth and processivemotion of amolecular motor, kinesin attached to
a single fluorescence dye was detected along microtubules immobilized on a glass
surface using TIRFmicroscopy [6]. Epi- and TIRFmicroscopy were used to monitor
the 2Ddiffusion offluorescently-labeled phospholipids on phospholipidmembranes
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[7] while 3D diffusion of single fluorescence molecules was observed in gel struc-
tures [8]. One-dimensional diffusion, which was discovered by single molecule
measurements, is a biomolecularmechanism used in the search for specific reaction
sites onDNA. Thismechanismwas first observed directly during studies to elucidate
the promoter binding site of RNA polymerase on DNA molecules which had been
extended with laser traps [9].
It has been demonstrated that the high-resolution analysis of individual fluores-

cence spots enables the position of a single molecule to be tracked with nanometer
accuracy, thus overcoming the diffraction limit of light [10]. In 2003, this nanometer
accuracy proved crucial in the detection of the step movement of myosin V, a
processive motor, along actin filaments at no load [11]. Taken together with the laser
trap data, the step movement of molecular motors containing two motor domains
(heads) can then be defined by a hand-over-hand mechanism (see Chapter 3). Thus
single molecule detection has been instrumental in establishing the basic operations
of molecular motors. This technique was also used to detect the step movement of
microtubule-based motors in live cells by tracking cargoes fluorescently labeled with
GFP [12] or carrying QDs (quantum dots) introduced via endocytosis [13].
In addition to fluorescence imaging, dark-field imaging of gold nanoparticle-

labeled molecular motors provides another method for high sensitivity tracking.
Tracking labeled myosin V heads during single step movements to the adjacent
landing position with sub-milliseconds accuracy, enabled investigators to directly
observe the diffusive search pattern in the step movement [14].

1.3
Single Molecules in Live Cells

Single fluorescently labeled molecules have been visualized in artificial lipid
bilayers. The model bilayer was formed at the tip of a pipette near the surface
of the glass in a TIRF microscope, which enabled simultaneous imaging and
electric measurements of single ion channels [15]. Given that the ion current
through a single ion channel has already been reported [16], the visualization of
single molecules in the lipid bilayer has opened up the possibility of studying the
structure and function of ion channels directly (see Chapter 4).
In 2000 single molecule imaging was successfully applied to living cells using

TIRF and epi-fluorescence microscopy [17]. The binding of fluorescently-labeled
signalingmolecule epidermal growth factor (EGF) to its receptor on the surface of live
cells wasmonitored at the singlemolecule level, which provided further information
relating to the kinetics of binding and the behavior of the EGF–receptor complex (see
Chapter 5). Single molecule tracking in live cells has also been achieved using
fluorescent labels. In particular quantum dots (QDs) have been frequently used for
quantitative and prolonged tracking (see Chapter 6). The trajectory of QDs bearing
EGF revealed a variety of transport paths used by the ligand–receptor complex [18].
There have been a large number of papers on both single molecule tracking in live
cells and the dynamic properties of the corresponding biomolecules, including
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diffusion. The motion of single molecules on the cell surface and inside the cell has
also been measured using fluorescence correlation spectroscopy (FCS) [19, 20].
The interaction between ligands and receptors has been studied using single

molecule imaging and mechanical measurements (see Chapter 7). The binding of
ligands to receptors triggers signal transduction processes leading to the activation of
whole cells (seeChapter 5). The activation of a cell can be directly related to the binding
events of the ligands inside the cell. Such an experiment was first carried out by
increasing the cytoplasmic Ca2þ concentration to determine the number of peptide-
MHC ligandsbound to aT-cell [21]. In general, only a small number of binding ligands
have been reported in various systems. In fact, results have emphasized that small
input signals within large noisy signals can generate consistent output. For example,
indictyosteriumcells, inwhichmotion is biased inonedirection in response to a small
cAMP concentration gradient, the kinetics of cAMP binding was observed to be
dependent on location, leading to the polarity of the moving cell [22].
The expression of RNA and protein has also been detected in live cells at the single

molecule level. RNAplays a pivotal role in gene expression in which RNAmolecules
work dynamically in the nucleus and cytoplasm (see Chapter 8). The trafficking of
messenger RNAwasmonitored in real time after being expressed inside the nucleus
of live cells [23]. It was demonstrated that diffusion is the basis for mRNA displace-
ment. Regarding proteins, individual proteins expressed in single cells have been
counted in real time. YFP fluorescence showed [24] that protein expression occurs in
bursts. The stochastic nature of the gene expression has also been studied.

1.4
Fluorescence Spectroscopy and Biomolecular Dynamics

Combined with single molecule imaging, fluorescence spectroscopy can be used
to measure structural dynamics and biomolecule interactions in real time (see
Chapter 9). In particular, fluorescence resonance energy transfer (FRET) between
single fluorophores has become a popular tool of choice following its application in
dried DNA using scanning near-field microscopy [25]. Conformational dynamics
were observed using chymotrypsin inhibitor 2 [26] and Tetrahymena thermophila
ribozyme [27]. These conformational studies have been followed by a large number of
studies on multiple conformations and rugged energy landscapes. Single molecule
FRET has also been used for protein folding studies. Subpopulations of folded and
denatured conformations of proteins freely diffusing in solution were directly
determined by confocal microscopy [28, 29]. These measurements have provided
useful tests for a new view on dynamic structures of biomolecules in which they
behave according to the energy landscape. In addition to FRET, spectral shift and
fluorescence lifetime polarizations have been used to study protein dynamics. Single
molecule fluorescence polarization imaging was first carried out to monitor the axial
rotation of actin filaments sliding over myosin immobilized on a glass surface [30].
It was recently demonstrated using polarization imaging from fluorescence dyes
attached bifunctionally to the neck domain of myosin V that the orientation of the
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neck domain is associated with the step movement, in agreement with a walking
model of myosin V [31] (see Chapter 3).
By monitoring fluorescence changes associated with enzymatic reactions, the

operation of enzymes can be studied. Taking advantage of the cycle between the active
fluorescent oxidized form (FAD) and non-fluorescent reduced form (FADH) offlavin
adenine dinucleotide, the turnover of cholesterol oxidase was monitored [32]. The
reaction was stochastic, consistent with Michaelis–Menten mechanics while a
memory effect was observed between several turnover intervals as a result of slow
conformational isomerizations. Similar memory effects were observed for RNA
enzymes (ribozymes) [27].
Proteins, DNA and RNA fulfill their function by assembling and disassembling

dynamically. Single molecule spectroscopy is capable of determining the dynamic
structure of particular molecules and molecular interactions in such biomolecular
complexes. A more physiological environment has been observed during protein
folding inmore complex systems such asGroEL andES complexes [33]. The dynamic
structures of certain molecular complexes such as helicase, DNA and holiday
junctions, which appear in gene recombination and repair, have been extensively
studied (see Chapter 11).

1.5
Single Molecule Manipulation and Molecular Motors

Laser and magnetic trapping and glass microneedles are common tools used to
manipulate single biomolecules. After Ashkin applied optical trapping techniques
to trap viruses [34], single kinesin was trapped using an attached dielectric bead to
monitor its movement along microtubules immobilized on a glass surface [35],
followed by the finding of an 8-nm unit step associated with the hydrolysis of single
ATP molecules [36]. Microneedles were first used to manipulate actin filaments in
1988 [37]. This led to the measurement of the mechanical properties of actin
filaments and the force generated by both myosin filaments and single muscle
myosin heads [38]. Actin filaments have also been manipulated using the laser trap.
Actin filaments, in which each end was attached to a trapped bead, weremanipulated
to interact with single non-processivemusclemyosinmolecules. The stepmovement
of muscle myosin was measured by monitoring the displacement of the actin
filaments [39, 40]. Alternatively, instead of manipulating actin filaments, single
myosinmolecules have been captured on the tip of amicroneedle andmanipulated to
interactwith actinfilaments [41]. Themovement ofmyosinwasmonitored directly by
measuring the displacement of myosin. Given that these measurements have
sensitivity to detect thermal motion, the effect of thermal motion on the mechanism
of molecular motor step movement is discussed in Chapter 2.
Unlikemusclemyosin, it is relatively easy tomeasure stepmovement in processive

motors. Manipulation by laser trap has been used for mechanical studies on several
processivemyosinmotors includingmyosinV [42],myosinVI [43] anddynein [44, 45]
demonstrating that ATP hydrolysis reactions are strain-dependent, suggesting that
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cooperation between the two heads is necessary for processivemovement [46].When
excess load (greater than stall force) was applied, motors such as kinesin showed
stepwise movement in the backward direction [47].

1.6
Mechano-Chemical Coupling of Molecular Motors

In order to understand the mechanism of molecular motors, it is critical to describe
how mechanical steps are related to ATP hydrolysis (see Chapter 2). Simultaneous
imaging of ATP turnover and mechanical measurements using a single molecule
optical trap was used to determine the mechano-chemical coupling in myosin [48].
In contrast to ATP-driven but irreversible actomyosin motors, the ATP synthase

F0F1 is a reversible mechano-chemical machine. Using single molecule detection,
ATP synthase F0F1 was found to be a rotarymotor (see Chapter 10). The rotation of F1
was first observed by monitoring the rotation of fluorescent actin filaments attached
to the rotor [49]. The 120o rotation unit steps generated by a single ATP molecule
were detected at low ATP concentrations [50]. It was also demonstrated that ATP
is synthesized when F1 is forced to rotate in the backward direction [51]. This
mechanism has been extensively studied.

1.7
DNA-Based Motors

DNA-based motors translocate along a DNA molecule powered by nucleotide
hydrolysis while they transcribe gene information. As compared with actin- and
microtubules-based motors, the properties of the DNA-based motors are not yet
known. Individual DNAmolecules were first visualized by staining with fluorescent
dyes and using video-enhanced optical microscopy [52]. This led to single DNA
molecules being manipulated by magnetic traps [53], laser traps [54], and by
pipette [55]. These manipulation techniques have been used to measure various
mechanical properties of DNA such as the force–extension relationship and its
interaction with motor molecules.
Transcription by a single RNA polymerase molecule has also been observed by

laser trap. The displacement and force exerted on a trapped bead attached to the end
of a DNA molecule being pulled by an RNA polymerase was measured while the
polymerase was immobilized on a slide glass during transcription [56, 57]. In 2005,
RNA polymerase was shown to have a step-size of 3.7 A

�
, equivalent to a DNA base

pair [58]. This technique also proved that RNA polymerase moved along a DNA
helix [59] as confirmed by monitoring the rotation of a magnetic bead attached to the
end of a DNA molecule during transcription while the RNA polymerase was
immobilized on the slide glass. Unlike actin filament- and microtubule-based
molecular motors, some DNA-based motors change the topology of DNA while
they translocate. This change has been used to monitor the movement of DNA-based
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motors. For example, Topoisomerase II removed supercoils that had been created by
twisting DNA through magnetic beads [60]. The removal of the supercoil was
measured bymonitoring the expansion between the twoDNA ends. Another example
is DNApolymerase, which converts single-stranded DNA into double-stranded DNA.
This DNA conformation change was detected by measuring the extension of DNA at
constant load [61]. The unwinding of DNA and RNA as catalyzed by helicase has also
been measured using mechanical and optical methods (see Chapter 11)

1.8
Imaging with AFM and Force Measurements

AFM [62] is a unique tool for force measurements and imaging, offering single
molecule sensitivity. It has been applied to both single protein [63] and DNA
molecules [64]. In contrast to fluorescence imaging, which is based on local
information around the fluorophores, AFM provides topological imaging and
specific electrostatic interaction mapping without modifying the biomolecules.
Recently, both temporal and spatial resolutions have been dramatically improved [65]
allowing the dynamic operations of biomolecules and the molecular machines
responsible for their assembly to be visualized in real time (see Chapter 12).
The interaction force between single molecules has been measured for strepta-

vidin-biotin using AFM [66, 67] and the forces involved in ligand–receptor com-
plexes, antibody–antigen complexes, adhesion of complementary strands of DNA,
carbohydrate–carbohydrate complexes, lectin–carbohydrate complexes, and cell
adhesionproteins have all been studied (seeChapter 6). AFMandothermanipulation
techniques have also been used to study the folding and unfolding of proteins. In
1997, the unfolding and folding of titin which is an extremely large protein, was
measured when its two ends were pulled and shortened [68–70]. Force clamp
methods of AFM allow the detailed processes of individual protein molecule folding
to be scrutinized rather than depending on the stepwise transition observed in
ensemble measurements [71] (see Chapter 13).
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2
Single Molecule Study for Elucidating the Mechanism Used
by Biosystems to Utilize Thermal Fluctuations
Toshio Yanagida

2.1
Introduction

2.1.1
Differences between Man-Made and Biological Molecular Machines

To fulfill their functions, biomolecules assemble to formmolecular machines which
play essential roles in cellular functions such as cell signaling, energy transduction,
motion, and DNA duplication. Collaboration between these machines regulates the
activity of biological systems (Figure 2.1a). Molecular machines are complex ma-
chines whose functions are not analogous to artificial machines. What are the
essential differences between biological molecular machines and man-made ma-
chines? Biologicalmolecularmachines are nanometers in size, are dynamic andhave
a soft structure. In addition, their input energy is not much greater than the average
thermal energy (kBT) meaning that they function under strong thermal agitation.
This is in contrast to man-made machines, which require an energy input that is
much higher than thermal energy and thus avoids the effect of thermal noise. Thus,
the operations of biological and man-made machines are vastly different. For
example, the operation time of electronic processors in a computer is nanoseconds,
while that of molecular machines in the brain is milliseconds, i.e. the operation time
of molecular machines is millions-fold slower. Furthermore, the accuracy of molec-
ular machines is far poorer than that of electronic processors. But such slow and
inaccurate molecular machines can assemble to form wonderful systems such as
muscle and brain, functions that cannot be duplicated by man-made machines
(Figure 2.1b).
Because of this, molecular machines likely operate on a principle essentially

different from man-made machines. The aim of our research is to illuminate the
essential engineering principle behind the flexible and adaptive nature of biological
systems by understanding the unique operations of molecular machines.
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Figure 2.1 Differences between man-made and
biological machines. (a) Biological molecules
assemble to form molecular machines that play
essential roles such as cell signaling,motion, and
DNA duplication. (b) The input energy level of
biological machines is not far above average

thermal energy and thus their operations are
slow and ambiguous. On the other hand,
man-made machines are operated at energies
much higher than average thermal energy and
operate rapidly and accurately.
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2.1.2
Single Molecule Imaging and Nano-Detection

To fully comprehendmolecular machines, it is necessary to understand the dynamic
properties of biomolecules themselves and their interactions with each other. Single
molecule detection (SMD) techniques have been developed to directly monitor the
dynamics of biomolecules and molecular machines. SMD techniques are based on
two key technologies: single-molecule imaging and single-molecule nanomanipula-
tion. The size of biomolecules and even their assemblies are in the order of
nanometers, so they are too small to observe by optical microscopy. To overcome
this problem, biomolecules can be fluorescently labeled and visualized using
fluorescence microscopy. Single fluorophores have been observed in non-aqueous
conditions [1] (see Chapter 1). In 1995, we successfully demonstrated that single
fluorophores can be seen in aqueous solution by using total internal reflection
fluorescence microscopy (TIRFM) and conventional inverted fluorescence micros-
copy [2]. The major problem to overcome when visualizing single fluorophores in
aqueous solution is the huge background noise caused by numerous sources
including Raman scattering from water molecules, incident light despite filters,
luminescence arising from the objective lens, immersion oil and dust, and the
instability of the fluorophores. In our system, the evanescent field was formed when
the laser beam was totally reflected by the interface between the solution and the
glass. The evanescent field was not restricted to the diffraction limit of light, thus it
could be localized close to the glass surface which resulted in a penetration depth
(�150 nm) being several-fold shorter than the wavelength of light. Therefore, the
illumination was restricted to fluorophores either bound to the glass surface or
located close by, thereby reducing the background light. Furthermore, by careful
selection of optical elements, the background noise could be reduced by 2000-fold
compared to that of conventional fluorescence microscopy. By adding an oxygen
scavenger system, the instability of the fluorophores was significantly reduced. This
made it possible to clearly observe single fluorophores in aqueous solution. Fluores-
cencemeasurements from single fluorophores attached to biomolecules and ligands
have allowed the detection of, for example, the movements [3], enzymatic reac-
tions [2, 4–7], protein-DNA interactions [8] and cell-signal processes [9] at the single
molecule level. The single molecule imaging technique has been further extended to
detect detailed reactions of biomolecules coupled with (1) detection of position with
nanometer accuracy by computer image analysis (FIONA) [10]; (2) distance between
two fluorophores with sub-nanometer accuracy by fluorescence resonance transfer
(FRET) [11]; and (3) orientation by fluorescence polarization [12] or DOPI [13] (see
Chapter 1).
The second key technology is single-molecule nanomanipulation. Biomolecules

and even single molecules can be captured on a glass needle [14–17] or on beads
trapped by optical tweezers [18, 19]. Optical tweezers are the tools used to trap and
manipulate particles of between 25 nm and 25mm in diameter using the force of the
laser radiation pressure [20]. The particle is trapped near the focus of the laser light
when focused by a microscope objective with a high numerical aperture. The optical
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tweezers exert forces in the piconewton range on the particles. Biomolecules are too
small to be directly trapped by optical tweezers, so they are generally attached to an
optically-trapped bead. Microneedles or a bead trapped by a laser act as a spring that
expands in proportion to the applied force. Thus, the force and the displacement
caused by the biomolecules canbemeasured. Thedisplacement of amicroneedle and
a bead has been determined with sub-nanometer accuracy, which is considerably
more sensitive than the diffraction limit of an optical measurement [15–19]. This
accuracy of displacement corresponds to the sub-piconewton accuracy in the force
measurements. Thus, the mechanical property of biomolecules can be determined
directly at the single-molecule level. Furthermore, combined with the single-mole-
cule imaging technique, simultaneous measurements of mechanical and chemical
reactions of single biomolecules are possible.
We have used SMD techniques to uncover the unique operation of a typical

molecular machine, a molecular motor, and studied how the flexible and adaptive
nature specific to biological systems is generated by molecular machines operating
under the influence of strong thermal agitation.

2.2
Simultaneous Measurements of Individual ATP Hydrolysis Cycles and Mechanical
Events by a Myosin Motor

We have chosen the myosin motor as our model of a molecular machine. There are
several types ofmyosinmotors, all of whichmove along actin filaments by converting
the chemical energy produced from ATP hydrolysis into mechanical energy to
generate cellular motility such as muscle contraction. Important functions of
proteins such as enzymatic action, energy transduction, molecular recognition and
self-assembly are integrated into the myosin motor [21]. Therefore, elucidating the
molecular mechanism of the myosin motor should provide the general principles
used by molecular machines. The most fundamental problem regarding the mecha-
nism of the myosin motor is its conversion of chemical energy into mechanical
energy. In order to solve this problem, we simultaneously measured individual ATP
hydrolysis cycles and single myosin motor mechanical events.

2.2.1
ATP Hydrolysis Cycles

Individual ATP hydrolysis cycles by a myosin motor were measured by the single-
molecule imaging technique TIRFM in combinationwith thefluorescent ATPanalog
Cy3-ATP (Figure 2.2) [2, 4, 5]. It was confirmed that Cy3-ATP was hydrolyzed by
myosin in the same way as ATP. The biochemical cycle rate of ATP hydrolysis
averaged over many events for individual myosin molecules was consistent with
that obtained by a conventional biochemical method using a suspension of myosin.
Cy3-ATP (or -ADP) free in solution does not produce clear fluorescent spots on a
detector, because of its rapid Brownianmotion.However, whenCy3-ATP (or -ADP) is
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associated with myosin bound to a surface, the Brownian motion ceases and the
labeled nucleotide can be observed as a clear fluorescent spot. Thus, association and
dissociation of Cy3-nucleotides (ATP or ADP) can be observed by monitoring the
flickering of fluorescent spots. Because the affinity of ATP for muscle myosin is
�105-fold higher than that of ADP, the nucleotide coming into focus when associat-
ing with myosin should be Cy3-ATP and that coming out of focus when dissociating
from the myosin should be Cy3-ADP after hydrolysis. Thus, the association and
dissociation cycle of Cy3–nucleotides with myosin should be directly coupled to the

Figure 2.2 Single molecule imaging of the
enzymatic (ATPase) reaction by myosin [2].
(a) TIRFM for the observation of individual ATP
turnovers by a single myosin molecule.
(b) Fluorescence images of single myosin
molecules labeled with Cy-5. Scale bar¼ 5mm
(top). ATP turnovers by a single myosin
molecule; the lower panel shows typical images

of fluorescence from a Cy3 nucleotide (ATP
or ADP) coming in (down arrows) and out
(upper arrows) of focus by associating and
dissociating with a myosin molecule. Images
were taken every 3 s. (c) A histogram of
lifetimes of a Cy3–nucleotide bound to
myosin. Solid line shows an exponential fit
to the data.
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biochemical cycle of ATP hydrolysis. Myosin has two heads, each of which has ATP
and actin binding sites. Therefore, for simplicity, one-headed sub-fragments of
myosin were used. It was shown that one-headed sub-fragments of myosin can
move actin filaments at the same velocity as two-headed myosin in a myosin-coated
surface assay [22].

2.2.2
Mechanical Events

The mechanical events occurring in a myosin motor were measured by optical
trapping nanometry. Two ends of an actin filament, which had been visualized by
labeling with fluorescent phalloidin [23], were attached to optically-trapped beads.
The suspended filament was brought into contact with a single myosin head fixed on
the surface of a pedestal made on a glass surface. Individual mechanical events such
as displacement and force due to interactions between actin and the myosin head
were determined by measuring the displacement of a bead. The bead displacements
were determined with nanometer accuracy by projecting the bead onto a quadrant
photodiode and measuring its differential outputs [15, 17].

2.2.3
Simultaneous Measurements

Individual ATP hydrolysis cycles and mechanical events associated with a myosin
motor were simultaneously measured by combining the single molecule imaging
technique with optical trapping nanometry [24] (Figure 2.3a). Figure 2.3b shows time
traces of displacements (upper trace) and changes in the fluorescence intensity from
Cy3–nucleotides (ATP or ADP) bound to themyosin, which have beenmeasured by a
photon counter (lower trace). When an ATP molecule binds to the myosin head, the
myosin head dissociates from the actin and the displacement decreases to zero. The
myosin head, dissociated from the actin by ATP, rebinds to the actin and generates
displacement and force. Thus, each displacement corresponds to a single ATPase
turnover.

2.3
Resolving the Process of a Displacement by Scanning Probe Nanometry

Next we attempted to resolve the process of a displacement occurring during a single
ATP hydrolysis cycle, in order to make clear how the myosin motor works using the
chemical energy provided by ATP [17, 25]. Since the displacements take place rapidly,
within 1ms, it was impossible to resolve the rising phase of a displacement by optical
trapping nanometry due to a poor signal to noise ratio. This is because the
displacements were measured by observing the movement of actin, not myosin,
and thus the compliance (1/stiffness) of the linkage between the optically trapped
beads and the actin filament damped the signal to noise ratio. To overcome this

16j 2 Single Molecule Study for Elucidating the Mechanism used by Biosystems



problem, we developed a more direct method to capture a single myosin molecule
andmeasure its displacements by using a scanning probe. The series stiffness during
acto–S1 interaction significantly increased to > 1 pN/nm, compared to that obtained
with optical trapping experiments (0.05–0.2 pN/nm). The resulting thermal fluctua-
tions of the probe, namely the noise of the measurements, were reduced from
4–9 nmrms to <2 nmrms. This improvement was critical to the resolution of the
process generating the �10–20-nm displacements. Furthermore, a myosin head
rigidly attached to a relatively large scanning probe could steadily interact with actin
without diffusing away from the actin filament, as it does in muscle to slow its
motion.

Figure 2.3 Simultaneous observation of individual ATP hydrolysis
and mechanical events by single myosin molecules. (a) A
schematic drawing of the experimental setup [15]. (b) Time traces
of displacements (upper trace) and changes in the fluorescence
intensity from Cy3–nucleotides (ATP or ADP) bound to myosin
(lower trace).
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2.3.1
Observation and Manipulation of a Single Myosin Motor

Myosin heads were labeled at their tail ends with a fluorescent dye (Cy3) in an almost
one to one (0.95) molar ratio. The number of myosin heads captured onto the probe
tip was determined from the fluorescence intensity and photobleaching behavior.
Thefluorescencewas observed by an objective type TIRFM [4] (Figure 2.4a). TheCy3-
labeled myosin could be clearly observed as fluorescent spots using evanescent field
illumination. TheCy3-labeledmyosinwas captured at its biotinylated tail on the tip of
a probe through a biotin–streptavidin bond. Figure 2.4b shows typical fluorescence
time trajectories of Cy3-labeled myosin captured on the tip of the probe in which the
fluorescence intensities decreased in a single step (upper) and double step (lower).
The intensity of thefluorescent spots of singleCy3-labeledmyosin captured on the tip
of the probe was the same as that of those bound to the glass. These results indicate
that it is possible to count the number of S1 molecules on the tip of the probe. For
example, the number of Cy3–BDTC–S1 molecules on the tip of the probe in
Figure 2.4b (upper and lower panels) was judged to be one and two, respectively.
Only the data for single molecules were used for the following analysis.

2.3.2
Displacements

To minimize damage to the myosin caused by interaction with the surface of the
probe, the myosin was specifically attached to the tip of a probe at its tail end via a
biotin–streptavidin bond. After the number of myosins on the probe tip was
confirmed to be one by fluorescence, the captured myosin head was brought into
contact with an actin bundle fixed to the glass surface in the presence of ATP
(Figure 2.4a). Displacements produced by singlemyosinsweremeasuredwith awide
range of needle stiffness from 0.01 to 0.6 pN/nm.
Figure 2.5a and b (upper traces) show typical time courses of displacements at low

and high needle stiffness. The myosin–actin interactions could be clearly identified
by an increase in stiffness calculated from the reciprocal of the variance of the
fluctuations of the probe. Thermal fluctuations occurred when myosin dissociated
from the actin bundle. Their amplitude was dependent on the stiffness of the probe.
Duringmyosin–actin attachments, the fluctuations decreased to an r.m.s. amplitude
of 1.4–2.9 nmwhich corresponded to a stiffness of 0.5–2 pN/nm.Thehighest value of
stiffness during attachments (�2 pN/nm) was as large as that of an actomyosin
crossbridge in muscle [26].
The mean displacement of myosin was determined by averaging observed events

(n¼ 274). The mean displacement was 17 nm at low needle stiffness (0.01–0.1 pN/
nm) and 9.2 nm at high needle stiffness (0.1–0.6 pN/nm). The duration of displace-
ments in the presence of 1mM ATP at 20�C was distributed exponentially. The
second-order rate constant for the dissociation of actin–myosin by ATP was deduced
from the mean duration and found to be 4–5� 106M�1 s�1 at low needle stiffness.
This value was consistent with the values obtained for the suspension of actin and
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Figure 2.4 Observation and manipulation of a
single myosinmotor [17]. (a) Schematic drawing
of the experimental apparatus. The system was
built on an inverted microscope. A ZnO whisker
crystal of length 5–10mm with a radius of
curvature at the tip of �15 nm, was attached to
the tip of a very fine glass microneedle, 100mm
long and 0.3mm in diameter. A myosin head was
attached at its tail end to the tip of a ZnOwhisker.
The glass needle was set perpendicular to the

longitudinal axis of the actin filament and the
displacements due to actin–myosin interaction
along the actin long axis were determined by
measuring the bending of the needle with
nanometer accuracy. Insert panel, fluorescence
images of single myosin heads labeled with Cy3
on a glass surface. A myosin head captured by a
probe ismarked by an arrow. (b) Time courses of
fluorescence intensities of myosin heads
captured by a probe.
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myosin in solution [27] and in optical trapping nanometry [28]. The results indicate
that each displacement corresponds to one cycle of ATP turnover, consistent with the
observation of Cy3 attached to myosin on the tip of a scanning probe.

2.3.3
Sub-steps within a Displacement

Figure 2.5a and b (lower trace) show the rising phases of the displacements at low
(0.01–0.1 pN/nm) and high (0.1–0.6 pN/nm) needle stiffness on an expanded time

Figure 2.5 Sub-steps within a displacement of myosin-II [17, 25].
(a) and (b) Time courses of displacements (upper traces) and
rising phases of displacements in expanded time scales
(lower traces) at low loads and high loads, respectively.
(c) Number of sub-steps per displacement at low and high loads.
(d) Ratio of forward and backward sub-steps.
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scale, respectively. Displacements were not abrupt but took place in a stepwise
fashion. Most steps occurred in the forward direction but a small number were also
recorded in the backward direction. The size of the steps was determined by
computing the histogram of pairwise distances of all the data points of the stepwise
movements in the rising phases [18]. The stepwise data were corrected by using
the stiffness after the displacements reached a plateau (maximum) according to the
method described earlier. This is because the stiffness of an acto–S1 complex during
the rising phases could not be determined quantitatively due to the short dwell phase
of the steps, and because the stiffness in the rising phase was assumed to be the same
as that at the plateau. The power spectrum of the histogram had an obvious peak at
0.18 nm�1. This corresponded to the periodicity of the peaks in the histogram with a
spacing of 5.6 nm. The histogramof pairwise distances had a small peak near 5.5 nm,
corresponding to steps in the backward direction. The size of the steps (5.3 nm) at low
needle stiffness was almost the same as that (5.6 nm) at high needle stiffness. That is,
the size of the steps was independent of the load (0–2 pN), although the overall
displacement decreased at high needle stiffness due to a decrease in the total number
of steps.
Figure 2.5c shows histograms of the number of steps per displacement at low and

high needle stiffness. The number of steps in a displacement varied from one to five

Figure 2.5 (Continued )
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with an average of 2.5 steps at low loads (0–0.5 pN) and from one to four with an
average of 1.6 steps at high loads (0.5–2 pN).

2.3.4
Nature of Sub-steps

The steppingmotion of amyosin head is not always smooth and sometimesmoves in
the opposite direction along an actin filament. The size of the steps was 5.5 nm for
steps in both the forward and backward directions. This step size coincided with the
distance between adjacent actin monomers in one strand of an actin filament [21].
Furthermore, the number of steps ranged randomly from one to five during nomore
than one ATP hydrolysis cycle, i.e. the 5.5-nm steps were not tightly coupled to the
ATPhydrolysis cycle. The stochastic features of this steppingmotion and the step size
strongly suggest that themyosin headwalks or slides along the actinmonomer repeat
usingBrownianmotion. Because themajority of steps occurred in one direction, they
should not result from pure thermal diffusion but rather be biased in one direction
(forward).
In order to clarify this point quantitatively, the number of forward (Nf) and

backward (Nb) steps were counted at low force levels and the (Nf/Nb) ratio was
calculated. The ratio of the number of forward and backward steps near zero force
(0–0.5 pN) was 55/9� 6 (Figure 2.5d). Thus the probability that the 55 forward steps
out of total 64 steps were due to pure Brownian motion could be calculated as

64!
55!9!

1
2

� �55 1
2

� �9

� 10�9:

In this calculation, it was assumed that no external force was applied to the myosin.
However, because the myosin underwent steps against a force, the actual probability
should be even less than the above result. Therefore, the observed steps cannot be due
to pure Brownian motion. Rather, myosin Brownian steps are likely biased towards
the forward direction.

2.3.5
Comparing the Actions of Individual Myosin Motors with those of Muscle

To quantitatively compare the mechanical properties of individual actomyosin
motors with those of muscle, their force–velocity curve was investigated. Displace-
ments started at various force levels due to thermal fluctuations of the needle causing
steps to also take place at various force levels. Figure 2.6 shows the force–velocity
curve obtained from the step size and the dwell time of single myosin heads. The
velocity did not reach zero but a positive value at a large positive force, which is
different from that ofmuscle. This ismost likely because the backward stepswere not
considered in the analysis. Backward steps took place more frequently at larger
forces, thus the backward steps need to be consideredwhen calculating the velocity of
individual myosin heads. The anisotropy of the stepping direction was defined as
(Nf�Nb)/(Nf þ Nb), where Nf and Nb are the number of steps in the forward and
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backward directions at each force level, respectively. The values were corrected by
multiplying the velocities by the anisotropy of the stepping direction (Figure 2.6, open
circles). The positive force regions of this curve were in close agreement with the data
obtained in muscle [29].
The work done per 5.5-nm step (Wstep) was defined as the energy needed to pull a

linear spring (spring constant of a needle, k) over a distance of 5.5 nm from an initial
position, x, such that Wstep ¼ 1

2
kððxþ 5:5Þ2�x2Þ. We measured x during the dwell

time of the step from the equilibrium position of the needle. The mean ofWstep was
7.4 pN/nm (¼ 1.8kBT) and 4.0 pN/nm (¼ 1.0 kBT) at high and low needle stiffness,
respectively.
The velocity corrected for the stepping anisotropy had a hyperbolic dependence

when a positive force was applied. The data were well described by Hill�s equation
(solid line in Figure 2.6; (P þ a)(V þ b)¼ (P0 þ a)b where P is load, V, velocity, P0,
isometric force, and a and b are constants having the dimensions of force and velocity,
respectively). Maximum velocity (Vmax), isometric force (P0) and the curvature of the
hyperbola (a/P0) were determined to be 1.0mm/s, 2.0 pN and 0.7, respectively. Vmax

at zero load was several times smaller than that of rabbit skeletal muscle. This is
because the sliding velocity of myosin is slowed by attachment to the large scanning
probe.P0was consistent with themean peak force.However, the value of a/P0, which
is ameasure of the curvature of the force–velocity curve, was significantly larger than
that of shortening muscle (0.2–0.4) [29]. One possible explanation for this difference
is that the force-generating step and other steps in the ATPase cycle, such as
association and dissociation of actin and myosin, are all involved during measure-
ment of a shortening muscle, giving the steeper force–velocity curve. In individual
actomyosin motors, however, only the force-generating step is measured.
Themean work done per 5.5-nm step was determined to be 7.4 pN/nm (¼ 1.8kBT)

at high needle stiffness. The number of steps per displacement was distributed from

Figure 2.6 Force–velocity curve of individual myosin heads [25].
The velocity was obtained by dividing the step size, 5.5 nm, by
the dwell time (filled circles). Bars indicate the standard deviations
for 10–30 steps. Open circles indicate the velocity corrected by
the anisotropy of the stepping direction. The solid line shows the
Hill curve fitted to the corrected velocity.
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one to four. Hence themaximumwork done during one ATPase cycle wasmeasured
as 31 pN/nm (¼ 7.2kBT). This result indicates that single myosin heads are able to
convert chemical energy into mechanical work with a maximum efficiency of�36%
(energy liberated by ATP hydrolysis �20kBT). This value is similar to the maximum
efficiency of contracting muscle fibers [29, 30]. The similarities between the for-
ce–velocity curve and thermodynamic efficiency of single actomyosin molecules to
assemble systems such as muscle suggest that the major mechanical and thermody-
namic properties ofmuscle are essentially the effect of the intrinsic characteristics of
individual actomyosin motors.

2.3.6
Other Types of Molecular Motors

Class-II myosin (muscle myosin) was found to move along actin filaments by biased
Brownian motion. However, there are various classes of molecule motors. Do they
work by the samemechanism as myosin-II? Here, we investigated class-Vmyosin, a
processive motor that transports organelles in cells.
Myosin-V has two heads, each with a long neck (6IQmotifs) [31], andmoves along

an actin filament in large steps of�36 nm [32]. This step size coincides with an actin
half helical pitch. Electron microscopy [33] and single molecule nano-scale imaging
(FIONA) [10, 34] have shown that each head of myosin-Vmoves alternately along an
actin filament with a step size (�72 nm) twice as large as that observed in a two-
headed molecule. This result indicates that myosin-V walks along the actin helical
repeats using a hand-over-handmechanism inwhich the rear head detaches from the
actin filament, diffuses to the forward helical pitch and attaches there while the front
head is still attached. But how is the diffusion of the rear head biased to the forward
target? Also, how does the rear head undergo a Brownian search for the forward
target? The diffusion of the rear head occurs very rapidly (<1ms). Therefore, the
process of the diffusion cannot be detected with a sufficient signal-to-noise ratio
using optical trapping nanometry [32] and single molecule nano-scale imaging
(FIONA) [34]. We again used scanning probe nanometry to resolve the diffusive
process of the head which had been slowed by attaching the head to a relatively large
probe [35]. To do this, we compared single myosin-V heads with short (2IQ motifs)
and long (6IQ motifs) necks to wild-type, two-headed myosin-V. Green fluorescent
protein (GFP) and Myc-tag were fused to the N-terminus and the C-terminus,
respectively. Single myosin-V molecules were captured on the tip of a scanning
probe via c-Mycmonoclonal antibody. The number of myosin-Vmolecules on the tip
of a scanning probe was counted by observing the fluorescence of green fluorescent
protein (GFP) fused to their N-terminus.Wewere able to observe the stepwise nature
of the rising phases of the displacements of myosin-V 2IQ and 6IQ heads on an
expanded time scale. The size of sub-steps was constant, �5.5 nm, independent of
the length of the neck domain (Figure 2.7a,b). Thus, myosin-V heads move along
actin monomers in a manner similar to myosin-II heads. A two-headed myosin-V
showed processive movement with �36-nm steps as previously observed by optical
trapping nanometry [32]. Furthermore an intermediate step (�18 nm) within each
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36-nm step was observed. Such intermediate steps have been previously observed
using optical trapping nanometry at high loads [32] or in the presence of 2,3-
butanedione monoxime [36]. In this experiment, the intermediate step was clearly
observed even at low loads. It is likely that the intermediate step was also slowed by
attaching the two-headed myosin-V to a large scanning probe. Figure 2.7c shows the
rising phases of the intermediate steps on an expanded time scale. The sub-steps of

Figure 2.7 Sub-steps within a displacement of
myosin-V [35]. (a) One-headed myosin-V with
short (2IQ) neck. (b) One-headedmyosin-V with
long (6IQ) neck. (c) two-headed myosin-V with
long (6IQ) necks. (d) The Hopping model for
myosin-V stepping. The rear head searches for
the actin target in the forward direction by a
hopping movement on the actin subunits

according to a potential slope along the actin
helix. Black closed circle¼ATP or ADP-Pi.
F¼ Force. The light gray band of �19 nm
indicates displacements by neck bending and its
diffusion, and the dark gray band of �17 nm
indicates directional steps on actin monomers
according to the potential slope along the actin
helix.
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�5.5 nm could also be clearly observed. Figure 2.7d shows amodel for the Brownian
search by the myosin-V head for the actin forward target.

2.4
Biased Brownian Step Model

Scanning probe nanometry showed that type-II myosin (musclemyosin)move along
actin subunits by Brownian motion. Brownian motion is random, so it should be
biased in one direction to generate unidirectional movement of myosin. Here we
consider how the Brownian motion of myosin is biased in one direction [25].

2.4.1
Asymmetric Potential

Applying the asymmetric potential model [37, 38] presented in Figure 2.8a, we
analyzed the myosin Brownian sub-steps. The activation energy of the forward and
backward directions can be described by (uþþ Fdþ) and (u��Fd�), respectively,
whereuþ andu– are theheights of the potential barriermaximumat zero load, anddþ
and d– are the characteristic distances. Assuming the Boltzmann energy distribution,
the rates in the forward and backward directions will be proportional to exp[–
(uþþFdþ)/kBT] and exp[�(u�Fd�)/kBT], respectively. Differences between the
potential barriers for the forward and backward steps at load F is given by Du�Fd
kBTln (Nf/Nb), where Du¼uþ�u� and d¼ dþþ d�¼ 5.5 nm. Figure 2.5b shows
the ratios of Nf to Nb at various loads for myosin-II. Using these ratios, Du is
calculated to be 2–3 kBT (Figure 2.8b). Thus, Brownian steps are biased by a potential
energy of 2–3 kBTat zero load, similar to the experimental results for myosin-V [35].
At Nf¼Nb, F is calculated to be 2.5 pN, which gives the maximum force at zero
velocity, consistent with thatmeasured directly (Figure 2.6).However, thismaximum
force is smaller than that estimated from the isometric force of muscle [21, 29].
Conformational changes in the myosin head coupled to Pi release may cause
additional forces [39, 40] as discussed later.
How do the myosin steps define the potential? So far, several models have been

proposed [41–43]. Here, we propose a simple model assuming more realistic
situations in which the potential slope is produced by steric compatibility between
the orientations of the binding sites of actin and themyosin head. The actin filament
has a double helical structure while the protofilament contains sevenmonomers and
rotates 180� per half helical pitch. The tail (neck domain) of the myosin head should
not be perfectly rigid so that themyosinhead attached to the probe canmove along the
actin helical pitch. However, the binding sites of actin monomers rotate along the
helix relative to the myosin head attached to the probe and hence the steric
compatibility between the orientations of the binding sites of the myosin head and
the actin should change depending on their relative positions. Thus, this steric
compatibility should result in a potential slope along the actin helical pitch. For
example, if the binding site of the head faces the right side of the actin filament fixed
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Figure 2.8 Potential profile for biased Brownian steps [25, 35].
(a) Biased Brownian steps of a myosin head along an actin
filament (upper) and asymmetric potential of the activation
energy (lower). (b) Bias potential energy at various loads.
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on a glass surface, the head could favorably bind to the actin on the right side of the
filament. But it would be unfavorable for the head to bind to the other sides (up and
left) of the actin filament because the head would be required to bend and rotate
(Figure 2.8a upper). Thus, the potential slope that declines along the forward
direction is produced along the half helical pitch (Figure 2.8a lower). In 1971,
A. F. Huxley and R. M. Simmons have proposed a famous model, so called ��71- H-S
model� that is uniquo to successfully explain dynamic behaviors of muscle such as
mechanical responses of sudden length changes [44]. This model assumes that a
myosin head undergoes multiple (2-3). Brownian steps which are biased by the
potential energy of 2.5 kBT per step and cause 4-8 nm displacement per step. This
model also assumes the rotation of the head to cause the steps but instead the steps on
actin monomers (Fig. 2.8a) could replace it. Thus, our model is eonsistent in a
quantitative manner with the �71 H-S model.
Finally, we consider the coupling between the mechanical and ATPase cycles. The

myosin head dissociates from actin upon ATP binding. The bound ATP hydrolyzes
into ADPand Pi. Themyosin head bound to ADPand Pi undergoes rapid attachment
and detachment cycles with actin [21, 29]. Themyosin head steps toward the forward
direction during the attachment and detachment cycles according to the potential
slope along the actin helical pitch.When themyosin head reaches the potential base,
the head is pulled back.Wehave proposed a strain sensormodel inwhich a part (likely
the neck domain) of the myosin molecule acts as a strain sensor and the backward
strain switches the sensor to accelerate Pi release causing a rigor complex to form
with actin and thus halting the movement [42, 45, 46]. Coupled to Pi release,
conformational changes in themyosin head take place. The changes probably initiate
isometric forces [21, 29] which rotate the actin filament [47, 48] (see below).

2.4.2
Comparison with Other Studies

Just half-century ago, H. E. Huxley and Hanson [49] and A. F. Huxley and Nieder-
gerke [50] independently discovered that muscle contraction is caused by the relative
sliding motion of actin and myosin filaments. The myosin heads project from
themyosin filaments forming links between actin andmyosin filaments. These links
are referred to as cross-bridges. The cross-bridges attach and detach in a cyclical
manner from actin filaments, a process coupled to the biochemical cycles of ATP
hydrolysis. H. E. Huxley [51] and A. F. Huxley and Simmons [44] proposed �the cross-
bridge rotationmodel�, inwhich theactinfilament is pulledalongby the rotatingof the
cross-bridges. This model had been widely accepted as a working hypothesis for
analyzing experimental data. About 10 years later, however, Yanagida [52] and Thomas
et al. [53] showed by polarizedfluorescencemicroscopy and EPR spectroscopy that the
ATP binding site and the SH1 domain, which are located in the motor domain of the
myosinhead,didnotchangetheirorientationsduringmusclecontraction, respectively.
An intramolecular bending model [54–57] was proposed as an alternative to the

cross-bridge rotation model, in which the motor domain remains unchanged while
the light chain bindingdomain (neck domain)which is distant from the actin binding
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site, bends. In the early 1990s, the crystal structure [58] of the myosin head was
elucidated showing that the neck domain which is attached to the motor domain of
the head, changed its angle relative to themotor domaindepending on the formof the
bound nucleotide. Based on these findings, the cross-bridge swinging model has
been refined to the �lever-arm swingingmodel�. Here the neck domain acts as a lever
arm and a small conformational change in themotor domain causes the lever arm to
swing resulting in large displacements of 5 to 10 nm (Figure 2.9a) [59, 60]. Many
studies have agreed that the neck domain changes its angle during both muscle
contraction [60, 61] and in vitro motility assay [62]. The observed conformational
changesmay contribute to the generation of isometric force at large loads butmay not
cause the sliding movement at smaller loads. In our bias Brownian step model
(Figure 2.9b) the conformational change in the neck domain coupled with Pi release
is not the direct cause of the swingmovement. The lever armmodel hypothesizes that
the neck domain swings parallel to the longitudinal axis of the actin filament to
directly produce displacements in the forward direction. However, several studies
using electron microscopy have suggested that the direction of the neck domain
swing is not parallel but diagonal to the longitudinal axis of the actin filament [54, 63].
Therefore, the conformational changes in the neck domain coupled to Pi releasemay
cause rotation of the actin filament, consistent with our model (Figure 2.9b).
Several studies using optical trapping nanometry have reported that the displace-

ments by chemically-modified and genetically-engineered myosin heads with various
neck domain lengths are approximately proportional to the neck lengths [64–66],
consistent with the lever arm swinging model [59, 60]. As shown in our model
(Figure 2.9b), the displacements we observed depended on the interacting length

Figure 2.9 Lever arm model and bias Brownian
model. (a) Lever armmodel. The displacement is
developed by a conformational change (lever
arm tilting), tightly coupled to the ATP hydrolysis
cycle. (b) Bias Brownian model. The myosin
head (ADP-Pi) undergoes rapid attachment and
detachment cycles with an actin filament in the
weakly binding state. The Brownian motion is
biased in one direction according to the potential
slope along the actin helix (see Figure 2.8a). The
neck domain of the myosin head acts as a strain

sensor that controls the transition from the weak
to strong binding state, coupled with Pi
release [79]. When the myosin head approaches
the forward actin target by Brownian motion, the
neck domain is pulled backward and the strain
sensor is then switched on to ensure that the
myosin head is strongly bound to the actin. The
conformational changes in the neck domain are
coupled to the action of a strain sensor which
may cause isometric force.
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between actin and the myosin head, which may include the power stroke length. The
interacting length is determined by the distance between the start and end positions of
the actomyosin interaction. Thus, the displacement (interacting length) caused by a
single event is not necessarily proportional to the neck length. In the case of other
reports, the actin filament is suspended in solution by dual optical traps and the actin
filament is able rotate [67]. Therefore, a head with a short neck may bind to actin only
whentheorientationoftheactinbindingsiterotates intoafavorablepositionforbinding
and thus the interacting length is small. A headwith a long neckmay bind to actin even
when the orientation of actin is unfavorable because the long neck would have the
elasticity to reach theunfavorablebindingsite, thus leading toa large interacting length.
Tsiavaliaris and his colleagues [68] have demonstrated, using protein engineering,

that the orientation ofmovement is reversedwhen the orientation of theneck domain
is reversed. They have argued that this result strongly supports the lever arm
swinging model, but this result is also consistent with our model because the
direction of the myosin binding sites relative to the actin helical pitch is reversed
and so the potential slope is also reversed.

2.4.3
Computer Simulation: from a Single Molecular Motor to Muscle

Howdoes the stochastic nature of individualmyosinmotors contribute to the flexible
operation of muscle? To answer this question, we performed a computer simulation
of the cooperative behavior between multiple myosin motors. We assumed that
multiple myosins are bound to ADP and Pi during most of the ATPase cycle; are
tethered to a myosin filament via elastic elements (neck domain and S2)
(Figure 2.10a,b); and move along the actin helical pitches due to a potential slope
generated by the steric compatibility (Figure 2.8a). At somepoint in time, one of these
heads releases Pi to form a rigor complex with actin (Figure 2.10b upper panel). It has
been demonstrated that the actin filament is rotated during sliding in vitro [69–71]
and during force generation in muscle [46, 47]. Since the actin filament is rotated by
approximately 90� in muscle [47], we assume that the actin filament is rotated by 90�

due to the formation of a rigor complex (Figure 2.10b upper panel). Then, an ATP
molecule binds to the rigor head to dissociate it from actin and the actin filament
rewinds to its original orientation because one end of it is fixed to the z-line
(Figure 2.10b middle panel). ADP-Pi-bound myosin heads near the bottom end of
the potential slope dissociate from actin. The unbound myosin will bind to ATP,
which is then hydrolyzed into ADP-Pi. The new ADP-Pi myosin heads bind to new
actinmonomers at the top of the potential slope. Since the potential slope is shifted by
about three actin monomers – corresponding to a 90o rotation in the actin filament –
the heads previously located at the potential bottom canmove the actin filament once
more now that they are at a higher position on the potential slope (Figure 2.10b
middle and lower panels, vertical arrows). The energy for rotating one end of a 1-mm
long actin filament by 90� when the other end is fixed to the z-line is estimated to be
16–32 kBT based on its torsional rigidity (2.6–6.7� 10�26 Nm2) [67]. This is similar to
the free energy (20 kBT) produced by the hydrolysis of one ATP molecule.
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Based on these features, we first propose a qualitative explanation for the long
sliding distance in muscle. It is known that muscle can modulate its motion
depending on the conditions. For example, the sliding distance (interacting distance)
between actin andmyosinfilaments at low loads is�ten-fold as long as that of a single
myosin motor [72–74]. How can such a long sliding distance be achieved by
the cooperative action ofmultiplemyosinmotors?Upon rewinding the actinfilament,
we consider one head that interacts with the actin filament andmoves it until the head
moves to the bottomend of thepotential slope (Figure 2.10bmiddle and lower panels).
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Then two or three heads, dissociated from actin by its rotation, interact with the actin
filament and exert force on the actin filament in the forward direction (Figure 2.10b
lower panel). Since the potential energy produced by two or three heads is sufficient to
move the first head at the potential bottom to the next forward helical pitch, the actin
filament is moved further. After that, if more than four heads interact with the actin
filament, the filament is moved again. Thus, the actin filament can potentially be
moved more than >60nm per ATP by the cooperative action of multiple heads.
In order to test this model quantitatively, we performed computer simulations

describing the cooperative action betweenmultiplemyosin heads undergoing biased
Brownian motion along the actin helical pitches. Analogously, it has been demon-
strated that collective myosin motors connected by rigid bonds to a backbone can
conduct dynamic phase transitions, such as hysteretic behavior in sliding velocity
against external loads or spontaneous oscillations in a collective manner [75, 76]. In
our model, the long (>60 nm) sliding distance per ATP at zero load was success-
fully simulated by connecting each head to a backbone via a flexible spring
(Figure 2.11) [25]. This means that muscle can modulate the sliding distance
(interacting distance) per ATP from nearly zero to >60 nm to economize energy
depending on loads. Thus, the stochastic nature of individual actomyosin motors is
important for the dynamic and adaptive operation of muscle because it can adapt to
the ever-changing demands of the muscle.

2.5
Conclusion for the Unique Mechanism of Biological Molecular Machines

Themyosinmotor does not overcome thermal fluctuation (noise) but rather utilizes it
to operate. The origin ofmotion is Brownianmotion and the chemical energy released
from ATP hydrolysis is used to bias the Brownian motion or repeat the mechanical
cycle.Molecularmotors can thus operate at an energy level as small as average thermal
energy (¼�kBT) with high efficiency of energy conversion. This is in sharp contrast to

Figure 2.10 Cooperative action of multiple
heads undergoing stochastic steps [25].
(a) Schematic diagrams of actin and myosin
filaments in skeletal muscle [80]. The actin
filament has a helical structurewith a half pitch of
36 nm. The myosin filament also has a helical
structure with a pitch of 43 nm and a subunit
repeat of 14.3 nm. Myosin heads on a myosin
filament project toward an actin filament at
43-nm intervals. In skeletal muscle, the actin and
myosin filaments are arranged in a hexagonal
latticewith one actin surrounded by threemyosin
filaments. Therefore, the number of myosin
molecules that project toward one actin filament
0.7mm long (length when fully overlapped with
myosin filaments) is approximately 50 [80].

When the actin filament is rotated by 90� [47], the
relative position between the actin helical
pitches and the myosin heads shifts by
approximately three actin monomers. The actin
slopes along the actin helical pitches are
represented by a color gradient. (b) Qualitative
explanation of the cooperative action of myosin
heads on a thick filament. Themyosin filament is
equivalently represented by a row of myosin
heads connected with springs at intervals of
43 nm. The actin filament is represented by
periodic, saw-tooth shape potentials along the
half helical pitches. Cooperative action of the
myosin heads leads to a long actin filament
sliding distance (>60 nm) per ATP (see text
for details).
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man-made devices that operate at a much higher input energy level than kBT to avoid
the influence of thermal noise. For example, the input energy level of a transistor is
�200 kBT and the energy used for processing just one bit data is �2� 107kBT in a
computer [77]. Szilard has shown by his model experiment of Brownian particles that
the minimum energy required for processing one bit data is kBTln2¼ 0.7 kBT [78].
Thus biological motors likely save energy by utilizing thermal fluctuation. However,
the action of molecular motors driven by thermal fluctuation is stochastic and
ambiguous. Although this stochastic and ambiguous nature is an impediment for
man-made machines, our computer simulations suggested that when stochastic
myosinmotors assemble to form systems likemuscle, they showflexible and adaptive

Figure 2.11 Computer simulation of multiple
head cooperative activity undergoing stochastic
steps [25]. We simulated the cooperative
behavior betweenmyosin heads under a periodic
and asymmetric potential as shown in
Figure 2.10b by numerically solving the Langevin
equation,

0¼�rdxi/dt�dU(xi,t)/dxþ F(t)�Ai,

where xi is the position of i-th myosin head;
r¼ 8.8� 103 pN/ns/nm is a drag coefficient;
F(t) is the random force obeying a Gaussian
white noise characterized by the ensemble
average, <F(t)>¼ 0 and hF(t)F(s)i¼ 2 kBT r
d(t� s), where kB is the Boltzmann constant, T is
the absolute temperature, and kBT¼ 4.1 pN/nm;
Ai is the interaction force between the
neighboring heads described as k(xi� xi�1)�
k(xiþ 1� xi), where k is the spring constant
connecting the heads. The potential slope along
the actin helical pitch was simplified to be a saw-
tooth shaped potential. The drag coefficient was
set to be larger than it is in solution so that the
velocity of the heads was equal to the maximum
velocity in Figure 2.6. Other parameters were
chosen such that (1) k was 0.1 pN/nm, which is
approximately one tenth as large as that of a rigor

crossbridge; (2) the ratio of the potential rise to
decline was 1 to 6 and the depth of the potential
at the bottom was 2 kBT; (3) the pitch of the
potential and the average intervals of myosin
heads were 36 and 43 nm, respectively;
(4) thenumber of heads interactingwith the actin
filament was 11 (�20% overlap between actin
and myosin filaments); (5) the rotation angle of
the actin filament was 90�; and
(6) the rate constant (kþ ) for the rebinding
of the heads to actin after the rewinding of the
actin filament was 100 s/head. The potential
slope was assumed to be smaller than that
estimated in the present experiment. The strain
exerted on the neck domain would be much
smaller during free shortening in muscle
because the head is tethered to the myosin
filament via a flexible a-helix (S2), while the head
is directly attached at its tail end to the probe in
thepresentmeasurement system. Thus, because
the strain is smaller, so too is the potential slope.
(a) Schematic graph of the potential function,
U(x). (b) A typical time course of the movement
of an actin filament. (c) Histogram of the sliding
distance of actin filaments per ATP. The average
sliding distance of actin filaments was 58.4 nm
per ATP.
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motion depending on the conditions. In conclusion,molecular machines save energy
byutilizing thermalfluctuation and the resulting stochastic nature is skillfully used for
the flexible and adaptive operations necessary in biological systems.
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3
Imaging and Molecular Motors
Yale E. Goldman

3.1
Introduction

Molecular motors, the enzymes that power cellular motions and determine cell
shape, have long been productive subjects for development of new techniques in
biophysics research [1, 2]. Many of the techniques described in this book, examining
forces, localization and structure of singlemoleculeswerefirst described in studies of
molecular motors. For instance, one of the early reports of detection of single
fluorescent molecules was made by T. Yanagida and his colleagues using myosin
and a fluorescent analog of ATP binding to its active site [3]. The first biological
application of infrared optical traps by Block, Berg, and their colleagues was for
studies of the bacterial flagellar rotarymotor [4]. Consequently, our understanding of
these cellular nano-machines has beenmarkedly accelerated by the development and
availability of single-molecule mechanical and imaging methods.
There are several reasons for the synergy between these techniques and the

molecular motor field. Firstly, the primary functional outputs of active molecular
motors are forces and displacements, signals particularly amenable to detection
using optical traps, scanning probes, and fluorescence microscopy. The forces,
motions and dynamics are all within ranges accessible using the single-molecule
techniques summarized in this book. Transduction of metabolic energy into me-
chanical work is accomplished in molecular motors by internal structural changes,
such as rotational motions and sliding, that are particularly large and detectable.
Conversely, the output of molecular motors, such as local positions, spatial orienta-
tions and fluctuations, are obscure in isotropic suspensions. Many of the motor
systems operate virtually on their own, making it difficult for them to be synchro-
nized for ensemble studies. Motor research thus needs single-molecule techniques,
and single-molecule biophysics has benefited from progress on molecular motors.
In this chapter, single molecule fluorescence imaging techniques that have been

applied to the three classical molecular motors, myosin, kinesin and dynein, are
described and the information garnered is briefly summarized. Reconstitution of
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motility with purified proteins has been a very powerful approach toward under-
standing the necessary components and their interactions. With molecular motors
attached to the microscope slide, the appropriate cytoskeletal filament can be shown
to translate in semblance to their relativemotion in a cell. This approach is termed the
�gliding filament assay� and is a commonmethod of documenting direction, velocity
and regulation of all three molecular motors [5, 6]. Strongly labeled fluorescent actin
filaments or microtubules can be visualized and their motions tracked with a
standard epi-fluorescence microscope. If the filament is attached to the microscope
slide or otherwise immobilized, then themotor can bemanipulated by attaching it to
a small polymer (e.g. lucite or polystyrene) bead that serves as an easily visualized
marker for motion and can also be used as a handle for manipulating the motor or
applying a force. Bead assays on laser traps are discussed in detail elsewhere in this
book.
The present chapter emphasizes methods to visualize single molecular motors in

actionwithout attaching large cargos. Themost commonstrategy is to label themotor
with a fluorescent probe and detect the individual fluorophore in vitro in a geometry
that reconstitutes the motor activity. Methods for labeling protein components by
extrinsic fluorophores or expressing them coupled to green fluorescent protein or its
derivatives have received enormous attention because observing ensembles of these
fluorescent markers, their locations, dynamics and interactions is a predominant
approach in cell biology [7]. Techniques for attaching fluorescent tags and the
essential step of testing for functionality after labeling have been described in detail
in many contexts [8, 9]. Small organic fluorophores, auto-fluorescent proteins, such
as GFP, and semiconductor quantum dots have been used as markers. For motor
research on individual molecules, the labeled component is usually visualized in a
glidingfilament assay orwhile it is translating on a cytoskeletalfilament track that has
been immobilized in the microscope. Techniques to detect single molecular motors
or motions of their cargos in live cells are discussed towards the end of the chapter.
Single fluorescent probes have been visualized at much higher precision than the

diffraction limit of classical optical microscopy and their functionally relevant
translational and rotational motions have been recorded in vitro. Sub-pixel localiza-
tion of single probes has been generalized into methods to obtain images of non-
motor cellular structures at much finer resolution than previously thought possible.
In this way, the single-molecule imaging techniques first described with regard to
molecular motors are having broader impact in cell biology.

3.2
Methods

3.2.1
Detection of Single Fluorophores

A macromolecule is labeled with a fluorescent probe, checked that it still functions
normally, and placed in an assay that demonstrates its activity. An example is a
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molecular motor propelling a cytoskeletal filament on the surface of a microscope
slide. In order to image single fluorescent probes and tomeasure parameters that are
relevant to the functional mechanism of the target molecule, the detector needs to be
sensitive enough to respond to the limited fluorescence emission from the probe and
the intensity of fluorescence from non-specific sources and other sources of noise
must be minimized.
To keep the intensity of extraneous background below thefluorescence of the target

molecule, several approaches are used. Samples prepared for in vitro work are
assembled onto very clean microscope slides [10] in a clean environment and with
reagentsfiltered to removedust and aggregates.Once the sample is placed into a glass
microscope slide flow cell for microscopy and sealed, the cleanliness of the micro-
scope itself is not as critical. The sample volume in which fluorescence is detected is
minimized to reduce background fluorescence from outside that region. A common
way of achieving a shallow excitation volume at the sample surface is termed Total
Internal Reflection Fluorescence (TIRF) microscopy [11]. When the fluorescence
excitation, typically a laser beam, is directed at a very glancing angle toward the
interface between the aqueous medium and a glass or fused silica microscope slide,
all of the light is reflected there and no energy is propagated into the sample chamber.
Due to the boundary conditions in Maxwell�s equations for electromagnetism that
require continuity of the electric field (more properly, the electrical displacement
vector), a non-propagating, oscillating electromagnetic field is generated at the
interface and only extends a few hundred nanometers into the aqueous medium.
This so-called �evanescent wave� will excite fluorescent probes that are at or near the
surface. Its limited reach into the rest of the flow chamber, however, prevents
excitation of any non-bound sample molecules or contaminants, thus keeping the
background intensity very low. The first report of the optical detection of single
myosin molecules used TIRF microscopy [3].
The fluorescent detection volume is also highly restricted in confocal microscopy

[12], and confocal imaging of singlemolecules diffusing in solution has been reported
[13–16]. Formolecules that are attached to a substrate and for those that exhibit lateral
motions (motor proteins), the evanescent wave at the slide surface is ideal. Further
characteristics of evanescent waves are described later.
Figure 3.1 shows two optical arrangements used for imaging single molecules by

TIRF microscopy. In an objective-type total internal reflection fluorescence micro-
scope (Figure 3.1A), a carefully collimated laser beam is projected by lens L1 and
mirror M1 onto the back focal plane of the microscope objective. L1 is located one
focal length away from the back focal plane and generates a beam waist there. The
microscope objective is designed with a high converging power. Its numerical
aperture, NAo¼ n1 sin(qmax), where n1 is the index of refraction of the cover slip
(typically ng¼ 1.515 for glass) and qmax is the angle, relative to the optical axis, that the
objective lens refracts rays entering at the margin of its aperture. Microscope
objectives, designed for this purpose, with numerical apertures from 1.45 to 1.63
are produced by several manufacturers. The input light is recollimated by the
objective so that the rays of the exciting beam are parallel to each other at the sample
plane.When themirrorM1 is translated in the direction shown by the double-headed
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arrow, the laser beam in the microscope objective moves laterally maintaining its
direction of propagation parallel to the optic axis. When the beam at the back focal
plane reaches a critical radius (explained further below), then the incident angle is
large enough to reflect all of the energy at the interface, and the non-propagating
evanescent wave extends a few hundred nanometers into the aqueous sample
compartment. Commercial objective-type TIRF illuminators are also available that
use a movable fiber optic source instead of L1 and M1.
In prism-type TIRFmicroscopy (Figure 3.1B), the evanescent wave is generated at

the opposite side of the sample compartment from the objective. The collimated
excitation laser beam is projected through a fused silica slide or prism to the aqueous
interface. Quartz or fused silica is used for this purpose because its intrinsic auto-
fluorescence is lower than that of glass. Polarization of the evanescentfield is easier to
predict with this arrangement, but it adds complexity. The imaging objective in this
case ismeant to operate at a longer working distance through the water of the sample
chamber, reducing the maximum NAo and brightness.
In either arrangement, fluorescent material located at the reflecting surface is

excited by the oscillating electromagnetic field and emits fluorescence. The emission
is collected by the objective lens and is projected onto the photo-detector, either a
camera or a photo-diode. Fluorescence frommaterial suspended in the medium but
within the 100–200-nm extent of the evanescent wave also contributes to the image.
This effect poses an upper limit of approximately 50 to 100 nM on the concentration
of fluorescent substrates or other fluorescent ligands that bind to the protein
immobilized on the surface. An approach to circumvent this limitation is to use

Figure 3.1 Optical arrangements used for imaging single
molecules by total internal reflection fluorescence microscope
microscopy. A, objective-type TIRF microscope. B. prism-type
TIRF microscope. The clear regions between the glass slides and
the tapes are the flow chambers. The sample is located on the
bottom cover-slip in A and the top cover-slip in B.
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microfabricated metal barriers to further restrict the fluorescence excitation
volume [17].
Imaging cameras and spot detectors with the sensitivity to record single molecule

emission are commercially available. A type of imaging detector that has come into
wide use for single molecule fluorescence microscopy is the Electronic Multiplying
Charge-Coupled Device (EMCCD). Thinned chips, illuminated from the side of the
silicon wafer opposite to the detector junctions (back-illumination), result in increas-
ing the quantum efficiency of converting photons into charge carriers to above 90%.
The electron-multiplying shift register increases the gain (output signal/input light)
several hundred-fold while introducing very little noise [18], and thereby effectively
reduces the contribution to noise associated with reading the photo-electron count
from the detector. Cooling the detector chip from �30� to �70� C reduces the dark
current. These features have the result that the main source of noise in the image is
the probabilistic nature of detecting limited numbers of photons (shot noise). Several
manufacturers supply EMCCDcameraswith 512� 512 pixel arrays reading out up to
30 full frames per second.
Single spot photon counting detectors, such as avalanche photodiodes (APDs),

have much higher time resolution (>1MHz) than imaging cameras and high
quantum yield extending to longer wavelengths. They do not need to be cooled,
simplifying construction and reducing their cost. Background count rates as low as
10 counts per second allow counting of photons arriving significantly above this
rate [19]. Limitation to a single position in the microscopic field is a disadvantage
because typical experiments result inmany individualmoleculesworth recording per
microscopic field. A spot detector also requires very accurate motion of the micro-
scope stage to position an individualmolecule conjugate toward the detector [20]. For
molecular motor research, the molecules of interest move during the experiment,
and localizing them in line with a spot detector is only a temporary condition. Thus
cameras, mostly EMCCDs, have dominated the experiments. For other research
areas inwhich themolecules of interest can diffuse into a limited observation region,
spot detectors are used [16]. Arrays of photodiodes are becoming available that retain
high time resolution with single-photon counting sensitivity.
Snell�s law for refraction at an interface is n1 sin q1¼ n2 sin q2, where n1 and q1 are

the refractive index (ng¼ 1.515) and incident angle in the glass, and n2 and q2 are the
refractive index (nw¼ 1.33) and refracted angle in the aqueous medium. Angles
are relative to the optical axis. Figure 3.2A shows the directions for a series of incident
and refracted rays at various angles depicted by different colors. Because n2 < n1,
q2 > q1, the refracted rays are bent away from the optical axis. At a certain critical angle
of incidence, qc¼ sin�1(n2/n1), where sin q2¼ 1, the refracted raywould be parallel to
the interface (a ray at a slightly higher angle than the blue ray in Figure 3.2A). At
q1 > qc, there is no real solution for q2, resulting in total internal reflection (purple
ray). For cover slip glass andwater the critical angle is qc¼ sin�1 (1.33/1.515)¼ 61.4�.
The numerical aperture of the objective required to obtain higher illumination angles
is greater than a critical value, NAc¼ ng sin qc¼ ng sin (sin�1(nw/ng))¼ nw. Thus,
TIRFobjectivesmust haveNAo substantially greater than 1.33, the index of refraction
of water. Another point that follows from this relationship is that the coupling fluid
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between the objective lens and the cover glass needs to have a higher refractive index
than water, for instance immersion oil matching the index of the glass or glycerol,
n¼ 1.47. A water immersion objective will not work.
Placement of the illuminating beam waist near the NA-limiting aperture at the

back focal plane of a 1.45-NAo objective, to obtain total internal reflection, is shown
in Figure 3.2B, drawn approximately to scale. The view is along the optical (z) axis
toward the back focal plane aperture (upward in Figures 3.1 and 3.2A). The black
region is the clear aperture. For a lens that is well corrected for spherical aberration,
an incident ray, traveling parallel to the optical axis into the objective, and refracted
by the objective to an angle q1 at the sample, has a radial position, h¼ fo sin q1 where
fo is the focal length of the objective. Contrary to intuition, this sine relationship (not
tangent) is valid even at large q1 [21]. Combining the sine condition with the
definition of numerical aperture leads to NAe¼ hn1/f0. The radial position
away from the optic axis is thus linearly proportional to the effective NAe of any
incident ray.
As a practical example, consider a 100� microscope objective with foffi 2mm.

The dashed lines in Figure 3.2B and C indicate the minimum radius, hc¼ 1.33
� 2mm/1.515¼ 1.756mm, for illumination at the critical angle for TIRF. The
limiting aperture of the 1.45-NAo objective at the back focal plane is hmax¼ 1.914
mm, giving a 158 mm band for the incident light. Using a converging lens (L1 in
Figure 3.1A) with 500mm focal length and a 30-mm sample field illuminated at
l¼ 532 nm, L1 and the objective lens form a Keplerian telescope. The beam at the
field stop (Figure 3.1A) is dL1¼ 500�30 mm/2¼ 7.5mm in diameter. At the beam
waist inside the objective, the intensity distribution is termed an Airy disk, which is
a centro-symmetric peaked function, the circular equivalent of the function

Figure 3.2 Optics near themicroscope objective
in TIRFmicroscopy. A, light rays approaching the
objective at various offsets from the optical axis
(different colors) are projected by the
microscope objective onto the glass/water
interface at different angles. Beyond the critical
angle (blue ray) the light is totally reflected
(purple ray). B, view of back focal plane from

below. The black circle is the clear aperture of the
1.45 NA water immersion objective. The dashed
circle shows the radius corresponding to the
critical angle for total reflection. C, enlarged
region of B. The green circle and fringes depict
the Airy disk of light intensity produced by lens L1
in Figure 3.1. Panels B and C are drawn
approximately to scale.
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sin2(x)/x2 [22]. It is similar to a two-dimensional Gaussian shape with small fringes
added around the periphery. The minimum between the main peak and the first
fringe has a diameter of d0¼ 3.28lfL1/dL1¼ 116 mm, which fits comfortably within
the NAe limits of 1.33 and 1.45 as shown in Figure 3.2B and C. The portion of the
outer fringes at NAe lower than 1.33, resulting in light propagated into the sample
compartment contains approximately 2% of the total energy. Similarly the outer
fringe scattered by the aperture is�2%. In this example, then, 96% of the energy is
totally reflected as intended. Objective lenses with NAo even higher than 1.45 are
desirable to bring the incident beam farther away from the 1.33 NAc critical radius,
but some of them require special coupling fluids and special materials for the
specimen slides. Lenses from Olympus, Inc. and the Nikon, Inc, with NAo values
1.45–1.49 have come into broad use for single molecule TIRF experiments.
The component of the incident radiation that scatters off of optical surfaces in

the microscope toward the detector is several orders of magnitude greater than the
single-probe fluorescence emission. Care must be taken to block this back-scattered
excitation from reaching the detector. The dichroic mirrors and interference filters
commonly used in standard epi-fluorescence microscopy discriminate wavelengths
sufficiently well that background radiation at the excitation wavelength is usually not
a difficulty. Fluorescence from themicroscope objective, glass slides and other optics
in the excitation path, can sometimes give significant background intensity. The
optical train should be designed with these factors in mind.
The intensity of the evanescent wave decays exponentially with distance, z,

from the reflecting interface, I¼ I0 exp(z/d), where I0 is the intensity at the slide
surface and the spatial decay constant d, also termed the penetration depth, is given
by [11]

d ¼ l= 4p
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
n21sin

2q1�n22

q� �
¼ l= 4p

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
NA2

e�n22

q� �
ð3:1Þ

where l is the free-space wavelength and NAe is the effective numerical aperture of
the excitation rays. The decay parameter is plotted versus NAe in Figure 3.3A,

Figure 3.3 Relationships between the effective numerical
aperture (NAe) of the incident light and the penetration depth
(A) and the light intensity in the evanescent wave at z = 0 (B). The
upper and lower lines in B are plotted for p- and s-polarized
illumination.
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showing that very near NAc¼ 1.33, the penetration depth of the evanescent wave
is several hundred nanometers, but in the usable range of incident directions,
NAe¼ 1.4 – 1.49, d is approximately 100 nm.
The intensity of the evanescent wave at the interface, I0, depends on polarization of

the incident illumination. The plane containing the incident and reflected beams is
termed the �scattering plane�, the x–z plane in Figures 3.1 and 3.2. s-Polarization is
defined as excitation linearly polarized (with its oscillating electric field) perpendi-
cular to the scattering plane. p-Polarization is excitation linearly polarized parallel to
the scattering plane. The intensity of the evanescent waves at the interface for the two
polarizations are

sI0 ¼ sE
24

n21cos
2ðq1Þ

n21�n22
¼ sE

24
n21�NA2

e

n21�n22
ð3:2Þ

pI0 ¼ pE
24

n21cos
2ðq1Þð2n21sin2ðq1Þ�n22Þ

n42cos
2ðq1Þþn41sin

2ðq1Þ�n21n
2
2

¼ pE
24

n21ðn21�NA2
eÞð2NA2

e�n22Þ
n42n

2
1�n42NA

2
eþn41NA

2
e�n22n

2
1

ð3:3Þ
where sE and pE are the electric field magnitudes for the two polarizations. The
expressions for p-polarization are more complex than for s-polarization because
p-polarized excitation generates an elliptically polarized evanescent wave, explained
further in the Section 3.2.7. Plots of these functions (Figure 3.3B) show that the pI0 is
approximately30%greater thansI0(whensE¼ pE), theyaregreatestnearNAc,andthey
both decrease nearly linearly as NAe increases. In the range of NAe¼ 1.4–1.49, the
evanescent wave intensities are approximately 1.5–2.5-fold greater than sE

2 and pE
2.

For general imaging and localization of individualfluorophores, the polarization of
the evanescent wave should not select particular molecules over others. Therefore,
the incident beam is often circularly polarized. If the positions of lens L1 andmirror
M1 are reversed, andM1 and the objective back focal plane are both one focal length,
fL1, away from L1, then instead of moving L1, rotating M1 causes parallel translation
of the beam inside the microscope objective. This arrangement provides a means
for rapidly altering the incident angle which, in turn, alters the intensity and
penetration depth.
Figures 3.7, 3.9 and 3.14 show images of single fluorophores labeling various

molecular motor proteins. Each bright spot of fluorescence in the images is
determined to be an individual fluorophore or several fluorophores on onemolecule
based on their surface density as the quantity loaded on the surface is varied, the
distribution of fluorescence intensities (single component, two components, etc.)
and suddendecrease of thefluorescence to a background level due to photobleaching.
The location, spatial orientation, interactions of these spotswith other components of
the system and response to mechanical forces are parameters that can elucidate the
functional mechanisms of the molecules under study. The quality of these signals
depends critically on the brightness, steadiness andmaintenance of the fluorescence
emission.
Bright fluorophores, efficient, high-aperture collection optics, high transparency

emission filters, the quantum efficiency of generating charge carriers per photon
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captured by the detector and low noise amplification or counting of the photoelec-
trons all contribute to increasing the signal. Removal of scattered excitation and
spurious fluorescence by spectral filtering and by limitation of the detection volume,
as described above, reduce the background. Interactions of the probe with the optical
excitation and the chemical environment also determine the variability and longevity
of the emission. Organic fluorescent probes, semiconductor nanocrystals (quantum
dots) and auto-fluorescent proteins (GFP and its variants) all exhibit photophysical
processes in the electronically excited state that lead to reversible and irreversible dark
states, termed blinking, flickering and photobleaching [23]. Studies of the mechan-
isms of these phenomena are outside the scope of this chapter, but their
consideration is an important aspect of designing all single-molecule imaging
experiments. Photoisomerizations, long-lived triplet states, redox reactions, proton-
ation and breaking of covalent bonds contribute to these fluorescence changes for
different probes. Various schemes for minimizing the photobleaching rate are
addition of enzymatic oxygen scavenging systems, such as glucose oxidase, catalase
and glucose [24, 25], reducing agents, such as b-mercaptoethanol or dithiothreitol
and triplet state quenchers, such as Trolox [26]. These agents also strongly modulate
the dynamics of fluorescence blinking and flickering, making the choice of anti-fade
reagents and even their supplier [27] important considerations.
At a given frame rate and chemical environment of the fluorescent probe, the only

other parameter that modulates the signal magnitude is the power of the illumina-
tion, which directly controls the emission rate. In a typical fluorescence microscopy
experiment, the fluorophores are far from optical saturation (the condition where a
substantial proportion (e.g.�20%) of the fluorophores are excited at any instant), so
increasing the excitation intensity proportionally increases the emission flux.
The quantum yields for photobleaching and for some of the flickering mechanisms
are also approximately constant, causing the photobleaching rate to increase
proportionally with incident light intensity as well. An input laser power is used
that achieves a compromise between the magnitude of the fluorescence signal,
kinetics of flickering and duration of recording before photobleaching that ends the
experiment.
The emission intensity per camera frame from a single rhodamine fluorophore

under constant TIRF excitation and with effective deoxygenation (Figure 3.4A) is
fairly constant until it decreases suddenly to a much lower background value (at 50
s in this experiment). The �10% frame-to-frame variation of the signal is due to
non-steady excitation rate due to laser noise and mechanical vibrations that shift
fringes in the TIRF illumination, fluorophore blinking, and the statistics of
counting the photons. The sudden decrease represents the irreversible photo-
bleaching of the fluorophore to a non-fluorescent state, presumably with altered
chemical structure. Approximately 105 total photons were collected and registered
by the camera before the photobleaching event. Given the likely collection
efficiency of the optics (10%), quantum yield of the camera (0.9) and fluorescence
quantum yield of the rhodamine itself (0.5), this number of detected photons
represents >106 electronic excitation/de-excitation cycles of the fluorophore. The
constant emission rate, occupying a relatively narrow distribution and the sudden
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photobleaching in one step, indicate that the emission is from an individual
probe.
When two ormore probes occupy the same picture element, the intensity is higher

(not always by an integer multiple, due to quenching by energy transfer) and the
photobleaching occurs in multiple steps (Figure 3.4B–F). For oligomeric complexes,
it is possible to estimate the number of components from the number of bleaching
steps [28–30]. Detection of individual fluorescent molecules or small groups
has become straightforward with commercially available or readily constructed
instrumentation. The research effort now has shifted toward obtaining useful,
mechanistically relevant, biological information.

3.2.2
Sub-Diffraction Localization of Fluorescent Molecules

Single molecule imaging has overcome the limit of spatial resolution in optical
microscopy that was formerly thought to be insurmountable. The location of
individual fluorophores can be determined with an uncertainty of a few nan-
ometers, a range readily suited to studying the 8–36-nm stepping motions of
molecular motors. In a fluorescence microscope, the emission from a point source
is broadened at the detector due to diffraction and aberrations in the microscope
optics. The point spread function (PSF) of the microscope is the apparent spatial
distribution of the origin of the photons emitted from a source with essentially
infinitesimal size, such as an individual fluorescent probe. Generally, the PSF is a

Figure 3.4 Discrete photobleaching of small numbers of
fluorophores. A, single bifunctional rhodaminemolecule lasts 50 s
under illumination in oxygen-depleted buffer (from ref. [27]). B-F,
intensity traces for bleaching of one to five Cy3 pRNAmoleculae in
a viral packaging motor (from Ref. [28]).
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three-dimensional function but in TIRF microscopy at the focal plane, variations
along the optical axis are not relevant. The theoretical PSF for a well-focused
individual fluorophore is an Airy disk, similar to a two-dimensional Gaussian
shape, as described earlier. At visible optical wavelengths and with a high-aperture,
well-corrected objective lens, the full width at half-intensity of the PSF is� 250 nm.
This value sets the classical lower limit of spatial resolution in optical microscopy
for resolving nearby objects. When two objects are closer than this distance, their
emission distributions overlap and they appear fused.
An additional piece of information about the object, however, can enable its

location to be determinedmuchmore precisely than 250 nm. If the object is known to
be a single sub-resolution emitter, such as a single fluorescent probe, then its lateral
(x–y) location can be determined from the detected distribution of emission intensity
with precision considerably less than classical resolution and less than the pixel size.
This idea has become known as Fluorescence Imaging to One Nanometer Accuracy
(FIONA). For an optically well-corrected image of an in-focus or unpolarized point
emitter, the center of the recorded intensity distribution corresponds to the physical
position of the probe at sub-pixel resolution. Several groups utilized this idea to
localize fluorescent spots to within tens of nm [31, 32] and P. R. Selvin and colleagues
first achieved precision of 1–2 nm [27]. FIONA and its derivatives have been reviewed
in [33].
The theoretical uncertainty, sm, of position in a FIONA experiment is given

approximately by [32]

smi ¼
ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
s2i þ a2=12

N
þ 8ps4i b

2

a2N2

s
ð3:4Þ

where the index i refers to the x or y direction, si is the width (standard deviation)
of the image intensity distribution in direction i, N is the number of collected
photons, b is the standard deviation of the background, including photon
counting statistics and camera readout noise, and a is the pixel size of the
imaging detector. The first term (s2i =N) is the photon noise; the second term is the
effect of the finite detector pixel size of the detector; and the last term is the effect
of the background. This relation assumes that other sources of error, such as
mechanical vibrations and thermal drift in the microscope are negligible. As can
be seen from this expression, when the pixel size, a, becomes smaller than sx and
sy, the effect of pixelation on position uncertainty is small. Practical values of the
pixel size for sx, sy¼ 120 nm are 75–150 nm referred to as the sample plane. For a
camera with 13-mm square pixels, this situation corresponds to overall magnifi-
cation of 80–170. Figure 3.5A shows how the expected uncertainty (standard
deviation, sm) in determination of position decreases as the number of photons is
increased in a practical situation with 0.5-s image integration, s.d. of the
background b¼ 11–33 per pixel, and effective pixel size of a¼ 86 or 43 nm [27].
With the lower background, a precision of sm¼ 1.5 nm is reached when the image
accumulates 11 000 photoelectron counts. In this condition, 80% of the uncer-
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tainty is due to the first term under the radical in Equation 3.1, 2% is due to the
second term, and the remainder is due to the third term, the background noise.
Several laboratories have achieved this value of stability in localization at nearly
the theoretical numbers of collected photons [27, 34]. If b increases three-fold,
then the effect of the background becomes more significant (blue curve in
Figure 3.5A). Higher magnification and reducing the pixel size further, also
increases sm, because, as the last term in Equation 3.3 shows, the broader spread
of the image over more pixels causes background from those extra pixels to
contribute uncertainty.
The FIONA method has contributed toward understanding the stepping

mechanism of the molecular motors as described later in this chapter (Figures 3.10
and 3.12). Several new methods with entertaining acronyms which have been
derived from FIONA, and have been useful for studying molecular motors
are explained here. Those for general cellular imaging are mentioned at the end
of the chapter.

Figure 3.5 Characteristics of FIONA and
SHRImP. A, theoretical positional uncertainty
(standard deviation) of a single fluorophore vs.
number of photons counted per imaging period
(text equation 3.4). a = pixel size, b = standard
deviation of the background intensity. B, peak
fluorescence intensity from two nearby GFPs
labeling the two heads of a myosin VI molecule,

and displaying two-step photobleaching. C point
spread function (PSF) of the fluorophore pair. D,
PSF of the GFP remaining after the first
photobleaching event. E, the difference between
C and D gives the PSF of the GFP that bleached
first. Positions of the peaks in D and E give the
distance between the fluorophores. Panels B-E
are from Ref. [111].
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3.2.3
Darkfield Imaging with One Nanometer Accuracy (DIONA)

Darkfield microscopy is similar to the optical arrangement shown in Figure 3.1B
using a high numerical aperture condenser to illuminate the specimen with
high-angle glancing rays, but at lower angles relative to the optical axis so that the
incident light propagates obliquely into the sample compartment. The viewing
objective has a lower NAo than the condenser, so the oblique illumination is not
collected unless the light is scattered by the sample. Several groups have placed gold
nano-particles on their macromolecules which scatter light effectively, producing
bright spots on the dark background, similar to a fluorescent emitter, but not limited
by excited state lifetime, photobleaching or blinking [35, 36]. The number of collected
photons is limited only by intensity of the illumination and the scattering efficiency of
the particle. With 40-nm gold aggregates, sm¼ 6 nm noise was obtained at 300-ms
sampling intervals. With 200-nm plastic beads a time resolution of 20ms was
achieved [37]. An application of this method to the events during myosin stepping
is described in conjunction with Figure 3.12.

3.2.4
Single-molecule High Resolution Imaging with Photobleaching (SHRImP)

Photobleaching can be made into an advantage for measuring the distance between
two fluorophores. When a sample molecule contains several identical fluorescent
probes that are located too close together to resolve directly, they produce a PSF
similar to a single fluorophore, but more intense (Figures Figure 3.3B–F and
Figure 3.5C). The two fluorophores bleach sequentially (Figure 3.5B) and the point
spread function from the longer-lasting probe (panel D) can be subtracted from the
original two-fluorophore distribution (panel C) to generate the PSF from the shorter-
lived probe (E). Fitting the two single-fluorophore distributions to Gaussians locates
them with the usual FIONA precision, and the difference in positions gives the
original distance between the two probes. This �SHRImP� method complements
another more commonly used technique, to be described later, Fluorescence Reso-
nance Energy Transfer (FRET) for quantifying single molecule distances. Whereas
FRET between two spectrally matched fluorophores is ideal in the distance range
2.5–7.5 nm, SHRImP allows distances to be estimated at any separation, approxi-
mately 10 nmand above [38]. Application of thismethod tomyosin VI is given later in
this chapter. As described, the technique is limited to static measurements because
photobleaching is irreversible. This limitation might be avoided by applying
SHRImP to probes that blink.

3.2.5
Single Molecule Fluorescence Resonance Energy Transfer (smFRET)

When two fluorescent probes, such as Cy3 and Cy5, with overlapping emission and
absorption spectra are near to each other, the energy of optical excitation of the shorter
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wavelength probe (Cy3) can be transferred to excite the longer wavelength probe
(Cy5) without radiation of an intermediate photon. The FRET technique is well
developed at the single molecule level, especially for nucleic acid processing
enzymes. It is explained in more detail in Chapter 11 of this book. For example,
when Cy3, termed the donor, is illuminated with 514-nm laser light, instead of
fluorescing at its 570 nm emission wavelength, its excitation energy can sometimes
be transferred to nearby Cy5 probes (the acceptors). The energy transfer ismonitored
by Cy5 fluorescence at 670 nm. After correction for various spectral properties and
cross-over between the excitation and detector channels, a quantity termed FRET
efficiency is calculated, E¼ IA/(ID þ IA), where ID and IA are the donor and acceptor
fluorescence intensities. Among other factors, E depends on the distance, r, between
the two fluorophores in the useful range of 2.5–7.5 nm according to E ¼ r60=ðr6 þ r60Þ
where r0 is the distance at which E¼ 0.5, which is r0¼ 5.3 nm for the Cy3–Cy5 pair.
An example single molecule FRET experiment with kinesin is given in Figure 3.13
and explained later in the chapter.

3.2.6
Orientation of Single Molecules

Tilting and rotations ofmolecular domains are crucialmotions in themechanisms of
many protein and RNA enzymes [39, 40]. Spatial orientation of protein domains are
especially important inmolecularmotor research because the key structural changes
leading to movement are commonly attributed to tilting of protein domains, as
described below for myosin and kinesin. Quantifying angle changes in ensemble
systems, though, can be very difficult. For example, during contraction of muscle
fibers, most of the myosin heads are not attached to actin and have nearly random
angular distributions [41]. Concerted rotationalmotions among the small proportion
that are attached to actin are difficult to detect against the disordered background.
Single-molecule fluorescence microscopy, on the other hand, provides sufficient
sensitivity to detect absolute orientation and tilting on the millisecond time scale
relevant to the function of the molecular motor. A bright extrinsic fluorophore is
inserted into the structure by site-specific labeling and changes in the orientation of
the fluorophore are considered to signal the rotational motions of the macromole-
cular domain. When the orientation of the probe is known relative to the attached
domain, the absolute orientation in space can be estimated [42, 43]. The relative
orientation between the probe and the protein can be preprogrammed into the
structure by the placement of the labeling sites [42, 43] or it can be determined by
crystallography [44], NMR spectroscopy [45] ormolecular dynamics calculations [46].
Single molecule measurements of orientation and tilting motions have been
reviewed in [39, 40, 47, 48].
Three related physical properties of afluorescent dipole enable determination of its

spatial orientation: (1) the relative absorption of light polarized in various directions,
(2) the angular directions of its emitted photons, and (3) their polarization. The
likelihood that a chromophore will absorb a photon is proportional to cos2 qa, where
qa is the angle between the photon�s polarization (direction of the oscillating electric
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field) and the absorption dipole moment. When a polarizer is introduced before a
narrow aperture detector, the likelihood of registering the emitted photon is given by
cos2 qe, where qe is the angle between the fluorophore emission dipole and the
detector polarization. In xanthene-derivative dyes, such as rhodamine, and cy-dyes,
such as Cy3, the absorption and emission dipoles are aligned with the long axis of the
chromophore.
Several groups have used excitation light circularly polarized in the plane of the

microscope slide (the x–y plane) and separated the fluorescence emission polarized
along the x and y axes [15, 49]. With this optical arrangement, the ratio of intensities
between the two detectors, corrected for any differences in their sensitivity, gives a
signal, independent of total intensity, but sensitive to the angle (f) of the emission
dipole projected onto the x–y plane. At fluorophore angles giving f of 45� or – 45�,
the two recorded intensities are equal; angular discrimination away from 45� or– 45�

depends on differences between the two intensities. For a given average angle,
rotational mobility (wobble) of the probe or of the macromolecule causes the two
recorded signals to becomemore equal, so the signals aremixtures of themean angle
and extent of mobility. This optical arrangement does not provide information
regarding the fluorophore angle (qp) relative to the optical axis, because both
the exciting and detection polarizations are in the x–y plane. Nevertheless,
interesting and useful information about motions within molecular motors were
obtained [15, 49].

3.2.7
Polarized Total Internal Reflection Fluorescence Microscopy (polTIRF)

In polTIRF, the orientation of the fluorophore is detected by illuminating the sample
with linearly polarized light at various known angles and resolving the polarization of
the fluorescence emission. In our implementation of this scheme, Pockels cells are
used to rapidlymodulate the path and polarization of a laser beam in an objective-type
or prism-type TIRFmicroscope (Figure 3.1). Four different combinations of scatter-
ing plane (either x–z, or y–z) and polarization (either s- or p-) are applied during
successive 5–10-ms intervals. In Figure 3.6, the x–z direction is indicated as Path 1
and y–z direction is labeled Path 2. For each of these input directions, the s-polarized
excitation beams produce x- or y-polarized evanescent waves. The p-polarized
excitation beams produce strong z-polarized evanescent waves with small, out-
of-phase components (5–10% intensity) along the x or y directions [11]. These four
combinations of optical path and polarization give evanescent waves polarized along
all three Cartesian coordinates (Figure 3.6). In a typical experiment on molecular
motors, cycles of the four combinations are completed every 20–40ms by alternating
the voltages on the Pockels cells.
A bright water-immersion objective, a polarizing prism, and two avalanche

photodiodes (APDs) collect the x-polarized and y-polarized fluorescence emission.
The photon counts from the two APDs during each of the four intervals of input path
and polarization are binned into eight temporal traces, s1Ix, s1Iy, p1Ix, p1Iy, s2Ix, s2Iy,

p2Ix, and p2Iy, that contain the angular information of the probe with the 20–40-ms
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time resolution. The raw photocount traces are corrected for the different intensities
of the illuminating conditions (partly given by Equations 3.2 and 3.3 above), different
sensitivities of the twoAPDs, the elliptical components of the p-generated evanescent
waves, and intermixing of the x- and y-polarization emissions by the objective
lens [50]. Corrected intensities are then fitted by a model that predicts the polarized
fluorescence intensities based on the angular dependence of probe fluorescence
emission (Figure 3.7A), q, the axial angle between dipole axis and optical axis, f, the
azimuthal angle around optical axis, and limited rotational mobility of the probe on
the subnanosecond time scale and, separately, on the microsecond time scale [20].
Also taken into account are the collinear absorption and emission dipoles (e.g. for
rhodamine or Cy3) and background intensity measured after photobleaching. Snap-
shots of these angular parameters are estimated every 40ms. A few hundred
photocounts per 10-ms time gate are typically recorded, leading to standard devia-
tions of the angularmeasurements of 5–15� [20]. Themain source of this uncertainty
is photon counting shot noise, making much higher time resolutions feasible at
higher laser intensities.
Because the dipole moments of the probe and the excitation and emission light all

exhibit C2 symmetry (rotating 180� about a central axis does not alter the structure),

Figure 3.6 Geometry for a prism-type polarized
TIRF microscope. A, Paths of incident, reflected
and fluorescent emission beams and definitions
of detected probe angles. APDs are avalanche
photo diodes. B, definitions of incident beam
polarization. s-Polarized illumination is polarized
in the horizontal plane. p-Polarized illumination
is perpendicular to s-polarization. C, polarization

of the evanescent wave for each of the input
paths and polarizations. Note that p-polarization
leads to both transverse (downward) and
longitudinal (horizontal) components. D.
Polarizations of the detectors. The downward
colored arrows show the direction of fluorescent
light propagation. From Ref. [40].
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polarized fluorescence cannot discriminate an angle (q, f) from the corresponding
angle (180� � q, f þ 180�) in the opposite hemisphere.With excitation and emission
polarizations symmetrical about the x, y, and z planes, as in Figure 3.6, ambiguities
caused by the additional symmetries restrict the range of unambiguous probe
angular discrimination to 1/4 of a hemisphere, such as 0< q < 90� and 0< f < 90�.
Additional incident polarizations in polTIRF (e.g.�45� angles) expand this range to a
full hemisphere [51]. This feature has been utilized to determine the handedness of
actin motion powered by myosin in vitro [51] and the path of myosin motors along
actin [52], as described later.

3.2.8
Defocused Orientational and Positional Imaging (DOPI)

As mentioned, along with the polarization, the paths of emitted photons
carry information about the orientation of a fluorescent dipole. The radiation pattern
can be detected by collecting an image slightly away from the sharpest focus [53, 54].
Some intuition into the cause of this behavior can be gained by considering the
distribution of photon paths from the fluorescent dipole. Figure 3.7A shows a contour
surface representing the probability of photons absorbed or detected with polariza-
tions at angles qa relative to the dipole axis, the cos2qa distribution. Photons with
polarization parallel to the dipole are preferentially absorbed and those polarized
perpendicular to the dipole are not absorbed. The distribution of radiation directions

Figure 3.7 Relative probabilities for fluorophore
absorption (A, cos2 qa) and collection of its
emission (B, sin2 we). In the microscope
coordinate frame (x, y, z), the optical axis is z. For
axial illumination (heavy arrow inA), ex, and ey are
excitation polarizations. The probe absorption
and emission dipolemoments (considered to be
parallel) in the (x, y, z) frame are defined by q
(axial angle) and f (azimuth: angle between the
projection of the dipole onto the x–y plane and

thepositive x axis),qax andqay are angles between
the probe dipole and detector polarizations
along the x- and y-axes. wey and wez are angles
between the probe dipole and detector optical
paths in the y- and z-axes. From Ref. [40] C,
defocused images of quantum dots (frozen in
1% polyvinyl alcohol) showing examples of
vertical, inclined, and horizontal emission
dipoles (upper row) and corresponding
calculated patterns (lower row). From Ref. [56].
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of photons originating from a dipole emitter is given by sin2we, where we is the
angle between the path of the photon and the emission dipole (Figure 3.7B). Photons
aremost likely to travel perpendicular to the dipole and they are not emitted along the
dipole axis. An out of focus image is similar to sectioning the sin2we contour
slightly above or below the x–y plane, giving an asymmetric distribution of intensities,
containing lobes and fringes and an intensity gap in the direction of the dipole.
In DOPI, images of the fluorophore are recorded approximately 0.5mm out of

focus and the resulting asymmetric intensity distributions arefittedwith theoretically
predicted models (Figure 3.7C) [55]. The detected image of the single fluorophore
depends on q and f as in polTIRF, and the amount of defocusing dz from the focal
plane. DOPI enables relatively straightforward determination of the full hemisphere
of dipole orientations with useful angular and temporal resolution. Compared with
polTIRF, the instrumentation in DOPI is simpler to implement and can also
simultaneously determine the probe�s spatial position, a feature that has only
been partially implemented with polTIRF [73]. The temporal resolution of DOPI
(�0.5–1 s) is lower than that of polTIRF (40–80ms), but in many cases the biological
reaction can be slowed down tomatch the time resolution of themethod, for instance
by reducing the substrate concentration [56]. The angular resolutions of the
two techniques are comparable (�10–20�). PolTIRF, however, is sensitive to the
rate and amplitude of rotational wobbling motions of the probe and the labeled
macromolecule, whereas DOPI and similar techniques provide the average angle
over the recording gate time. DOPI has been applied to the stepping of myosin V, as
described later.

3.3
Molecular Motors

The single-molecule imaging techniques described above are readily applicable to the
understanding of the dynamics and energetics of the transport machines of the cell.
Some of the molecular motors that have been studied with single molecule imaging
are shown in Figure 3.8. Myosin V is a 450-kDa isoform of the myosin superfamily
having two heavy chains each with an N-terminal ATP- and actin-binding motor
domain, six peptide sequences, termed IQ motifs, each of which bind a calmodulin
subunit or a calmodulin-like light chain, and a tail that carries the dimerization and
cargo-binding domains.
Myosin V and some 20 other the myosin isoforms translate along actin to power

muscle contraction and cell shape changes, locomotion, cytokinesis, intracellular
vesicle transport and other motile, architectural and signaling functions. Muscle
myosin, designated myosin II, is similar to myosin V in having two globular
N-terminal motor domains, and a tail that dimerizes into an a-helical coiled coil.
In muscle, the tails of �300 myosin II molecules self-polymerize into bipolar
filaments that align sideways in the muscle to form the so-called A-band of the
sarcomere, the contractile organelle.Myosin II contains two IQmotifs that carry light
chain subunits structurally related to CaM.
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Kinesin and dynein are microtubule-based motors that translocate predominantly
toward the plus and minus end of microtubules, respectively. Of the three classic
molecular motors, kinesin is the smallest, having two 40-kDa head domains with a
nucleotide binding fold very similar to the core of the myosin motor domain [57].
The tails dimerize and also carry cargo-binding domains. Like myosin, the large
family of kinesin isoforms are all related by amino acid sequence homology in the
motor domain, but otherwise have diverse structures.
Dynein, at �2MDa, has a more complex head structure containing a ring of

protein domains carrying at least four ATP-binding sites. Themotor domain belongs
to the family of ATPases Associated with various cellular Activities (AAA proteins),
including the F1 ATP synthase, heat shock proteins and proteinases [58]. The other
members of this family are oligomers of �6 AAA domain peptides, whereas the
dynein ring contains one large polypeptide with seven domains. A stalk extending
from the ring contains the microtubule binding domain. The N-terminal tails
dimerize and contain complex intermediate and light chains and the cargo-binding
functionality. Flagellar dyneins have one to three heads, whereas cytoplasmic dynein

Figure 3.8 Molecular motor and cytoskeleton
�toolbox�. Myosin V, cytoplasmic dynein and
conventional kinesin are drawn in surface
rendering approximately to scale with actin and a
microtutuble. Motor catalytic domains are
displayed in blue,mechanical amplifiers (myosin
lever, kinesin neck linker) in light blue, and cargo
attachment domains are shown in purple. Light

and intermediate chains are in green. Dynein is
shown in mixed purple and blue shading to
illustrate the distinct domains that comprise the
motor head. The stalks extending from the ring
bind to microtubules at their globular tips.
Adapted from Vale R.D. (2003), Cell,
112:467–480.
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contains two heads. An additional large, multi-subunit 1.2-MDa complex, termed
dynactin (not shown), is required for most functions of cytoplasmic dynein [59].

3.3.1
Myosin V

Myosin V (Figure 3.8) is involved in transport of vacuoles and RNA–protein particles
in yeast vesicular cargoes in neurons, and pigment granules in melanocytes. Due to
its cellular roles, deletion ormisexpression ofmyosinV inmice and humans causes a
developmental neurological deficit, with immune suppression and light pigmenta-
tion [60]. The term processivity refers to the feature of many DNA processing
enzymes and some molecular motors that take many productive mechanical steps
upon each diffusional encounter with their track. Myosin V exhibits very high
processivity (20–60 steps [61–63]), a very large step size (36 nm [27, 61]) and is
abundant enough to be isolated from brain tissue [64]. These characteristics have
causedmyosin V to be a very popular subject for optical trapping and singlemolecule
imaging studies, making it one of the best understood molecular motors.
In the actin-activated ATPase cycle ofmyosin V, the dissociation of ADP from the

acto–myosin–ADP complex is very slow (15 s�1) compared to that step in conven-
tional muscle myosin II (>200 s�1). This slow rate implies that myosin V spends a
large proportion of the ATPase cycle attached to actin, leading investigators to
suspect that myosin Vmight exhibit processive motility [65]. This supposition was
confirmed in a single-molecule imaging study by Ando and colleagues [62].
Fluorescent labeled CaM was introduced into the myosin V molecule by dissociat-
ing some of the endogenous calmodulin (CaM) subunits at high Ca2þ concentra-
tion. Actin filaments were attached to the microscope slide surface using sparse
biotin–streptavidin linkages, and fluorescent myosin V molecules added to the
sample chamber were observed by TIRF microscopy (Figure 3.9). Individual
fluorescent spots, representing single myosin V molecules, were seen to localize
with actin andmove along the filament for several mm. Themyosin Vmolecules did
not readily dissociate from the actin and fluorescence built up at the barbed ends of
the actin filaments as the myosin molecules accumulated there. This direct
demonstration of processive motility confirmed optical trapping experiments at
nearly the same time [66]. Further insightful experiments using single molecule
fluorescence imaging and optical trapping have elucidated many details of myosin
V�s stepping mechanism [67–72].
The initial application of FIONA was an investigation of myosin V [27]. Myosin V

molecules were labeled with rhodamine or Cy3 on one of the CaM subunits at low
stoichiometry tominimize thenumber ofmultiply labeledmolecules. The position of
the CaM was resolved to within a few nanometers during processive motility as
described above in Section 3.2.2. The labeled CaMwas found tomove stepwise along
the actin filament, and several classes of motion were detected: molecules with
fluorophores that took 74-nm steps, those that alternated between 52- and 23-nm
steps and those with alternating 42- and 33-nm steps. Such alternating large
and small steps are expected if the molecule translocates along actin using a
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hand-over-hand mechanism in which both heads can bind to actin and a step is
accomplished by the trailing headmoving past its partner to become the new leading
head (Figure 3.10A). When the arm containing the fluorescent probe is the stepping
one, its displacement is the larger value and when the other armmoves, the probe is
displaced by a smaller value.
In later studies adding angular detection to the lateral motion detection of FIONA,

the three classes of molecule were determined to give alternating 64-10-64, 50-25-50
and 44-30-44 nm step displacements of the probe (DOPI: [56]; partial polTIRF: [73]).
These values are just what would be expected if the molecule moves 36–37 nm per
step and the labeled CaM exchanges into the second, fourth and sixth positions away
from the motor domain (Figure 3.10A). A distance of 36 nm is the half-pitch of actin
(Figure 3.8), allowing the molecule to walk relatively straight along the actin axis,
rather than twirl in the tight helical path defined by the actin monomers.
When a GFP fluorophore was engineered into the head of myosin V, the steps

alternated between 74 nm and virtually zero, also as expected [74]. With two different
colored probes simultaneously exchanged into various pairs of locations inmyosin V,
the two arms are shown directly to swap between leading and trailing positions along
the actin axis (Figure 3.10B, also [75, 76]). These FIONA experiments provide strong

Figure 3.9 Processive movement of individual
brain myosin V molecules along actin filaments.
A, successive video images at 0.5-s intervals.
A light spot at the left-hand side ismoving toward
the stationary light spot at the actin-filament end.
Scale bar: 2 mm. b, video images at successive
2-s intervals. The barbed end of the actin filament

becomes brighter with time due to accumulated
motors. Single myosin V molecules produce
moving spots on the filament. Scale bar: 2 mm. c,
a video image showing bright spots at the barbed
end of filaments after 1 min of incubation with
the myosin V. From Ref. [62].
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evidence for the hand-over-hand mechanism and rule out hypotheses in which the
two heads do not exchange places during the step.
What causes the motion? The crystal structures of various myosin conformations

suggest that the CaM/light chain region can tilt relative to the motor domain. This
data leads to a natural hypothesis that the tilting is aworking stroke and the light chain
domain acts as a lever arm to amplify smaller structural changes in themotor domain
into the nanometer translocation of the step. Angular measurements of the myosin
V CaM subunits using polTIRF [42, 73] or DOPI [56] showed that they do rotate
approximately 70� in the plane of the actin filament on each mechanical step
(Figure 3.11). Note the repeated increase and decrease of the axial angle b (bottom
red trace) as the myosin V lever arm adopts the leading and trailing positions during
stepping. This motion is often straight along the actin axis (in Figure 3.11, the
azimuthal angle around actin, a, the green trace at the bottom, is relatively constant).
In some cases, tipping around the filament axis is also possible [56, 73, 77]. With
engineered constructs having various lengths above and below the native number of
six CaM/light chain sites, the step size of the molecule varies directly with the length
of the lever arm [67, 71, 78, 79], confirming that the tilting of the CaM lever arm
determines the distance moved.
In native myosin V, the lever arm is approximately 24 nm long (six CaM subunits,

each 3.6 nm long plus 2.4 nm for the tilting part of themotor domain). A 70� tilt along
actinwould translate the lever arm–tail junction by 27.5 nm (2 � 24 � sin (70�/2), which
is considerably less than the 36-nm step measured by FIONA, polTIRF, and the
optical trap [27, 42, 61]. Mechanical measurements on a single-headed construct
of myosin V gave �24 nm for the stroke size due to tilting of the lever arm [69].

Figure 3.10 Dual color FIONA, A, cartoon showing the expected
steps of a myosin V molecule labeled with bifunctional
rhodamine and Cy5 in different positions. B, FIONA recording
of rhodamine and Cy5 swapping the leading position, as
expected. A. Yildiz, P.R. Selvin and Y.E. Goldman, unpublished
observations.
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Those authors hypothesized that the remainder of the 36-nm step of the whole,
double-headed molecule is accomplished by thermal fluctuations of a singly-bound
intermediate randomly carrying the free head to the actinmonomer 36 nm in front of
the stationary head.
Using the darkfield adaptation of FIONA explained above (DIONA) to make a

major improvement to the time resolution,DunnandSpudich [36]were able to detect
the singly-bound state expected from the diffusional search model. A 40-nm gold
nano-particle was attached to a CaM subunit and viewed by scattered light under
highly oblique, propagating illumination (Figure 3.12). A transient intermediate
position with fluctuations was evident (horizontal arrows in panel B), confirming the
random search hypothesis for completion of the step.
This remarkable behavior implies that themolecule is harnessing random thermal

fluctuations to extend its reach. No thermodynamic laws are violated here in making
fluctuations useful because the energy liberated in the ATPase cycle enables the
overall process to proceed in the forward direction [80]. When the wobbling head in

Figure 3.11 PolTIRF recordings from a
bifunctional rhodamine labeled calmodulin
exchanged into myosin V. The motor is walking
processively along actin at 5 mM MgATP.
Polarized fluorescence intensities are given as
photocounts per 10-ms gate. Polarized intensity
subscripts indicate excitation/detection

polarizations as defined in the Figure 3.6. The
sum of the polarized intensities is plotted as
�calc�; fitted total intensity, less background, is
blue. The single discrete decrease of all
intensities to background levels at 3.7 s is due
to photo-bleaching of the fluorophore.
From Ref. [42].
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the myosin-ADP-Pi state binds to actin, the Pi is released quickly and nearly
irreversibly [81], capturing the distortion in the molecule produced by the random
process.
Whydoes the trailing head detachbefore the leadinghead?Thehigh processivity of

the motor requires that the biochemical cycles of the two heads be kept out of
synchrony. This feature ensures that the trailing head is the one to step forward and it
also prevents both heads from detaching at the same time. The difference between
the stroke size (24 nm) and the step size (36 nm), and the extra reach delivered by the
diffusional search imply that when both heads are bound to actin, the molecule is
under internal mechanical strain. Each head pulls the other one toward the center of
themolecule. Due to the slow kinetics of ADP release, both heads have ADPbound in
thewaiting state between steps. If the backward strain on the leadinghead suppresses
ADP release and/or the forward strain on the trailing head accelerates ADP release,
then the trailing head will release its ADP first, ATP will bind rapidly to the trailing
head inducing detachment and initiating a forward step [63, 68, 70, 82]. Thus
the intramolecular strain generated by the thermal fluctuations is trapped by the

Figure 3.12 A myosin V dimer is labeled with a
gold nanoparticle on one of its lever arms and is
located by darkfield microscopy. A, data trace
with a 40 nm gold particle, 3 mM ATP. Frame
interval: 0.32 ms. The red trace represents low-
pass filtered DIONA. B, 49-nm substeps. The

ends of the substeps are indicated by arrows.
Note the increase in variance during the substep,
suggesting single-headed attachment. C,
cartoon model that explains the results;
increased variance during the step is the
�thermal search�. From Ref. [36].
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biochemical transitions and used for communication between the two heads. These
mechanisms require two-headedmotors tomaintain contact with the filament and to
communicate intramolecular strain. Thus, processive motility of a single-headed
myosin V construct, reported in an optical trap assay [72], should be confirmed by
single fluorophore imaging.
There are several levels ofmyosinVregulationnecessary todetermine activity, cargo

binding, and cooperation with othermotor proteins. CaM is involved inmany cellular
signaling cascades in which Ca2þ binding to CaM enables it to interact with
downstream effector proteins, such as kinases [83]. The CaM binding IQ motifs in
myosins are unusual because they serve a structural/mechanical role as the lever arm
and they interact stronglywithCaMin theCa-free state. TheCaMsubunitsmay also be
involved in regulation ofmotility. In the absence of Ca2þ, themyosinVmolecule folds
into a triangular shape with the globular tail domain interacting with the head, thus
preventing it from associating with actin [84–87]. Moderate Ca2þ (1mM) or cargo
binding causes the molecule to open into the active form. At higher [Ca2þ], one or
more CaM subunits dissociate from their IQ domains, again suppressing motility,
either by diminishing actin binding or by structurally weakening or kinking the lever
arm [88, 89].
Dissociation of the CaM subunits is measured biochemically in bulk samples

[86, 88], but the ensemble experiments cannot address whether each molecule
homogeneously loses the same number of molecules or there is a distribution of
lost subunits. Single molecule imaging resolves this type of question by allowing the
number of dissociating subunits to be counted for individual myosin V molecules.
When CaM subunits were dissociated at high [Ca2þ] and then replaced with
fluorescent labeled CaM [90], most of the molecules lost two of the 12 CaM light
chains. Processivity measurements on single fluorescent labeled molecules were
consistent with a model in which dissociation of one CaM subunit is sufficient to
terminate a processive series of steps [91]. Whether these effects of Ca2þ are part of
the normal cellular regulatory pathways is not known, although other myosins are
dynamically modulated by Ca2þ [92, 93]. Other modes of myosin V regulation have
been found in ensemble cell biological studies [94, 95], but they have not been
approached yet by single molecule imaging.

3.3.2
Myosin II

The absence of processivity in muscle myosin has caused single molecule imaging
studies of myosin II to lag behind those of myosin V. In the presence of ATP, myosin
II dissociates rapidly from actin, and the proportion of the ATPase cycle occupied in
actin-bound states ismuch lower than formyosinV. In normal activity, only one of the
myosin heads binds to actin at a time. Thus it has been difficult to image single
myosin II molecules during normal function. Cy3-labeled ATP molecules were
visualized inTIRFmicroscopywhen they bound toCy5-labeledmyosinmolecules [3].
Free fluorescent nucleotide molecules near the reflecting surface of the TIRF
microscope diffuse rapidly in the aqueous medium causing delocalization of
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their intensity. Binding to myosin was recognized as fixed localization identifying
individual ATPase turnovers.
Combining TIRF microscopy with optical trap measurements of actin displace-

ments by myosin II enabled correlation of the mechanical working stroke with
binding ofATPanddissociation ofADP [96]. As expected fromsolutionbiochemistry,
ATP caused rapid dissociation of myosin from actin. Surprisingly, ADP often
dissociated from the myosin–ADP complex before it rebound to actin, leading to
the suggestion that the energy liberated byATPhydrolysis can be stored in the protein
even after the nucleotide is released. This apparent protein �hysteresis� has been
detected in other enzymes [97, 98].
The angle of the myosin II light chain region has been measured during the

working stroke in bulk assays within muscle fibers using fluorescence polariza-
tion [41, 99] and low angleX-ray diffraction [100]. This structural change takes place on
the 1–5-ms timescale. Whether the average structural signals from these bulk assays
faithfully represent the behavior of the individual molecules is an important applica-
tion for single molecule imaging. Angular motions have been made by single
molecule fluorescence polarization [15, 101]. The limited lifetime of the actomyosin
complex, however, and the rapid kinetics of the myosin II working stroke have so far
challenged singlemolecule detection of the angular change during its working stroke.

3.3.3
Myosin VI

This molecular motor, involved in cargo transport, endocytosis and anchoring in
neural development and in sensory cells, exhibits several interesting and puzzling
features [102]. Unlike the other characterized myosins which translate toward the
barbed end of the actin filament, myosin VImoves toward the pointed end [103, 104]
due to a peptide insert in the motor domain that orients the lever arm opposite to the
other myosins [105]. The directionality can be determined using actin filaments
whose polarity is marked by a bright region of fluorescent actin or a specific
fluorescent actin-binding protein [103, 105]. Polarity marked filaments show the
direction of the active motion in both the single-molecule TIRF processivity assay
(myosin walks on actin filaments attached to the substrate) and the gliding filament
assay (myosin is attached to the surface and moves the actin).
Double-headed molecules of myosin VI are processive with highly variable step

sizes ranging from 20 to 40 nm and display many more backward steps thanmyosin
V [106]. The distancemyosinVI can traverse permechanical step is surprisingly large
because it contains only two CaMs per putative lever arm, compared to six per lever
arm in myosin V. Whether the motor is a dimer or monomer within cells is
controversial [107]. There is evidence that cargos or actin can facilitate dimeriza-
tion [108, 109] and that even a single head canmove processivelywhen it is attached to
a bead cargo [109]. As withmyosin V, processivemotility by single-headed constructs
has not been reported using single-molecule fluorophore imaging, possibly
indicating that an attached bead enhances processivity by restricting diffusion away
from the filament.
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FIONA experiments showed that the individual heads of the myosin VI dimer
translate by 70 nm on each step [34, 110], implying a hand-over-handmechanism, as
with myosin V. As the lever arms are too short for the molecule to span over the
corresponding 35-nm distance between target actin sites, asymmetric models of the
motionwere considered inwhich themotor or dimerization domains would partially
unfold to enhance the molecule�s reach. Such a difference between the two heads
might result in two sets of distances between the heads corresponding to the
unfolded one leading or trailing. Measurement of the distance between two GFP-
labeledmyosinVI heads by SHRImP showed this not to be the case (Figure 3.5) [111].
A strongly dimerizing construct of myosin VI was expressed with a GFP tag on each
head. When this species was bound to actin and imaged using TIRF microscopy,
sequential bleaching of the fluorophores on each of the heads, and subtraction of the
one- and two-fluorophore PSF distributions (Figure 3.5) gave the inter-probe
distance. For myosin VI, the distance between the two heads bound to actin was
found to be 29 nm with an upper limit of �14 nm for any supposed asymmetry
(e.g. two distances 22 nm and 36 nm). These data are consistent with a symmetrical
hand-over-hand stepping mechanism.
Optical trap experiments [112] and X-ray crystallography [113] have suggested

that the lever arm rotates nearly 180� during the working stroke of myosin VI. With
a 10-nm long lever arm, the maximum rotational working stroke is 20 nm,
necessitating a diffusional search as in myosin V [110, 112]. A polTIRF study of
myosin VI dimers detected large rotational motions of the CaM during processive
stepping [52], with a highly variable angle when the head binds actin in the leading
position. Taken together with the high variance of mechanical step distance [106]
and leading position [110], these experiments suggest that the thermal search
reaches actin monomers having a large range of axial distances and azimuthal
angles around the actin axis. Due to the structure of the actin filament, binding of
the leading head to actins 6, 7, 9, 11 and 13 monomer units away from the attached
head require sideways tilting of various amounts up to nearly a�90� azimuth [52].
This wide choice of target actin monomers may enable myosin VI to navigate
around obstacles and to switch actin filaments in order to carry out cargo transport
functions in the crowded cellular environment. Investigations into the kinetic
coupling between the two heads suggest that intramolecular strain modulates both
ADP release and ATP binding kinetics [114, 115], another novel mechanism in this
unusual motor.
The description here of myosin experiments has emphasized points that are

reasonably agreed upon in order to illustrate the advances made by imaging single
fluorescent probes. But there are many other issues that are not settled and will be
approached by single molecule biophysics. How is binding of the myosin head to
actin coupled to the working stroke and dissociation of Pi and ADP? How is the path
along actin determined? How often do backward steps occur and what is their
significance and biochemical pathway? Is there a torque associated with the working
stroke? Does the tilting of the lever arm power the motion or just sense it? Do single-
headed myosins work processively? What novel mechanisms will be revealed by
study of the almost 20 myosin family members that have hardly been studied by
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singlemolecule techniques?Domultiplemotors cooperate duringmotion of a cargo?
The methods described here are poised to address these questions.

3.3.4
Conventional Kinesin

The founding member of the kinesin family (Figure 3.8, kinesin-1) transports a
variety of cargos in cells, including membranous organelles, mRNA, and signaling
molecules. It is essential for mitosis and is the predominant molecular motor that
conducts antegrade transport of vesicular cargos in nerve axons.Mutations have been
linked to neurological diseases [116]. Kinesin-1 a highly processive, dimeric motor,
whose 8-nm steps toward the plus (faster polymerizing) end of microtubules match
the spacing of the tubulin dimers (Figure 3.8). An early TIRF microscopic assay
showed that Cy3-labeled dimeric kinesins moved an average of 600 nm along
microtubules attached to themicroscope slide [117], confirming the high processivity
of kinesin�s mechanism found earlier in gliding filament and optical trap stud-
ies [118, 119]. A 600-nm processive run requires completion of 75 8-nm steps before
the molecule dissociates. Monomeric constructs are not processive, indicating that
the two heads in the native molecule cooperate to maintain contact with the
microtubule during stepping. FIONA experiments, using kinesin labeled on the
motor domain with Cy3, gave alternating 17-, 0-, 17-nm steps indicating hand-over-
handmotility [120 4] in which the trailing head detaches, passes by the attached head
moving forward by a distance twice the step size, and becomes the leading head.
Themotor domains of a dimeric kinesinmolecule are too close to the junctionwith

the coiled-coil tail to accommodate a stiff lever arm that could produce an 8-nmstroke
(Figure 3.8). In crystal structures of the dimeric molecule, the two heads are only
5 nm apart raising the issue of how both motor domains can bind to tubulin dimers
separated along the microtubule by 8 nm [121]. There is a 15-amino acid sequence at
the C-terminus of themotor domain, just before the coiled-coil tail, that was found to
dock and undock from the motor domain in various steps of the ATPase cycle [122].
Ensemble distance measurements between fluorescent probes in this �neck linker�
and the motor domain, as well as cryo-EM and EPR studies supported its role in
generating the working stroke and enabling two-headed attachment of kinesin to
successive tubulin dimers.
A single molecule measurement, using FRET to measure intramolecular

distance [123] (Figure 3.13), enabled the structural changes in the neck linker to
be correlated with active processive motility. Engineered cysteine residues in the
motor domain (amino acid 215) and in the tail (amino acid 342)were labeledwithCy3
and Cy5. The distance between them was estimated using smFRET as described
above. The FRETefficiency oscillated between E¼ 0.4 and 0.9, values consistent with
the 2-nm and 6-nm distance between the probes expected on the basis of neck linker
docking and undocking (Figure 3.13A). The docked and undocked configurations
could be assigned to trailing and leading positions and the rate of switching between
the high and low E states was consistent with one structural change per 8-nm step of
motility. These results link changes of the motor domain–neck linker interaction to
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processive motility. PolTIRF measurements of the angle of the neck linker and its
rotational mobility also showed variations during motility consistent with the neck
linkermodel [124]. The free energy liberatedwhen this short peptide binds to the rest
of the head, however, is insufficient to account for the �48 zJ (8 nm� 6 pN)
mechanical work kinesin can perform per ATPase cycle [125] and other steps such
as binding of the free headmust contribute to generating force andmotion. Evidence
for another interpretation of the data, that ATP binding causes increased mobility of
the attached head rather than docking of the neck linker, is summarized in [126].
As discussed for myosins V and VI, the high processivity of kinesin requires a

mechanism to gate the biochemical reactions of the twoheads andmaintain themout
of phase. As in myosin, intramolecular strain between the two heads of kinesin
bound to the microtubule alters the affinity of the heads for ADP [127] and prevents
premature ATP binding to the leading head [128–131]. These characteristics are
similar to the strain-dependent gating of myosin VI [115].

3.3.5
Other Kinesins

The other kinesin family members have diverse and interesting mechanisms
and cellular roles. As mentioned, in conventional kinesins, the motor domain is

Figure 3.13 Neck linker positions in dimeric
kinesin-1 with both heads bound to a
microtubule. A, In this model, the neck linker in
the leading head points rearward and the one in
the trailing head, dockedonto themotor domain,
points forward. Cys215 and Cys342, labeled in one
chain of the dimer (red spheres), are expected to
be farther from each other in the leading head
than in the trailing head. B, time traces of donor
(Cy3, blue) and acceptor (Cy5, red) fluorescence
intensities (arbitrary units), calculated FRET

efficiency (EFRET, green) and axial displacement
of the fluorophore (purple), moving along
axonemes at 0.5 or 1 mM ATP. Image sampling
rate: 15 frames s�1. Black lines show running
averages or linear fits. Vertical dotted lines mark
anticorrelated FRET changes. The red arrow
indicates photobleaching of the acceptor dye;
black arrow indicates photobleaching of the
donor dye or detachment from the axoneme.
From Ref. [123].
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at the N-terminus, whereas some classes of kinesin have C-terminal or central motor
domains. The C-terminal motors translate in the opposite direction, toward the slow
growing (minus) end ofmicrotubules [132]. Gliding filament and processivity assays
with engineered chimeras of plus-end and minus-end directed kinesin classes have
shown that the sequences of the linkers and their interaction with the motor domain
control the direction of motion [133].
Kinesins and dyneins are essential for formation of the mitotic spindle and its

motions during chromosome segregation.A tetrameric, processive plus-enddirected
motor, kinesin-5, also termed Eg5, crosslinks microtubules and causes relative
microtubule sliding [134, 135]. Another mitotic motor, kinesin-13 also termed
MCAK (mitotic centromere-associated kinesin), targets the ends of microtubules
and facilitates their depolymerization, presumably helping to power chromosome
separation. MCAK oligomerizes into rings that encircle the microtubule [136]. A
single-molecule TIRF assay [137] showed that MCAK reaches the ends of the
microtubule by a one-dimensional, ATP-independent, diffusional process that is
20–50-fold faster than direct binding to the microtubule ends from the solution. The
interactions of many proteins with microtubules are sensitive to the ionic strength
suggesting that they are mediated by ionic bonds.
For kinesin-1, the evidence that both heads are required for processivity came

from gliding filament assays [138, 139], optical trap mechanics [118], single-
molecule fluorescence imaging [117] and FIONA [108]. Therefore it was a surprise
when a monomeric isoform, kinesin-3 also termed KIF1A, was shown to exhibit
processive motility [140]. Like myosin VI, whether this motor is monomeric or
dimeric in cells was called into question [141] and the motions have an extensive
diffusive component, like MCAK, as well as an ATP-driven directionality. Still, the
intriguing question remains: how can a single motor domain dissociate from
tubulin to move along the microtubule and not diffuse away? KIF1A contains an
unusual loop containing six closely spaced lysine residues (the K-loop) forming a
highly positively charged region that seems to interact with a C-terminal segment
of tubulin containing negatively charged glutamate residues (the E-hook). Delet-
ing the K-loop or proteolyzing the E-hook eliminated processive motility by single-
headed KIF1A [140]. Thus, a secondary interaction between the KIF1A motor
domain and tubulin might hold the motor near the microtubule while the ATP-
dependent tubulin binding domain is weakly bound or detached. Crystal struc-
tures of the KIF1A motor domain showed that the position of the K-loop is
dependent on the identity of the bound nucleotide [142]. This result suggests
that the KIF1A motor domain has two alternating, ATP-dependent sites of
microtubule interaction, thereby obviating the requirement for a second head.
Whether this concept applies to any other kinesins or other molecular motors is
unknown.
Many questions remain on themechanism of kinesin motility [143]. Does kinesin

take substeps? How does kinesin track a protofilament? Which tubulin dimers are
targeted during a step?Howare the biochemical andmechanical cycles related? Is the
neck linker hypothesis compatible with the energy transduction and thermodynamic
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efficiency of kinesin?What is the structure and biochemical complement of the rate-
limiting step during processive motility? How often do backward steps occur and
what is their significance and biochemical pathway? Do single-headed kinesins
move processively in vitro or in a cell? Do multiple kinesin motors cooperate during
motion of a cargo? Some of these questions may be answered by single-molecule
imaging.

3.3.6
Dyneins

Axonemal dynein is the molecular motor that bends and waves eukaryotic cilia and
flagella. Cytoplasmic dynein helps to position the Golgi complex and other
organelles in the cell, transports vesicular cargos derived from endoplasmic
reticulum, endosomes, and lysosomes, and takes part in movement of the chromo-
somes and the mitotic spindle in mitosis [144]. Dynein powers retrograde axonal
transport and its disruption causes neurological disease [145]. Biophysical and
molecular biological studies of dynein lag behind those of myosin and kinesin
because the large modular nature of dynein complicates its function. Purifying
dynein from cells while retaining full activity and manufacturing it within heterol-
ogous expression systems are difficult. But progress is being made on these
fronts [146–148].
Questions arise directly from the structure of cytoplasmic dynein shown in

Figure 3.8: how is the nucleotide state in the active site (AAA domain 1) commu-
nicated to the microtubule-binding domain on the stalk, 15 nm away? What
structural change accomplishes the working stroke? Cryo-electron micro-
graphs [149] and ensemble FRET studies [150] have shown that the stalk and stem
adopt different dispositions relative to the nucleotide-binding ring at various
ATPase intermediates, simulated with nucleotide analogs. These results suggest
a hypothetical rotation of the ring relative to the stalk or stem which could drive
microtubule motion.
Processivity of cytoplasmic dynein was suggested from motility experiments with

latex beads coated with dynein at very low motor densities [151]. When beads were
placed on a microtubule using an optical trap, the likelihood of binding and of
moving was linearly proportional to the probability that one active motor was located
on the bead within interaction range of the microtubule [151]. Processivity of dynein
molecules requires at least two heads [148, 152], but compared to kinesin, the
motility of the dynein dimer is more flexible, varying in step distance, and direction,
including sideways and backward steps. Dynein also shows strong thermally-driven
diffusive motion along microtubules even when the normal ATPase activity is
blocked [153], suggesting an electrostatic interaction with the microtubule like that
of MCAK and KIF1A.
The step size for cytoplasmic dynein was reported to vary with mechanical

load from 8nm (the spacing of the tubulin dimers) at a resisting force of �1 pN
up to 24 or 32nm at lower loads [154]. Another study, however, found mostly 8-nm
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mechanical steps up to forces of 7–8 pN [155]. FIONAexperimentswith quantumdots
bound to the dynein tail gave mostly 8-nm steps [148, 155], but when quantum dots
were bound to the head at the C-terminus, they showed predominantly 16-nm and
larger steps [148]. These results suggest an alternating leading–trailingmechanism as
with the other motors. The dynein rings (13–15nm diameter) are larger than the
tubulin dimers (8.3 nm) however, making direct binding of the two heads to adjacent
dimers along a protofilament unlikely. Flexibility of the stalk and the tendency to take
variable sideways and backward steps resemble the motions of myosin VI.
Organelle motion in cells is bidirectional with single particles often reversing

their direction. The destinations of vesicular cargos vary with physiological stimuli.
Thus the relationship between molecular motors directed toward the cell periphery,
e.g. kinesin and myosin V, and those mainly moving toward the center, such as
dynein and myosin VI is an important question in cell biology. Inhibition of dynein
in cells disrupts both directions of transport [59, 156, 157], suggesting a close
cooperation or interaction between dynein activity and plus-end directed kinesin
transport. This interaction might be mediated by the dynactin accessory
complex [158].
When the dynactin complex was made fluorescent in a transgenic mouse, the

purified dynein–dynactin complex showed strong ATP-dependent bidirectional
motion along microtubules (Figure 3.14). In an equivalent processivity assay,
kinesin moved unidirectionally with a regular stepping rate (Figure 3.14). Thus,

Figure 3.14 Traces of motion exhibited by
dynein—dynactin—GFP as visualized by TIRF.
Top row: video images at 200 ms intervals,
10 mM ATP. The filled arrowhead indicates the
starting position of the complex. The open
arrowhead indicates the location at each time
point. The far right image is an epifluorescence

micrograph of the rhodamine-labeled
microtubule. Scale bar: 4 mm. Lower row a-e,
kymographs fromdynein—dynactin—GFP time-
series show reversal of direction with long
processive motion in each direction. f, kinesin-
GFP motility is much steadier. From Ref. [159].
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the dynein–dynactin complex may participate directly in bidirectional transport of
cargoswithin cells.Whether this activity requires dynactin and how the directionality
and reversals are controlled are not yet known. Higher resolution studies of dynein
constructs and dual color imaging, such as shown for myosin V in Figures 3.10
and 3.12, may lead to an understanding of the stepping and control mechanisms of
this complexmolecular motor. An approach toward studying the interactions among
the different molecular motor families is to construct arrays of cytoskeletal filaments
in vitro that introduce some of the complexity of cells. A few reports of this type of
study have been published [159, 160].

3.3.7
Single Molecule Intracellular Imaging

Dramatic technical advances in optical microscopy over the past 50–75 years,
including phase contrast, differential interference contrast, epifluorescence, and
confocalmicroscopy, the commercial availability of highly sensitive cameras, and the
improvement in specific markers of cellular structures using organic fluorescent
dyes and auto-fluorescent proteins have made optical microscopy one of the core
research tools in cell biology [7, 9].Within the last few years, the techniques developed
for imaging single molecules have been applied to fluorescent structures within live
cells both to study howmolecular motors operate in their native environment and to
improve spatial resolution of images in many other cell biological contexts. These
evolving methods have great potential for further improving light microscopic
imaging to understand molecular processes.
With brightly fluorescent vesicles containing dozens of GFP tags [161], quantum

dots endocytosed into vesicles in cells [162, 163], or optically dense melanin
transporting vesicles [164], the brightness or contrast of the particle relative to the
surrounding cytoplasm is high enough to resolve nanometer movements within
milliseconds. These vesicles display 8- or 35-nmdiscrete stepwisemotionswhen they
are transported by several microtubule-based or actin-based molecular motors.
Transport velocities up to 10-fold higher than those measured in vitro, were observed
in some of the experiments without alteration of the 8-nm stepwise character. These
results are puzzling, because increasing the number of motors carrying a cargo
in vitro does not generally increase the velocity of motility above that of the unloaded
single molecule [139] and it tends to reduce the observed step size due to the
smoothing effect of multiple unsynchronized working strokes [165]. Understanding
the high velocities and quantized step size of cargos observed in vivowill await further
detailed imaging studies.
Direct imaging of single molecules within cells, rather than their cargo, is

limited by autofluorescence of cellular components that reduces the contrast
between the target molecule and its surroundings. Several routes to increasing
the signal above background have been reported. A kinesin fused to three tandem
yellow fluorescent proteins is bright enough to observe within cultured cells [166].
TIRF illumination reduces the volume illuminated within the cell, but then
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imaging is restricted to the area of substrate contact. Reducing the incident angle
(measured relative to the optical axis) to slightly below the critical angle for total
internal reflection produces oblique illumination propagating into the cell
(Figure 3.2A, blue light ray near the critical angle). For favorable cases with low
autofluorescence, this arrangement has been used to image individual signaling
molecules [167].
Fast diffusion or active translocation of a labeled macromolecule, can spread its

fluorescence emission overmany pixels, causing reduced intensity above the cellular
autofluorescence. This problem has been tackled for markers of gene expression by
immobilization in the cell membrane [168], but that route would not be appropriate
for functioning molecular motors. Techniques that have been used with other
systems to capture images of moving targets might be promising for molecular
motor studies. A very brief pulse of exciting light acts like a stroboscope and localizes
the fluorescence to the spatial region occupied by the fluorophore during the pulse,
thereby improving the signal-to-noise ratio [169]. Lastly, fluorescence lifetime
imaging microscopy (FLIM) is a method using repeated sub-nanosecond excitation
pulses and time-gated photon counting to resolve and form an image from the
nanosecond decay rates of the excited fluorescent species. The emission wavelength
and lifetime of the fluorophore of interest may differ from those of the non-specific
background emission, enabling separation of the probe photons from the back-
ground luminescence [170].
The sub-diffraction localization of individual fluorophores, developed for single-

molecule studies can also be used to obtain images with dramatically improved
spatial resolution of multiple cellular structures. A promising route to achieve this
goal is to use fluorophores that can be repeatedly switched on and off [171, 172]. Both
organic fluorophores andmodified fluorescent protein analogs have been developed
that can be repeatedly transferred by pulses of light from fluorescent and non-
fluorescent states, or between two different-color states [173–177]. These light-
controlled fluorophores are useful in studying the dynamics of cell processes,
transfer between compartments, and mobility [178].
Examples of using photoactivatable fluorescent proteins in sub-diffraction

microscopy are shown in Figure 3.15 [179]. The authors used blue (405 nm) laser
pulses to switch on sparse populations of a photoactivatable GFP and then imaged
and photobleached them under green (561 nm) light. The individual fluorescent
GFP molecules were located within �20 nm by fitting two-dimensional Gaussian
functions, as in FIONA. After photobleaching, a new set of fluorophores were
activated by the 405-nm laser pulse and imaged at 561 nm. After several thousand
photo-activation, imaging, and photobleaching cycles, the summed information
gave an image representing the likelihood of a GFP molecule being located at each
position, but with spatial resolution given by the nanometer-scale uncertainty of
individual molecule localization (Figure 3.15 lower panels).
Several other approaches using switchable fluorophores [171, 172] and excitation

fields �structured� by optical interference [180] or stimulated emission [181] have
been described. This area of hyper-resolution microscopy is rapidly evolving for
imaging molecular structures in cells.
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3.4
Conclusions

Studying individual molecules using novel types of optical microscopy is
helping to reveal the functional mechanisms of the molecular motors, myosin,
kinesin and dynein inways not thought feasible only a few years ago. Singlemolecule
biophysics avoids the inevitable loss of information in classical ensemble experi-
ments when a signal is averaged over the members of the sample population.
Fluctuations, reversals, rare events and other heterogeneities are the necessary
consequence of the stochastic nature of chemical and physical reactions. This �noise�
is interesting!Many of the signals that are the primary functional output ofmolecular
motors, such as piconewton forces and nanometer motions, are not accessible in a
collection of molecules suspended in a cuvette. Techniques have evolved for
localization of molecules at far better precision than the classical resolution of light
microscopy and for detecting structural dynamics such as rotational motions and
intramolecular distances. The experiments are both resolving questions and raising
further questions about these �nano-machines�: how they produce force andmotion,
how they transducemetabolic energy intowork andhow they are regulated. Although

Figure 3.15 Photo Activated Localization
Microscopy (PALM). A, a summed-molecule
(equivalent to standard) TIRF image of focal
adhesions for a cell expressing vinculin tagged
with the photoactivatable fluorescent protein,
dEos. B, magnified inset of adhesion region in A.
C, summed-molecule TIRF image near the
periphery of a cell expressing tdEos-tagged actin.

D, magnified PALM view of the actin distribution
within the box outline in C. Inset, further
magnified view. E and F, summed-molecule TIRF
and PALM images, respectively, of a cell
expressing dEos-tagged, retroviral protein Gag.
Considerable detail in the PALM image is not
resolved in the standard image. From Ref [179].
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our level of understanding is increasing rapidly, none of the molecular motors have
been �solved�.
Further advances in fluorescent probes, instrumentation and biological assays

will accelerate progress. Techniques for introducing some of the complexity of the
cell into in vitro studies and for collecting high resolution signals within live cells are
beginning to emerge. Single-molecule imaging is likely to impact over a broad
segment of cell biology as novel methods for collecting hyper-resolution images
become more practical and images that give truly molecular insight become
available. Watching and understanding every important molecule in a cell do its
job is farfetched, but the tools are being assembled to enable us to consider what
would be required and how close we can get to that goal.
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4
Ion Channels
Toru Ide, Minako Hirano, and Yuko Takeuchi

4.1
Introduction

Single-molecule imaging techniques are very powerful tools for investigating
biomolecules.These techniqueshavebeenapplied to studyvarious typesofmolecules
and have revealed many novel properties. Funatsu et al. observed, for the first time,
interactionbetweena singlemyosinmolecule and singleATPmoleculesusing aTIRF
(total internal reflectionfluorescence)microscope [1].Theycombinedsinglemolecule
imaging techniques with singlemoleculemanipulation techniques using a scanning
probeoroptical tweezers observing importantpropertiesofmotorproteinsnot shown
bymulti-molecular experiments [2]. These techniques,whichwere initially developed
to studymotility of the acto-myosin system, have spread rapidly throughmany fields.
Nowthemotionofother typesofmotorproteins,suchaskinesinandF0,F1-ATPase,are
routinely measured using these techniques.
In contrast to water-soluble proteins, application of these techniques to

ion-channel proteins is not as advanced because it is much more difficult to image
single ion-channelswhile recording their functions simultaneously. This is due to the
fact that,unlikemostwater-solubleproteins, it isdifficult tomaintainchannel function
with isolated ion-channelproteins.Lipidmoleculesare indispensable formaintaining
the channel activity. Thismeans that recording channel function requires theaddition
of a large number of lipid molecules that may produce optical noise. On the other
hand, experimental techniques to investigate single ion-channel function, namely the
single channel recording techniques, are well established compared to the technolo-
gies applied to measure functions of other types of proteins. Measurement of motor
protein motility, for example, requires highly specialized equipment, such as an
apparatus to measure small displacements of beads or a special kind of atomic force
microscope. These problems are minimal when investigating single ion-channel
function, because of the availability of commercial equipment.
Our present purpose is to develop an experimental apparatus for simultaneous

optical and electrical observation of single ligandbindings to a single channel protein,
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i.e. a fusion of single molecule imaging and single channel current recording.
Edelstein et al. showed that ligand binding events to ligand-gated ion-channels are
more complex than ionic events, due to multiple interconversions between different
conformational states at the same degree of ligation [3]. Compared to single channel
current recording, which directly measures current through a channel pore,
single ligand binding events have been inferred indirectly from multi-molecule
experiments. There has been a strong need for technology that allows simultaneous
measurement of single binding events and single channel current fluctuations,
which would enable us to establish a new field of �single molecule pharmacology�.
In this chapter, we will introduce some technologies developed for this purpose.

4.2
Artificial Bilayers

Lipid bilayers are indispensable to maintain channel activity and measure the ionic
current. So far, most single channel imaging experiments have made use of artificial
bilayermembranes into which fluorescently labeled channels are incorporated. In the
1990s single fluorescent particles in artificial bilayers were detected for the first time.
Thermal diffusion of individual lipid molecules was directly observed in solid
supported bilayers [4] and self-standing bilayers [5, 6]. In both types of membrane,
these results indicate a rapid lateral diffusion of lipids, which is thought to relate to the
function of channel proteins. Supported bilayers are durable and suitable for long-
termobservationbutnot for single channel current recordingbecause todate it hasnot
been possible to block leakage from the edge of themembrane and fromdefects in the
membranes which are caused mainly by unevenness along the surface of the solid
supports. In contrast, self-standing bilayers in an aqueous environment or on a
hydrophilic gel are suitable for single channel recording because they have little
leakage current although they are very fragile and difficult to handle.

4.2.1
Solid Supported Bilayers

As described above, we can directly see lateral motion of single fluorescent particles
in themembranes if themembranes are sufficiently large. Furthermore, interactions
between receptor molecules and ligands can be detected at the single molecule level
using a TIRF microscope. However, individual fluorophores in solution cannot be
visualized by video rate TIRF recordings but do increase background intensity
because of their rapid three-dimensional thermal diffusion. They are detected as
single spots only when bound to the receptor in membranes. Using this technique,
we studied interaction between a single cardiac ryanodine receptor channel (RyR2)
and single ryanodine (Ry) molecules. RyR2 is the calcium release channel from the
cardiac sarcoplasmic reticulum membrane, which is named after its agonist,
ryanodine. Several facts regarding Ry binding to RyR are known: (1) Ry binds to
an open form of RyR from the cytoplasmic side; (2) RyR is a homotetramer, but
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contains only one sitewith a high affinity for Ry; (3) there is no high affinity binding at
high pCa (intracellular Ca2þ concentration less than 10�7M); (4) the binding time
constant of Ry to RyR has been obtained using biochemical methods (161min).
The cardiac sarcoplasmic reticulum vesicles containing RyR2 were incubated

with anti-RyR antibodies labeled with a Cy5-dye (dye/protein¼ 1). A single RyR2
was labeled with at most four fluorophores because it contains four subunits. Ry was
labeled with Bodipy-FL. Glass supported bilayer membranes were made by the
method of vesicle fusion. Vesicle suspension containing fluorescently labeled
channels was placed on the glass support. When the calcium concentration in the
solution was adjusted to 1mM, the vesicles fused and lipid bilayers were formed on
the glass surface. By controlling vesicle concentration, we were able to produce
bilayers in a very small areawithinwhich channel proteinswere confined. Thus itwas
possible to neglect the effect of lateral diffusion of channels.
As shown in Figure 4.1a, we were able to directly observe the interaction

between fluorescent Ry (BodipyFL-Ry) and RyR (Cy5-RyR2) at the single molecule
level by adding a solution that contained fluorescent Rys to RyR immobilized on
a glass. Figures 4.1b–e show the images of Cy5–RyRs immobilized on glass and
Bodipy FL–Rys bound to the channels. Figure 4.1b and Figure 4.1d are images of
Cy5–RyRs, and Figure 4.1c and Figure 4.1e show BodipyFL–Rys. Figure 4.1b and
Figure 4.1c are fluorescence images excited by a red laser (633 nm) while Figure 4.1d
and Figure 4.1e were taken during excitation with both a green (532 nm) and a red
(633 nm) laser. These figures show that there were three RyRs on the glass
(Figures 4.1b and 4.1d) and at least two Rys bound to two out of three channels
(Figure 4.1e). We determined binding durations of individual Rys. Figure 4.1f shows
the binding duration histogram measured in the presence of 10 nM Ry and 10mM
Ca2þ , which highly activates the channel. The histogram can be fitted by two
exponential functions with the time constants of t1¼ 445ms and t2¼ 3294ms.
Table 4.1 summarizes the binding durations at pCa5 and pCa3, which shows the
single RyR2 channel and ryanodine binding dynamics for the first time by using
single molecule imaging techniques. In the active state (10�5M calcium) ryanodine
showed both long (3–6 s) and short (300–500ms) binding durations to RyR while it
only showed short durations at pCa3. These bindings might correspond to high and
low affinity binding of ryanodine. Thismethod is very simple andhas a high temporal
resolution, allowing sub-millisecond resolution using faster detection systems, such
as an avalanche photo-diode (APD).

4.2.2
Self-Standing Bilayers

The artificial planar bilayer technique has been used to study many types of
channels and is a potential tool to study ionic channels having revealed both
pharmacological and dynamic behaviors [7]. For our purposes, bilayers were formed
horizontally so single fluorescent particles in the membrane could be imaged using
a TIRF microscope [6, 8]. To prevent the vertical movement of the membrane and
possible breakage of the membrane by touching the glass bottom of the chamber,
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the base of the chamber was coated with a thin layer of agarose. The bilayers
were positioned so as to make contact with the agarose layer. The TIRFmicroscope
allowed us to visualize single fluorophores in the membrane by reducing
the background noise and also to detect single fluorescent molecules in the

Figure 4.1 Single molecule observations in
Ry–RyR2 binding. (a) Schematic representation
of the experiment. The receptor channels were
immobilized on the glass. Fluorescent ryanodine
molecules were not excited ($) when they were
distant from the glass surface. Excitation occurs
at a distance of less than 200 nm. However, they
cannot be visualized by video rate recording
because of their rapid three-dimensional thermal
motion. They were visualized as bright spots only

when bound to the channels. (b–e) Fluorescence
images of the same field. The upper panel (b, c)
shows images recorded by excitation with a red
laser (633 nm). The lower panel (d, e) show
excitation with both a green (532 nm) and red
(633 nm) laser. (b) and (d) show images of
Cy5–RyR2 while (c) and (e) represent
BodipyFL–Ry. (f) Histogram of Ry–RyR2 binding
duration measured in the presence of 10 nM
Ry and 10mM Ca2þ .
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solution only when they came very close to the membrane and bound to the
receptors.
Figure 4.2 shows the horizontal bilayer apparatus we developed for single channel

imaging [8]. Figure 4.2a shows the bilayer apparatus consisting of two chambers.
The upper chamber is made from a glass tube which can be moved using a piezo
micromanipulator. A thin plastic filmwith a small pore in the center is attached to the
bottom of the upper chamber. The pore on the film was made on a projection by the
samemethod used to make an aperture for a conventional vertical bilayer. The lower
chamber consists of a glass dish with a hole in the bottom over which a coverslip is
fixed with adhesive just prior to the experiment. The upper and lower solution
chambers are connected to a patch-clamp amplifier throughAg-AgCl electrodes. The
coverslips were washed thoroughly, coated with agarose by painting with a warmed
solution of 0.2–0.5% agarose in water, and then air-dried at room temperature. There
was no special attachment between the agarose and the glass surface. The dried
coverslip was fixed over the hole in the bottom of the chamber with adhesive.
The membrane was formed as follows: a thick membrane was formed across

the hole by adding a small amount of lipid solution (20mg lipid/ml n-decane) to the

Table 4.1 Binding duration of ryanodine to RyR.

Liposome pCa 3
pCa 5

Ryanodine concentration 10 nM 10 nM 1nM 10nM 100nM 1M

t1 254 468 464 445 370
t2 5690 3294 3657 �120 000

Figure 4.2 (a) The bilayer apparatus. This
apparatus consists of two chambers; the upper
chamber is made from a glass tube. A thin
(0.1–0.2mm thick) polypropylene film is
attached to the bottom of the upper chamber.
This film has a small pore in the center across
which the bilayers were formed. The bilayer

membrane formed on the agarose consisted of
two parts: the bilayer membrane in the center
and the surrounding thick annulus. (b) An aerial
view of the membrane taken under a bright field
microscope. The contrast was slightly enhanced
with a CCD camera.

4.2 Artificial Bilayers j91



bottomof the chamber. The upper chamberwas thenmoved in a downward direction
until the membrane came into contact with the agarose-coated coverslip. By slightly
increasing the pressure in the upper chamber, the membrane began to thin out and
finally the center of the membrane became a bilayer (Figure 4.2b). This process of
thinning was facilitated by applying membrane voltages (�100mV) and the bilayer
was then observed using a normal bright field microscope.
A bilayer membrane can also be formed at the tip of a glass pipette and single

fluorophores in the membrane can be detected optically with TIRF. Because glass
pipettes generatemuch lower auto-fluorescence and scatter excitation lightmuch less
thanplastic apertures, they are suitable for single channel imaging.However, they are
not convenient for measuring drug binding to channels since perfusion inside the
pipettes presents difficulties.

4.3
Simultaneous Optical and Electrical Recording of the Single BK-Channels

The techniques described above were applied to achieve an image of a channel
protein [9]. Figure 4.3 shows an example of simultaneous optical and electrical
single channel recordings with a self-standing bilayer in which a Ca-activated
K-channel was fluorescently labeled and incorporated into a bilayer by the vesicle
fusion technique. Figure 4.3A illustrates the strategy used to incorporate the
fluorescently labeled channel into the artificial membrane. The vesicles prepared
from bovine trachea were incubated with monoclonal anti-BK-channel antibodies,
which bind specifically to the BK-channel (Figure 4.3B). After removal of unreacted
antibodies by ultracentrifugation, the channel in the vesicular membrane was
transferred into the bilayer by vesicle-fusion. In order to induce rapid fusion of the
vesicle into the limited area of the bilayer, vesicles that had been osmotically loaded
were puffed through a fine glass pipette.
Figure 4.4 shows the results of the experiments. The channel was labeled with

Cy5-dye molecules and applied to the upper side of the bilayer. Channel proteins
cannot be reconstituted into bilayer membranes simply by adding them to the
aqueous solution. This is in direct contrast to small amphipathic peptides that
spontaneously become incorporated into bilayers. We utilized vesicle-fusion tech-
niques to reconstitute channel proteins into the artificial bilayers. In a specified area
of themembrane andwithin a short time-frame, only one channel protein is expected
to be incorporated into themembrane. However, to observe themoment the channel
becomes incorporated into the artificial membrane, more sophisticated techniques
are required. The vesicles were added directly to the bilayers through a fine capillary
tube. This was immediately followed by an instantaneous increase in ionic concen-
tration in the vicinity of themembrane by injecting a small volume of solution of high
salt concentration. The optimum conditions for successfully incorporating the
channel into the membrane were not the same for all channel types. In fact, even
for proteins of the same type, the conditions changed fromone protein preparation to
the next. Thus, the experimental conditions such as the amount of protein to be used
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and the most suitable ionic concentrations had to be determined for every vesicle
preparation.
A bright spot appeared just before the current across the membrane began to

fluctuate as shown in Figure 4.4A. After incorporation, the spotmoved rapidly within
the bilayer as shown in Figure 4.4B. The diffusion constant, D, was calculated to be
3.0� 1.5� 10�8 cm2/s (n¼ 5) which agrees well with the value for a channel moving
freely in a membrane. This result shows that the fluorescently labeled channel
proteins in the vesicular membrane moved thermally in the solution and when in
close proximity to the horizontal planar bilayer became incorporated into the bilayer
through vesicle fusion. In other words, the bright spot shown in Figure 4.4

Figure 4.3 (A) Schematic diagram showing the
incorporation of channel proteins into a
membrane. The anti-BK channel antibodies were
labeled with Cy5 dye molecules. The vesicles
were incubated with labeled antibodies. After
removal of unreacted antibodies by
ultracentrifugation, the vesicles were added
directly to the bilayer through a fine glass
capillary. The channel protein was transferred
into the planar bilayer by fusion between the
vesicular membrane and the planar bilayer.
(B) The specificity of anti-BK antibody
investigated using SDS-PAGE and Western
blotting. Column (a) shows CBB staining of SDS-
PAGE (4�20%). Columns (b) and (c) represent
Western blots produced with anti-BK antibody
and secondary antibody respectively as the
negative control. For the positive control, the

fusion protein from Schistosoma japonicum
glutathione-S-transferase (GST) and the
C-terminal part of the mouse a subunit from
Alomone labs (Jerusalem, Israel) were used in
lane 3 in each column. The 37-kDa control fusion
protein only stained intensely when treated with
anti-BK antibody. The 70-kDa protein which is
stained in both in b and c indicates that this
molecule is a non-specific protein. In the
sarcolemmmal vesicle fraction, the 120-kDa
protein was stained intensely when exposed to
the anti-BK antibody (column b, lane 2). A prote
in of this size correspondswith the expectedMW
(125 kDa) of BK [10]. As shown in column a,
the sarcolemmal vesicle fraction contained
very little 125-kDa BK protein. These results
confirm the specificity of this anti-BK antibody
against BK in the vesicle fraction.
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corresponded to the channel protein itself. In this study, we did not observe thatmore
than two channel proteins were incorporated into the membrane at the same time
since the density of the BK-channel in the tracheal membrane was very low [10] and
each vesicle contained either no channel protein or only one.
Typical current traces recorded with the horizontal bilayer are shown in

Figure 4.4C. The open probability, PO, of the BK-channel was < 0.01 at pCa 9 and
> 0.95 at pCa3, respectively. The single channel conductance was determined to be
229� 8 pS (n¼ 5). The channel properties elucidated in this study and shown in

Figure 4.4 Simultaneous electrical and optical
recordings of the single BK-channel. (A) The
BK-channel was labeled with Cy5-dye molecules
and incorporated into the bilayer using
vesicle-fusion techniques. The top trace shows
the fluorescence intensity and the bottom trace
shows the simultaneous recording of the single
channel current. The decrease in fluorescence
intensity represents the photobleaching effect of
the Cy5-dyes. The channel had been in the open
state before it was transferred into the planar
bilayer because the solution contained 1mM
CaCl2. The number of Cy5-dyes attached to the
channel was estimated to be approximately
25 from the fluorescence intensity. (B) Thermal
motion of the channel protein in the membrane.
The channel protein moved thermally in the

membrane with a decrease in its fluorescence
intensity as a result of photobleaching.
The diffusion constant was determined to
be 4.0� 10�8 cm2/s corresponding well to the
predicted values of small particles moving freely
in the membrane. This indicates that there was
no strong interaction between the channel and
the agarose layer. (C) Single channel recording of
the BK-channel incorporated into the horizontal
planar bilayer. The traces show single channel
fluctuations taken from the same bilayer shown
in A and B (left). The free calcium concentration
in the upper chamber was controlled by adding
EGTA to the solution. Each trace shows the
current fluctuation at pCa 9 and pCa 3,
respectively. The single channel conductance
was determined to be 225 pS (right).
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Figure 4.4 were consistent with the results obtained in patch-clamp or conventional
planar bilayer experiments [10], showing that it is possible to record the natural
properties of channel proteins with the method described herein.
We have developed a novel method for simultaneously recording the optical and

electrical properties of single ion-channels. This method is so sensitive that we can
image single fluorphores in the membrane and should prove applicable to a wide
variety of channel proteins. It is also possible, with this method, to observe single
fluorescent molecules in solution when they are very close to the membrane.
This means that we can directly observe the interaction between a single channel
protein and its ligand molecules labeled with a fluorescent dye as we did in Ry–RyR
coupling using solid supported bilayers. Such observations will greatly increase our
understanding of the dynamics of ligand–receptor interaction and the activation
mechanisms at the single-molecule level in ligand-activated receptor channels such
as nACh and glutamate receptor channels.

4.4
Detection of Channel Conformational Change

Brisenko et al. observed conformational change in single gramicidin channels using
the same type of membranes [11]. They reported an approach for simultaneous
fluorescence imaging and electrical recording of single gramicidin channels.
Fluorescently labeled (Cy3 and Cy5) gramicidin derivatives were imaged at the
single-molecule level using far-field illumination and cooled CCD camera detection.
Simultaneous electrical recording detected gramicidin homodimer (Cy3/Cy3,
Cy5/Cy5)andheterodimer(Cy3/Cy5)channels.Heterodimerformationwasobserved
optically by the appearance of afluorescence resonance energy transfer (FRET) signal
(irradiation of Cy3, detection of Cy5). The number of FRET signals increased with
increasing channel activity. In numerous cases the appearance of a FRETsignal was
observed to correlate with a channel opening event that could be detected electrically.
Lu and his colleagues reported their studies on the conformational changes in the

gramicidin channel using patch-clamp fluorescence microscopy, which simulta-
neously combines single-molecule fluorescence spectroscopy and single-channel
current recordings using artificialmembranes formed at the tip of glass pipettes [12].
By measuring single-pair fluorescence resonance energy transfer and fluorescence
self-quenching from dye-labeled gramicidin channels, they showed that the
efficiency of single-pair fluorescence resonance energy transfer and self-quenching
is widely distributed, which reflects a broad distribution of conformations.

4.5
�Optical Patch-Clamping�

Demuro and Parker recently described an optical technique known as �optical
patch-clamping� which uses total internal reflection fluorescence (TIRF)microscopy
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to obtain simultaneous and independent recordings from ion channels via imaging of
single-channel Ca2þ flux [13]. Acetylcholine (ACh) receptor channels were expressed
in Xenopus oocytes where single channel Ca2þ fluorescence transients were imaged
using fluo-4 as the indicator. Consistent with their passage through the opening of
individual nicotinic channels, fluorescent signals were seen only when a nicotinic
agonist was present in the bathing solution, and were not observed in the presence of
curare, and increased in frequency roughly with the second power of ACh concentra-
tion. The rise and fall times of fluorescence were as fast as 2ms, providing a kinetic
resolution that was sufficiently adequate to characterize channel gating kinetics.

4.6
Conclusion

Single molecule imaging of ion-channel proteins is still not as well developed as that
for water-soluble proteins. Nevertheless, single molecule imaging has such potential
that it is worthwhile developing techniques that can be applied to ion-channel
proteins. Progress, although slow, has been made as demonstrated by overcoming
lateral diffusion [14]. In this chapter we have described an application of single
molecule imaging techniques to simultaneously observe the optical and electrical
behavior of RyR. This is a very significant advance which will produce large volumes
of information related to single channels.
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5
Signal Transduction across the Plasma Membrane
Masahiro Ueda, Tatsuo Shibata, and Yasushi Sako

5.1
Introduction

The plasma membrane is the entrance for various extracellular signals into the
cytoplasm. This chapter describes the single-molecule imaging approach toward
understanding signal transduction across the plasma membrane. Because the
plasmamembranemakes a good target for single-moleculemicroscopy, the behavior
of cell signaling molecules in the plasma membrane has been studied in living cells
using single-molecule imaging [1–3]. This chapter deals with the signaling of
epidermal growth factor receptor (EGFR) in mammalian cells and cAMP receptor
1 (cAR1) in Dictyostelium cells. EGFR and cAR1 belong to the receptor protein
tyrosine kinases (RTKs) and the trimeric G-protein coupled receptor (GPCRs)
superfamilies, respectively. RTKs and GPCRs are two large superfamilies of mem-
brane receptors situated on the plasmamembranewhich excite complicated reaction
systems inside cells. Analysis of the reaction systems requires quantitative informa-
tion in both time and space. Superior quantitative data with spatiotemporal resolu-
tion in single-molecule imaging measurements is ideal to satisfy this requirement.
Hence, an aim of the studies reported in this chapter is to understand the behavior of
complicated reaction networks inside cells based on unitary protein reactions as
visualized in single molecules.

5.2
Signal Transduction Mediated by Receptor Tyrosine Kinase

RTK is a large super family of membrane receptors found on the cell surface [4]. The
role of most members of the RTKs involves signal transduction for cell proliferation
and differentiation. A typical RTK consists of a single membrane-spanning protein
with a ligand-binding domain at the extracellular side and a tyrosine kinase domain at
the cytoplasmic side. Upon binding with the ligand, the kinase activity of RTK is
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stimulated and several tyrosine residues of RTK in the cytoplasmic domain become
phosphorylated. This tyrosine phosphorylation is critical for the signal transduction
of RTKs as the phosphotyrosine residues provide the scaffolds for cytoplasmic
proteins to signal downstream reactions.
Interactions between RTK molecules are indispensable for the transduction of

signals across the plasma membrane. Having only one membrane-spanning do-
main, which is thought to form an a-helix, conformational changes of the RTK
extracellular domain induced by ligand binding should have no influence on the
structure of the cytoplasmic kinase domain in single molecules. In addition, it is
usually thought that an RTK molecule cannot phosphorylate itself. Actually, ligand-
bound RTKs form homodimers in specific structures which are known as �signaling
dimmers�. Signaling dimer formation changes the steric relationship between two
cytoplasmic domains in the dimers to induce mutual phosphorlyation. In some
cases, such as nerve growth factor (NGF), the ligand is a homodimerwhich crosslinks
two receptor molecules to form a signaling dimer. In other cases, for example
epidermal growth factor (EGF), two ligands contained in a signaling dimer do not
interact with each other but stimulate an allosteric conformational change in the
receptor molecules to induce formation of the signaling dimer [5].
Two types of RTKs are described in this section: EGF receptor (EGFR) and TrkA

nerve growth factor receptor. Activation of EGFR is responsible for proliferation,
morphological changes, chemotacticmovements and carcinogenesis in various types
of cells. Signals from NGF induce differentiation, chemotactic movements and
survival of nerve cells. NGF recognizes two types of membrane receptors, TrkA and
p75. Only TrkA belongs to the RTK superfamily.

5.3
Association between EGF and EGFR and Formation of the Signaling Dimers of EGFR

Association betweenEGFandEGFR and formation of the EGFR signaling dimers are
the initial crucial steps in EGF signal transduction. Extensive studies have been
carried out with regard to the association between EGFand EGFR showing that cells
have only one type of receptor for EGF (EGFR, also called ErbB1) but, on the surface
of living cells, there are multiple populations of binding sites which vary in their
affinity and association and dissociation rates with EGF. On the other hand,
clustering and predimerization have been suggested for at least part of the EGFR
population on the cell surface. However, the relationship between such functional
and structural information is largely unknown [6, 7].
We used EGF conjugated with tetramethylrhodamine (Rh-EGF) at the amino

terminus to trace association processes between EGF and EGFR on living HeLa
cells [8].Modifications at the amino terminus do not inhibit the biological activities of
EGF. HeLa cells were cultured on coverslips and Rh-EGF was applied under a
fluorescent microscope. In order to observe the cells� apical surface, oblique angle
illumination fluorescence microscopy was used. The numbers and intensities of
individual fluorescent spots of Rh-EGF that appeared on the cell surface were

100j 5 Signal Transduction across the Plasma Membrane



examined after the addition of Rh-EGF to the culture medium (Figure 5.1). The
fluorescence intensity of singleRh-EGFmoleculeswas determined from the step size
of photobleaching observed under the same conditions. Early on, most of the
fluorescent spots contained single EGF monomers, but the fraction of EGF
dimers increased gradually with time. Thus single molecule visualization allowed

Figure 5.1 Single-molecule visualization of
Rh-EGF bound on the surface of a living cell.
(A) Rh-EGF was added to the extracellular
medium of cultured HeLa cells. Images taken 40
and 150 s after the addition of Rh-EGF (0.5 nM
final concentration) are shown. (B) Distribution
of the fluorescence intensity of Rh-EGF spots
bound to the cell shown in (A) at 40 and 150 s
after the addition of Rh-EGF. The distributions

were fitted to a sum of two Gaussian functions
(red line). Arrows indicate the mean of the
fractions containing one and two Rh-EGF
molecules. n¼ total number of spots. AU,
arbitrary unit. (C) The total number (closed
squares), monomers (open circles) and dimers
(closed circles) of Rh-EGFbound to the cellswere
counted at the indicated times. The average and
standard deviation of 10 cells are shown.
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quantification of the total number of EGFmolecules bound on the cell surface as well
as dividing the total number of molecules into monomeric or dimeric groups.
Unitary binding processes can be observed directly in single-molecule experi-

ments (Figure 5.2). The sudden appearance of a fluorescent spot on the cell surface
indicates thatRh-EGFfrom the solutionhas bound to a vacant EGFRmolecule.When
the same binding site contains two receptors, a second ligand from the solution will
bind at a certain time after the first to produce a signaling dimer. Kinetic information
concerning EGF/EGFR association can be derived from the lengths of time required
for the first binding to take place (t1) and between the binding of the first and second
ligand (t2) to the EGFRmolecule. The time required for the first binding to take place
can be described by a single exponential function which provides an association rate
constant of 4.0� 108M�1 s�1. On the other hand, the waiting time before the second
binding can take place showed a peak suggesting that there is a kinetic intermediate.
Conducting similar observations using different EGF concentrations, it was con-
cluded that thefirst processwas achieved by some type of structural changewith a rate

Figure 5.2 Kinetic analysis of Rh-EGF binding.
(A) A typical change in the fluorescence
intensity of Rh-EGF at the binding site is
shown (left). At time 0, 0.5 nM Rh-EGF was
added to the medium. A sudden step-like
increase in the fluorescence intensity indicates
binding of a single Rh-EGF molecule. A single
exponential function (a red line; right) was
fitted to the histogram showing the duration
of binding (t1). The total number of events was

102. (B) A typical change in the fluorescence
intensity at the site of the formation of an
EGFR dimer is shown (left). Each step
represents the first and second binding event
of Rh-EGF to a dimeric binding site. Histograms
of the duration (t2) are shown (right). The
total number of events was 147–163. A
function of tandem reaction (red, green and
blue lines) was fitted to the histograms. AU,
arbitrary unit.
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constant of 1.5 s�1 and that the second process involved the binding of the EGF
molecule with a rate constant 2.0� 109M�1s�1. Practically all of the dimeric binding
sites were formed by binding Rh-EGF from the solution. The association of two
binding sites by lateral diffusion and collision along the plasmamembranewas rarely
observed [9].
A simple reaction network for the formation of EGFR signaling dimers from

monomers and predimers of EGFR was constructed including the newly found
kinetic intermediate (Figure 5.3A). In this network, the intermediate is formed by a
conformational change of dimeric receptors after the binding of the first EGF
molecule. Solutions of the coupled differential equations for this reaction network
was obtained analytically and used to fit the experimentally observed time course for

Figure 5.3 Amodel for the formation of signaling
dimers of EGFR. (A) The simplest schemes for the
formation of a signaling dimmer to explain the
experimental results. L and R represent ligand
(EGF) and receptor (EGFR), respectively. The
model includes the novel intermediate L/R-R�

found using single-molecule analysis. The best
fit parameters obtained by this model are shown.
(B) A dynamic conformational change in the
predimer facilitates the formation of the signaling
dimer composed of EGF/EGFR complexes. See
text for details.
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the monomeric and dimeric bindings of EGF (Figure 5.1C). Best fit values of the
reaction parameters agreed very well with the results from direct observation
(Figure 5.2) and were consistent with previous studies. Since this is the simplest
model which takes into account both the presence of the reaction intermediate and is
consistent with experimentally obtained kinetic parameters, it was concluded that
this model is appropriate for the formation of signaling dimers of EGFR.
Our result can be fitted to recent X-ray crystallographic studies by assuming

dynamic structural changes in EGFR. In crystal form, EGFR has two conformations,
a tethered and an extended state. Only the extended state is thought to bind firmly to
EGFand form signaling dimers [5]. Single-molecule experiments suggest amodel for
the formation of the EGFR signaling dimer as follows (Figure 5.3B). Most of the
receptor molecules are in the monomeric tethered state-like structure, which is the
slow binding site for EGF. However, a small percentage of receptor molecules form
predimers in an extended-like structure that binds with EGFmore rapidly than the
monomer by a factor of about 100. EGFmolecules selectively bind to the predimers of
EGFR especiallywhen their concentration is low. Binding of thefirst EGFmolecule to
the predimer induces an allosteric conformational change in the vacant binding site
to make binding of the second EGF even more rapid. In this model, signal
transduction of EGF is facilitated through receptor predimerization and positive
cooperative ligand binding.

5.4
Amplification and Propagation of EGFR Activation

Phosphorylation (activation) of EGFR after formation of the signaling dimers was
examined in single molecules [10]. Cells were incubated with Rh-EGF for 1min and
any unbound Rh-EGF was then washed out. After incubation for various periods of
time, cells were fixed and activated EGFR was detected using the Fab0 fragment of a
monoclonal antibody which recognizes the active conformation of the cytoplasmic
domain of EGFR after phosphorylation. The Fab0 fragment was labeled with a green
fluorophore Alexa 488 (Alx-Fab0).
Rh-EGF and Alx-Fab0 on the plasma membrane were visualized in single mole-

cules. Since, unfortunately, Rh-EGFdissociated from the cell surface during fixation,
binding of Rh-EGF before the fixation and Alx-Fab0 after the fixation were compared
between similarly treated but different cells. Both numbers ofmolecules and binding
sites of Alx-Fab0 increased with time after stimulation with Rh-EGF. At the peak of
activation, the density of molecules and binding sites for Alx-Fab0 were greater than
those for Rh-EGF by a factor of 3.0 and 2.3, respectively, i.e. the EGF signal was
amplified during the activation process of EGFR.
A semi-intact cell technique [11] was used for the simultaneous imaging of Rh-EGF

and Alx-Fab0 to study the process of amplification. Semi-intact cells were prepared by
perforating the plasma membrane using the antibiotic streptolysin-O. Rh-EGF was
applied to the semi-intact cells. Sincemost of the cytoplasm leaked through the pores,
activation of EGFR did not take place at this stage. The cells were then washed and
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loadedwith Alx-Fab0 through the pores. Finally, ATPwas added to initiate the reaction.
Three types of the fluorescent spots were observed on the cell surface; 20% were Rh-
EGF binding sites that were not colocalized with Alx-Fab0, another 10% were Rh-EGF
binding sites thatwere colocalizedwithAlx-Fab0, and theotherwere attributable toAlx-
Fab0 without colocalization of Rh-EGF. The last population is responsible for amplify-
ingEGFsignals. Overall, the time-course of amplification of EGFRactivationobserved
in semi-intact cells was similar to that observed in intact cells (Figure 5.4A).
The fluorescence intensities of EGF, activated receptors, and activated receptors

co-localized with EGF were examined at different time points after the addition of
ATP (Figure 5.4B). Cluster size distributions of EGF were not changed with time
while activated receptors formed clusters whose size increased with time. This
increase was not caused by the clustering of receptors bound with EGF since the
distribution of EGF did not change. From the histograms representing activated
receptors colocalized with EGF, it can be seen that clustering was more rapid and
evident at the colocalization. This is probably because the binding sites of EGFare the
leading spots for activation. Thus, secondary activated receptorswithout EGFbinding
formed clusters around the receptors primarily activated by EGF. Some of the
secondarily activated receptors diffused out of the clusters.
Figure 5.4C shows a model for signal amplification using dynamic clustering and

lateral mobility of receptors. Receptors primarily activated by EGF binding exchange
the pair of dimers and activate other receptors unoccupied by EGF. Activation of the
receptor was propagated on the cell surface by reorganization of the receptor clusters
and lateral mobility. Fusion and splitting of the receptor clusters moving around the
cell surface by thermal diffusion were actually observed using single-molecule
visualization.

5.5
Dynamics of the NGF/NGFR Complex

NGFinducesmorphological and functional changes of the rat pheonochromocytoma
cell line PC12 to a neuron-like cell [12]. NGF (2.5S NGF) labeled with a single Cy3 or
Cy3.5 dye per molecule was prepared to investigate movements of NGF/NGFR
complexes on the PC12 cell surface in single molecules [13].
Typical trajectories of the lateral diffusion movements of Cy3-NGF/NGFR com-

plexes showed periods ofmobility and immobility with abrupt switching between the
two (Figure 5.5A). The mobile and immobile phases were separated according to the
method described by Simson et al. [14]. In brief, for every segment of the trajectory,
the local diffusion coefficient and the maximum radius of the segment were
obtained, and the probability of a molecule diffusing randomly with the local
diffusion coefficient to remain within the maximum radius was calculated. In the
case of NGF on PC12, when a segment longer than 270 ms showed probability less
than 10�4, the segment was defined to be immobile. These parameters were
determined from a comparison between experiments and simulations of random
walks.
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The diffusion coefficients formobile phases, immobile phases and Cy3-NGFfixed
on a glass surface were 0.18, 0.02 and 0.01mms�1, respectively. Thus, even in the
immobile phase, molecules were still moving but more slowly than those in
the mobile phase by a factor of 9. The distribution of the durations of both mobile
and immobile periods fit well to a single exponential function with decay times of

Figure 5.4 Single-molecule analysis of EGFR
activation. (A) Number of spots andmolecules of
bound EGF and activated EGFR produced after
stimulation in semi-intact cells. Average and SE
for 11 cells are shown. See text for details of the
experiment. (B) Fluorescence intensity
distribution of the spots of EGF (top row),
activated EGFR (bottom row), andactivated EGFR

colocalized with EGF (bottom row) at indicated
time points after stimulation. Fluorescence
intensity (horizontal axis) was normalized with
respect to the intensity of single molecules.
Numbers above the arrowheads indicate the
average cluster size. (C) A schematicmodel of the
amplification process of EGFR activation through
the dynamic reorganization of EGFR.
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1 and 1.5 s, respectively. Single exponential distributions suggest that the motional
modes switch in single rate-limiting steps.
During the immobilization period, the NGF/NGFR complex often formed clus-

ters. The clustering continued throughout the immobile phase. Since the formation
of simple clusters of this size cannot reduce the membrane protein diffusion
coefficient significantly, the complex ismore likely to consist of a transientmolecular
complex including cytoplasmic cell signaling proteins. It is also possible that some of
the elements in the complex associated with the membrane skeleton.
TrkA is an NGF receptor that belongs to the RTK superfamily. Treatment of cells

with a trkA-specific kinase inhibitor, k252a, decreased the population of molecules
which showed immobilization. However, for the remaining population of molecules
which showed immobilization, the lifetimes of both the mobile and immobile phase

Figure 5.5 Single-molecule dynamics of the movements of
NGF/NGFR complexes. (A) A representative trajectory of a
Cy3–NGF receptor complex over 7.6 s showing reversible
transitions inmobile and immobile behavior. Immobile segments
are circled. Scale bar, 1mm. (B) Signals from an NGF/NGFR
complex do not flow to Raf1 continually but at discrete times and
space. See text for details.
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did not change, suggesting that immobilization depended on the phosphorylation of
individual receptor molecules, but that k252a did not change the global membrane
structure. Phosphorylation of TrkA induces activation of Ras, which in turn induces
translocation of Raf1 from the cytoplasm to the plasma membrane. GFP-Raf1 and
Cy3.5-NGF were simultaneously observed in single molecules. Colocalization of
NGF and Raf1 suggests the formation of signaling complexes including Shc, Grb2,
and Sos. Measurement of the diffusion movement has revealed that colocalization
takes place only during the immobile periods.
Thus, single-molecule tracking of NGF/NGFR dynamics has revealed that the

complex repeats random states of diffusion and immobilization and that the
signaling complexes are formed during the immobilization period. NGF signaling
does not occur continually but occasionally in discrete time periods and positions
(Figure 5.5B). Although the importance of this phenomenon is not fully understood,
this type of discrete signaling seems to be more efficient under conditions of high
background noise. If a protein continually emits small signals, all of the signals will
be hidden under the high background noise. However, signals emitted in larger
packets can be distinguished from the high background noise even if the level of the
individual signals is not increased.

5.6
Stochastic Signal Processing and Transduction in Living Cells

Intracellular signal transduction depends on stochastic processes such as associa-
tion/dissociation, enzymatic catalysis, chemical modification, conformational
changes and diffusion of signaling molecules, and thus intracellular signals are
inevitably accompanied by randomnoise. How stochastic signaling systems in living
cells operate reliably to receive, process and transduce signals under the strong
influence of thermal and stochastic fluctuations is an open question. Chemotactic
signaling systems in eukaryotic cells are an ideal model system for elucidating
mechanisms of stochastic signal processing and transduction in living cells.
Chemotaxis is a directional motile response in living cells, in which cells move

in a preferential direction in response to a chemical gradient. Chemotactic cells
are extremely sensitive to chemical gradients. In eukaryotic cells, a difference of
only a few percent in the concentration of the chemoattractant across cells is
sufficient to trigger chemotactic movements in a wide range of background con-
centrations [15–17]. Because ligand binding to specific receptors is a stochastic
process, receptor occupancy should fluctuate with time and space, and thereby signal
inputs for chemotaxis should become noisy. The noise resulting from the measure-
ment of chemical concentrations has been studied theoretically, and has revealed
physical limits to a cell�s sensing ability [18–21]. Theoretical estimations of the signal
inputs suggest that cells receive a faint signal under the strong influence of stochastic
noise generated during ligand-binding reactions. Thus, how cells obtain reliable
information regarding the gradient is a critical question for directional sensing in
chemotaxis.
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To gain insights into mechanisms of stochastic signal processing and transduc-
tion, it is important to elucidate experimentally the stochastic nature of signaling
molecules. For this purpose, we have developed single-molecule imaging techniques
in living cells, and have applied these techniques to chemotactic signaling systems in
Dictyostelium cells, which have successfully revealed the stochastic nature of the
signaling molecules responsible for chemotaxis [22–24]. We have also developed a
theoretical framework to analyze the impact of noise associated with the signal
transduction processes [25]. We begin with a brief introduction to chemotactic
signaling systems in Dictyostelium cells.

5.7
Chemotactic Signaling System of Eukaryotic Cells

Molecular mechanisms of chemotactic response are highly conserved among many
eukaryotic cells including human leukocytes andDictyostelium cells. InDictyostelium
cells, extracellular adenosine 30,50-monophosphate (cAMP) molecules trigger che-
motactic signaling by binding to G protein-coupled cAMP receptor (cARs), which is
mediated through G protein-liked signaling pathways including heterotrimeric G
protein, Ras, PI3K, PTEN, PH-domain-containing proteins, guanylyl cyclase, PLCg
and PLA2 [26, 27]. One of the key reactions in this signaling system is a distinctive
localization of phosphatidylinositol 3,4,5-trisphosphates (PI(3,4,5)P3) on the mem-
brane exposed to a higher concentration of cAMP, which can be monitored by the
binding of PH-domain-containing proteins to PI(3,4,5)P3 on themembrane. Similar
localizations of PH-domain-containing proteins have been observed in mammalian
leukocytes and fibroblasts. The localization of PI(3,4,5)P3 depends on dynamic
signaling processes by PI3K and PTEN because they control the production and
degradation of PI(3,4,5)P3, respectively, inwhich reciprocal distributions of PI3K and
PTEN leads to the accumulation of PI(3,4,5)P3 at the leading edge of chemotaxing
cells. PI(3,4,5)P3 has been suggested to produce pseudopod extensions by recruiting
PH-domain-containing proteins to the side of membrane exposed to a higher
concentration of chemoattractants. Thus, chemotactic signaling systems can convert
small differences in extracellular signals into localized signals for promoting the
preferential formation of pseudopods. The localization of PI(3,4,5)P3 takes place in
an all-or-nonemanner, suggesting that noisy input signals are somehowprocessed to
generate a clear signal reflecting the direction of the gradient of extracellular cAMP
within cells.

5.8
Stochastic Nature of Chemotactic Signaling Molecules

Tomonitor input signals for chemotactic response, we prepared a fluorescent analog
of cAMP (Cy3-cAMP) and used a total internal reflection fluorescence microscope
(TIRFM) with which Cy3–cAMP binding to the receptors can be observed on the
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membrane of living Dictyostelium cells at the single molecule level (Figure 5.6A
and B) [22]. The stochastic properties of the receptors were examined by determining
the lifetime of the cAMP–receptor complex and receptor occupancy in the living cells.
The lifetimes of the cAMP–receptor complexes exhibit an exponential distribution
(Figure 5.6C), meaning that ligand dissociation from the receptor is a random
process. The time series of receptor occupancy exhibits fluctuations with exponential
time correlations, revealing that ligand binding follows a Poisson distribution. Thus,
ligand binding takes place in a random manner and the input signals are therefore
noisy.
Figure 5.6D shows receptor occupancy in the cells moving toward the higher

concentration of Cy3–cAMP. Receptor occupancy was sometimes inversely propor-
tional to the gradient of the chemoattractant. In our experimental system, only the
basal surface of the cells could be visualized, and hence the receptor occupancy shown
here does not represent the total input of chemotactic signals to the entire surface of

Figure 5.6 Stochastic properties of
chemoattractant receptor. (A) Schematic
drawing of single-molecule imaging of
Cy3–cAMP bound to cAMP receptors. The basal
membrane ofDictyostelium cells was observed by
total internal reflection fluorescencemicroscopy.
Cy3–cAMP molecules are visible as fluorescent
spotswhen they bind to the receptors. (B) Single-
molecule imaging of Cy3–cAMP bound to
Dictyostelium cells. Scale bar, 1mm.
(C) Cumulative frequency histogram of the
lifetime of Cy3–cAMP spots. The lifetimes of
individual Cy3–cAMP molecules were obtained

by measuring the time that elapsed between the
appearance and the disappearance of the
fluorescent spots. The line represents the fit of
the data to the sum of two exponential functions
with dissociation rates of 1.0 and 0.13 s�1.
(D) Time course of receptor occupancy in
chemotaxing cells. The number of Cy3–cAMP
spots bound to the basal surface of the cells was
counted. The numbers of Cy3–cAMP bound to
the anterior (black line) and the posterior (gray
line) halves of the cells exhibited fluctuations in
the receptor occupancy, as shown by the noisy
input signals.
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the cells. However, assuming that ligand binding follows a Poisson distribution,
receptor occupancy on the whole surface of the cells can be calculated by numerical
simulations basedonparameter valuesobtained experimentally forDictyostelium cells.
Such simulations confirm that input signals for chemotaxis are noisy.
Single-molecule imaging analysis has also revealed stochastic behaviors for other

signaling molecules responsible for chemotactic response [23, 24]. Crac, which is one
of the PH-domain-containing proteins, is stably localized at the pseudopod of che-
motaxing cells. We observed GFP-tagged Crac (Crac-GFP) and examined the mem-
brane-binding properties of Crac-GFP in cells undergoing chemotaxis. At the leading
edge of the pseudopod of chemotaxing cells, individual molecules of Crac-GFP bind
to the membrane in the order of�100ms, while populations of Crac-GFP molecules
appear to be localized in a stable manner on the membrane. Thus, Crac localization at
the pseudopod is maintained dynamically by rapid exchanges of the individual Crac-
GFP molecules. Such rapid exchanges of individual Crac molecules cause inevitable
fluctuations in the ensemble concentrations of Crac molecules at the pseudopod,
which is the molecular basis of signal noise. However, at the same time, the rapid
exchange ofmolecules provides amolecular basis for rapid reorientation in response to
directional changes in the chemical gradients, which can contribute to an accurate and
sensitive chemotactic response. These dynamic properties have also been found in
PTEN molecules [24]. Overall, this may be a general process for signaling molecules
involved in chemotaxis.

5.9
Stochastic Model of Transmembrane Signaling by Chemoattractant Receptors

How can signal and noise propagation during transmembrane signaling by the
receptors be characterized?What properties of the receptors are important for signal
and noise propagation? We consider a simple but general scheme for transmem-
brane signaling in which receptors receive ligands stochastically as signal inputs.
These activated receptors generate second messengers stochastically as outputs
(Scheme 1; Figure 5.7A) [25].

Rþ L!kon
kof f

R�; R� þX�!kp R� þX�; X� �!kd X ð5:1Þ

where R, R� and L represent inactive receptors, active receptors and the ligand,
respectively. X and X� are inactive and active second messengers. X can be regarded
as the G protein for chemotactic signaling in Dictyostelium cells. According to this
scheme, the average number of active receptors R� and second messengers X � per
cell can be calculated using Michaelis–Menten kinetics,

R� ¼ Rtotal � L � ðKR þ LÞ�1; X� ¼ Xtotal �R� � ðKX þR� Þ�1 ð5:2Þ

where Rtotal is the total molecular number of receptors per single cell, KR¼ koff/kon is
the affinity for the ligand with association and dissociation rate constants kon and koff,
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Xtotal is the total number of second messenger molecules per cell, KX¼ kd/kp is the
concentration of active receptors where the activation of the second messenger
reaches half-maximum with production and degradation rates of kp and kd for the
second messenger. Note that Equation 5.2 represents the input–output relationship
between the average number of active receptors and the average number of active
secondmessengers. To describe the signal and noise propagation during transmem-
brane signaling by the receptors, the input–output relationship between temporal
noise in the concentration of the active receptor (s2

R) andnoise in the concentration of
the active second messenger (s2

X ) should be taken into account.

Figure 5.7 Stochastic model of transmembrane
signaling by chemoattractant receptors. (A) Signal
transduction reactions by chemoattractant
receptors. The ligand (L) binds to the inactive
receptor (R) leading to the formation of an active
receptor (R�), which produces the active second
messenger (X�) from the inactive precursor (X).
The active X� is switched off to the inactive state X
in due time. (B) The cell is placed under a ligand
concentration gradient, which leads to variations
in the concentration of the second messenger

between the anterior and posterior ends of the
cell. See text for details. (C) Dependence of
the SNR of chemotactic signals on ligand
concentration obtained theoretically using
Equation 5.5. Parameter values used for the
calculation are summarized in our previous
report [25]. The theoretically-obtained SNR
(red line) was overlaid on the experimental
data to verify the chemotactic accuracy of
Dictyostelium cells (green circles) as reported by
Fisher et al. [16].
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The noise of the active receptor (s2
R) and the active second messenger (s2

X ) are
given by the gain fluctuation relationship [28] which is shown below,

s2
R

R�2 ¼ gR
1

R� ð5:3Þ

s2
X

X �2 ¼ gX
1

X � þ g2X
tR

tX þ tR
s2
R

R� 2 ð5:4Þ

where tR and tX are the characteristic time constants for the ligand binding reaction
and the reaction to produce the second messenger, respectively. In Equation 5.1, the
timeconstantsof the reactionsaregivenby thereactionratesastR¼ (konL þ koff)

�1 and
tX¼ (kpR� þ kd)

�1. The gains, gR and gX, quantify the amplification rate of the output
response to small changes in input. These gains are given by gR¼KR�(KR þ L)�1

and gX ¼ KX � ðKX þR�Þ�1. The first and second terms on the right-hand side of
Equation 5.4 are known as the intrinsic and the extrinsic noise, respectively. The
intrinsic noise represents inherently-generated noise due to the stochastic nature of
the reactions produced by the secondmessenger, while the extrinsic noise represents
the noise propagated from ligand–receptor binding reactions. Thus, Equation 5.4
describes the input–output relationship between noise in the active receptor concen-
tration and noise in the active second messenger concentration.
The gain-fluctuation relationship tells us that signal and noise propagation along the

signaling cascade can be characterized by the gain and the characteristic duration of
the signaling reactions (Equations 5.3 and 5.4). The reactions with higher gains
generatemorenoise. Also, the propagation of the noise from the active receptor to the
second messenger concentration depends on the factor tR= tX þ tRð Þ in the second
term. As tR/(tX þ tR) decreases with a decrease in tR and/or increase in tX, the
extrinsic noise decreases due to an increase in time-averaging effects. In order to
reveal how signal and noise are propagated along the signaling cascade, it is
important to determine experimentally the gains and the time constants, which is
possible by using single-molecule imaging detection and other techniques.
To evaluate the effects of the noise on gradient sensing, we studied the signal-to-

noise ratio (SNR) of the chemotactic signals. As shown in Figure 5.7B, the difference
in concentration of the ligand (DL) may produce the difference in receptor occupancy
(DR�), whichmay in turn produce the difference in secondmessenger concentration
(DX�) between the anterior and posterior regions of chemotactic cells. DR

�
and DX�

should include the noise s2
DR and s2

DX around the average values DR� and DX � ,
respectively. Based on the gain-fluctuation relationship (Equation 5.4), the relationship
between the relative noise intensities sDR=DR� and sDX=DX � is given by

s2
DX

DX� 2 ¼
1

gXX
�

R�

DR�

� �2

þ tR
tX þ tR

sDR

DR�

� �2

ð5:5Þ

where the first and second terms on the right-hand side are derived from the intrinsic
and extrinsic noise, respectively. We defined DX �=sDX as the SNR of the chemotactic
signals, which can be calculated by using the appropriate parameter values obtained
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experimentally forDictyostelium cells. Figure 5.7C shows the dependence of the SNR
on the average ligand concentration with a 2% gradient. The SNR dependence
resembles the dependence of chemotactic accuracy on ligand concentration mea-
sured experimentally for Dictyostelium cells [16]. This agreement between the SNR
and the accuracy of chemotaxis indicates that the ability of directional sensing is
limited by the stochastic noise generated inherently during the transmembrane
signaling of receptors. Furthermore, it suggests that chemotactic accuracy is deter-
mined primarily at themost upstream reactions of the chemotactic signaling system.
Our stochastic model can be further applied to other chemotactic cells. Similar
dependence of chemotactic accuracy has been also observed in mammalian leuko-
cytes and neurons [15, 29].
Equation 5.5 suggests how the SNR of chemotactic signals is enhanced or

diminished by the properties of the receptors and the downstream second messen-
ger. The time constants and the gains of the signaling reactions determine the signal
and noise propagation and hence the SNR of chemotactic signals. For example, a
longer lifetime of the second messenger leads to more effective noise reduction by
time-averaging the extrinsic noise because the time constant, tX, becomes larger,
suggesting that the regulatory mechanism for second messenger inactivation may
play a pivotal role in signal enhancement during chemotaxis. The GTPase-activating
proteins such as regulators of G protein signaling (RGS) can regulate the quality of
the signal by modulating the inactivation rates of the G protein. Modulation of the
time constant, tR, also has an effect on the SNR of chemotactic signals. Acceleration
of the on-rate (kon) and the off-rate (koff) in the ligand-binding reaction would cause a
decrease in tR leading to an enhancement in the SNR. Polarity in receptor kinetic
states along the length of chemotactic cells has been observed by single-molecule
measurements [22], suggesting a polarity in the SNR of chemotactic signals. This
may provide a molecular basis for the polarity observed in the chemotactic response
ofDictyostelium cells [30].When the secondmessenger is produced by a reactionwith
cooperativity, the gain, gX, may become larger, causing noise reduction by decreasing
the intrinsic noise [28].
It is important to emphasize that signal transduction systems can carry out signal

processing under the strong influence of molecular noise. In order to fulfill their
functions, cells must have some mechanism which makes them resistant to such
strongnoise. In particular, chemotactic cellsmust overcome thenoise in order to gain
high sensitivity for shallow gradients within a wide dynamic range. In addition, cells
could also be taking advantage of the molecular noise to undertake their functions,
which could not be achieved without noise. We show here that the gain-fluctuation
relationship canbe applied successfully to a stochastic signaling system.The signaling
processes such as association/dissociation, enzymatic catalysis and chemical modi-
fication of signaling molecules have been described by Michaelis–Menten method-
ology and its extended equations. However these only explain the relationship
between signal inputs and outputs on average. The gain-fluctuation relationship can
be used to describe not only the signal but also the noise propagation along signaling
cascades. According to the relationship, it is important to determine the time
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constants and the gains of the signaling reactions experimentally in order to reveal
the signal and noise propagation along a stochastic signaling system. Single-mole-
cule imaging techniques provide a unique tool for elucidating the stochastic nature of
signaling molecules at work in living cells.

5.10
Conclusions

In RTK signaling across the plasma membrane, single-molecule imaging has
revealed that the formation of signaling dimers of EGFR was facilitated by a high
rate of association and positive cooperative binding of EGF to predimers of EGFR.
The EGF signal was amplified by the secondary activation of EGFR using a dynamic
interaction between occupied and unoccupied receptor molecules. Signaling com-
plexes of NGFR were formed repeatedly during the immobile phase of NGF/NGFR
dynamics suggesting that signals transduce as packets. These results indicate that cell
signaling is improved at the plasma membrane using dynamic molecular systems.
Also, we provide a theoretical framework to describe how signals and noise are
propagated along stochastic signaling systems in living cells. It has long been
suggested that the plasma membrane is not merely a simple entrance for external
information to pass into cells but is the site where sophisticated signal processing
takes place. Single-molecule imaging is now uncovering the mechanism of signal
processing at the plasma membrane.
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6
Dynamics of Membrane Receptors: Single-molecule Tracking
of Quantum Dot Liganded Epidermal Growth Factor
Guy M. Hagen, Keith A. Lidke, Bernd Rieger, Diane S. Lidke, Wouter Caarls,
Donna J. Arndt-Jovin, and Thomas M. Jovin

6.1
Introduction

The erbB family of receptor tyrosine kinases (RTKs) includes erbB1 (the classical
epidermal growth factor (EGF) receptor, hereafter referred to as EGFR), erbB2, erbB3
and erbB4. Activation of these transmembrane proteins initiates signaling cascades
controlling numerous cellular processes such as DNA replication and division.
Binding of specific peptide ligands to the ectodomains of the RTKs leads to auto- and
transactivation of the cytoplasmic protein kinase domains. The activated receptors
bind adaptor proteins, initiating several signal transduction cascades, such as those
mediated byMAP kinases. The fate of the activated receptors is complex: endocytosis
via coated pits, covalent modification (deactivation by enzymatic dephosphorylation
and ubiquitinylation), and endosomal trafficking leading to proteosomal and/or
lysosomal degradation or recycling to theplasmamembrane. The overexpression and
unrestrained activation of the erbB family are implicated inmany types of cancer [1].
We have shown in previous publications [2, 3] that quantum dots (QDs) bearing

natural ligands function as effector molecules and provide the means for prolonged
real-time visualizations of erbB molecules on living cells. The multiple steps of the
signaling pathways can be followed, and detailed movies of image sequences of the
underlying mole-cular processes can be generated (available as supplementary
information in [2, 3]).
For the studies reported here, biotinylated EGF was bound to commercial

streptavidin-conjugated QDs. QDs have unique features providingmany advantages
for cellular imaging: (i) high absorption cross-sections and quantum yields, permit-
ting detection down to the single nanoparticle level and reliable quantitation of
binding and transport phenomena; (ii) extreme photostability, allowing imaging
over prolonged periods; (iii) a broad excitation spectrum rising toward the UV,
allowing the simultaneous excitation of visible fluorescent proteins (VFP) and QDs;
and (iv) narrow emission bands across the visible spectrum. QDs can be regarded as
single molecule probes [4].
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Copyright � 2009 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
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In this chapter we feature (i) the retrograde transport of activated EGFR; (ii) the
diffusional behavior of non-activated, kinase-inhibited single receptors on the cell
body and filopodia using a high speed and high sensitivity electron multiplying CCD
(emCCD) camera; and (iii) the rapid, light efficient three-dimensional (3D) imaging of
the early binding events of individualQD-EGF ligandswith a commercial prototype of
a new generation, optically sectioning programmable array microscope (PAM).

6.2
Single QD Imaging

The excitation and emission spectra of commercially available QDs from Invitrogen
are shown in Figure 6.1. Due to their high absorption cross-section in the low visible
and UV range and emission in the red to far red, QDs are ideal emitters for signal
acquisition by CCD cameras. However, the relatively long lifetimes (10–20 ns)
implies that their maximal rate of fluorescence emission (in terms of photon flux)
is somewhat limited [5]. Imaging single QDs in raster scanning systems, particularly
with PMT detectors, requires long pixel dwell times, and high laser powers. Such
systems arenot ideally suited for observing diffusion rates or rapid, live processes.On
the other hand, CCD cameras have high sensitivity at long wavelengths, and
emCCDs in particular have superior sensitivity for short acquisition times at low
light levels [6]. These features were exploited in the experiments presented here. In
addition, a versatile optical sectioningmicroscope, the PAM,was used tomeasure the
initial steps of QD-EGF binding and EGFR activation, and the diffusion of individual
(mono-liganded) QD-EGFR complexes in three dimensions.
In order to take full advantage of the potential afforded by the unique character-

istics of QDs, wide-field imaging systems generating continuous emission spectra at
every pixel position are also highly desirable. Fourier encoding and CCD detection
combines very efficient detection and spectral reconstruction of low-light level
images. To record single QD spectra, we used a commercial Fourier interferometric
spectrograph, the SpectraCube manufactured by Applied Spectral Imaging (Migdal
Haemek, Israel). With the very high magnification afforded by a unique Olympus
150� 1.45 NA objective mounted in an IX71 microscope, we obtained very distinct
signals attributable to individual QDs either attached to a surface transpore or in
cells [7] (Figures 6.1b and c).

6.3
Retrograde Transport of Activated EGFR Dimers

The epidermal growth factor receptor (EGFR) is a single chain integral transmem-
brane protein with an ectodomain encompassing the EGF peptide binding site. The
receptor is distributed on the cellular plasma membrane, including the filopodia
(Figure 6.2). Filopodia are fine processes extending from the cell body with a core of
actin bundles, the filaments of which have pointed ends oriented towards the cell
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interior. Addition of complexes ofQD–streptavidin conjugatedwith biotinylated EGF
at sub-nM concentrations results in rapid binding of theQD–EGF to receptors on the
cell body and along the filopodia (Figures 6.2 and 6.3). In a previous study [3] Lidke
et al. showed that incubation of cells with 5 pM of QD–EGF for a fewminutes caused
individual QDs to attach to single EGFR molecules on filopodia and undergo
diffusion. Addition of excess free EGF led to concerted activation of neighboring
receptors and the QD–EGF–EGFR complex, which immediately underwent directed
retrograde transport toward the cell body. An intact actin cytoskeleton as well as

Figure 6.1 Absorption and fluorescence
emission spectra of commercially available QDs
in bulk solution, and hyperspectral image and
emission spectra of single QDs. (a) Excitation
spectra, solid curves; emission spectra, dotted
curves. Figure from Invitrogen, used with
permission. (b) Hyperspectral image of
fluorescence emission from single QDs in a

mixture as recorded with the Applied Spectral
Imaging SpectraCube. Colors in the image are
assigned by the spectral imaging software using
an arbitrary table and are not necessarily
representative of the true color of objects in the
image. (c) Fluorescence emission spectra of the
individual QDs indicated in panel b.
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an activated EGF receptor dimer was necessary to maintain the transport process
(Figure 6.3, taken from Figure 4 in [3]).
The actin bundles in filopodia undergo growth and exchange by addition of

monomers to the plus ends and depolymerization from the minus ends, a process
referred to as treadmilling. In combination with the active pulling of actin filaments
bymyosin, treadmilling results in a net flow of F-actin towards the interior of the cell.
Association of macromolecules with an actin filament leads to a translocation of the
cargo towards the cell body. Specific inhibitors of the EGFR RTK as well as
cytochalasin D, a disruptor of the actin cytoskeleton, abolish transport but not free
diffusion of the receptor–ligand complex. The coupling of the QD–EGF–EGFR
complex to this retrograde flow was further corroborated by photobleaching of
actin–EGFP bundles during transport and correlation of the movement of the QDs
and the bleached actin segment (see Figure 3 in [3]). From data such as these we were
able to calculate the velocity of retrograde transport to be 20� 8 nm/s.
In the same studies, it was demonstrated that retrograde transport precedes

receptor internalization, which occurs at the base of the filopodia. The fact that
initiation of transport requires the cooperative interaction of two or more activated

Figure 6.2 Reconstructed, sectioned image from the
programmable array microscope (PAM) showing distribution
of EGF-bound EGFR on A431 cells. The cells stably express
EGFR–eGFP (green). QD655–EGF (red) bind to the EGFR on the
filopodia and the cell membrane. The image is a maximum
intensity projection of 19 focal planes acquired using an exposure
of � 16ms per slice with a spacing of 0.5mm.
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receptors suggests that filopodia function as sensory organelles for the cell, probing
for the presence and concentration of effector molecules distant from the cell body,
and coupling sensing to cellular response via a directed transport of receptors
activated upon achieving a given threshold of ligand [3].

6.4
Single QD–EGF–EGFR Tracking

Measurements of QD–EGF–EGFR diffusion using single particle tracking methods
in laser scanning confocal microscopes yielded diffusion constants an order of
magnitude slower than those reported in studies of EGF–EGFR based on fluores-
cence recovery after photobleaching (FRAP) orfluorescence correlation spectroscopy
(FCS) [3]. In this chapter, we present new data acquired with a fast emCCD camera of
kinase-inhibited QD–EGF–EGFR under conditions permitting visualization of
single molecules.
AlthoughQDblinking can be advantageous, i.e. for identifying single particles and

achieving spatial superresolution [8], the phenomenon complicates the analysis of
tracking due to the transient interruption of the signal. We have developed special
data processing routines to take into account the random blinking periods and to
achieve automated identification and tracking of the QD–EGF–EGFR complexes.
Definitions and procedures are as follows:

(a) An �on�QD signal is defined as an intensity at least 50%of the running average of
all QD intensities. Intensities below this threshold are considered �off�.

(b) Positional information is only stored when the QD is �on�.

Figure 6.3 Time series and particle track
showing movement of a QD–EGF–EGFR on an
A431–eGFP cell. (A) Selected frames from a time
series after binding 5 pMEGF–QD(red) followed
by addition of free EGF (50 ng/ml) at 300 s. Bar,
5mm. Images are contrast enhanced and were
taken with a Zeiss LSM 510. (B) Trajectory of the

indicated QD–EGF–EGFR complex (A,
arrowhead) on a filopodium that exhibits
random diffusional movement (black) until the
addition of unlabeled EGF (green box), after
which the complex begins active retrograde
transport (red). (Figure from [3], reproduced by
permission).
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(c) To avoid losing the QD during the �off� period and switching the track to another
�on� QD, we compare the newly found track position against the probability of a
jump distance equal to or greater than the observed jump distance, r, by diffusion
in the time Dt, Pðr;DtÞ ¼ e�r2=4DDt where D is an assumed diffusion constant.
If this probability is less than 5%, we search future time-frames for an �on�
position with higher probability. If one is found, we mark the QD as �off� until
tracking continues at the future time-fame. If no higher probability events are
found, we accept the unlikely jump position.

Using this algorithm we imaged at video rates QD–EGF–EGFR on the cell body
and filopodia of cells treated with the kinase inhibitor PD153035. As shown in
Figure 6.4, analysis of the trajectories from single QDs yield mean square displace-
ment (MSD) curves that could be fit to retrieve diffusion constants [9]. The MSD
calculated from the trajectory in Figure 6.4 fits well to a �corralled diffusion�
modelMSDðDtÞ ¼ offsetþ L

3
2e�Dt=T where L is the diameter of the confinement zone,

T is the time required to explore the zone, D¼ L2/(12T) and the offset accounts for
localization error. The parameters derived from this fit were: D¼ 0.05mm2/s;
T¼ 0.39 s and L¼ 0.48mm. A histogram of the values derived from these data is
shown in Figure 6.4e. The mean diffusion constant of QD–EGF–EGFR was
0.021� 0.022mm2/s on the cell body and 0.015� 0.013mm2/s on filopodia; i.e. there
were no discernable differences in the motion at short time scales for the two cases.
The MSD plots indicate that in the presence of kinase inhibitor, the receptors
underwent corralled diffusion, and not transport. A complete analysis of single
molecule diffusion of the EGFR on the cell body as well as on filopodia has
been conducted and compared with data obtained by FRAP of the unliganded
receptor (K. A. Lidke et al., unpublished data).

6.5
Programmable Array Microscopy

Dual pass programmable array microscopes (PAMs) are defined by the use of a
spatial light modulator (SLM) in a primary image plane of a standard fluorescence
microscope. The SLM provides for structured illumination as well as conjugate
descanning of the image to achieve optical sectioning. The major advantages of the
PAMare: (i) simple, inexpensive designwith nomoving parts; (ii) speed-up in optical
sectioning due to an illumination duty cycle for each pixel of up to 50%; (iii) optimal
detection sensitivity, e.g. using emCCD cameras; (iv) continuously programmable,
arbitrary, and adaptive optical sectioning modes between or within images using
libraries of dot, line, or pseudo-random (Sylvester) sequence patterns; (v) efficient
and sensitive optical sectioning due to simultaneous detection and processing of both
conjugate and non-conjugate light; (vi) compatibility with polarization, hyperspec-
tral, lifetime-resolved, and other imaging modes; and (vii) minimal photobleaching.
Our initial implementation of the PAM [10–13] used a digital micromirror device

(DMD) for optical sectioning or transmissive liquid crystal SLMs for imaging
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spectroscopy. Other reported PAMs are based on DMD [14–17] and liquid crystal-
on-silicon (LCoS) [18] SLMs. Of these, only one [15] was applied in fluorescence
microscopy, using a fringe projection technique similar to that used by Wilson
et al. [19]. The DMD-based PAM suffered from several serious limitations leading to

Figure 6.4 Analysis of single particle tracking
data taken with an emCCD camera. (a)
Sequential frames from a time series. Yellow
spots indicate successful tracking. Blue spots
indicate quantum dot �off� states. Only spots
with a sufficiently high correlation to the
microscope PSF were chosen for tracking.
Quantum dots with 655-nm emission were
imaged using an Andor iXon emCCD camera
with illumination from a Hg lamp (435/20
bandpass filter) using 20-ms exposures at

33 frames/s.) (b) The intensity trace of the
indicated QD over time demonstrates blinking.
(c) Trajectory (blue) of the indicated (arrow) QD
in A. Filled (red) circles designate �off� periods.
(d) Diffusion constants were retrieved by fitting a
parameterized model to the Mean Square
Displacement (MSD) curve. (e) Distribution of
diffusion constants found for receptors on the
cell body (red) or filopodia (blue). Diffusion
constants are derived by a linear fit to the first 10
points (0.3 s) of the MSD curve.
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degradation of the acquired confocal images: lack of a suitable, easy to use video
interface for scanning pattern definition, diffraction effects, limited VGA format,
and a low micromirror tilt angle. In addition, the imaging of conjugate (in-focus
light from �on� pixels) and non-conjugate (out-of-focus light from �off� pixels) on a
single camera was not feasible.
We have developed a new PAM in collaboration with Cairn Research Ltd.

(Faversham, UK) based on a ferroelectric LCoS microdisplay (Forth Dimension
Displays, Dunfermline, Scotland). This microdisplay has several favorable char-
acteristics for use in a PAM: SXGA resolution, high fill factor (93%), good contrast
(400 : 1), and a fast liquid crystal switch time (40ms). When used for video
projection, this microdisplay operates in a 24-bit color-sequential mode; each video
frame is broken into 24 adjustable-length bitplanes, eight each for red, green and
blue. For PAM operation, the color-sequential mode is disabled and each of the 24
bitplanes is displayed for the same length of time, refreshing at 1.44 kHz. Scanning
patterns are defined by simple display of a 24-color Windows bitmap file via a
standard computer DVI video interface. Possible scanning patterns include those
based on dot lattices, line arrays, or pseudorandom (Sylvester) sequences or
arrays [10, 13, 20]. An �on� pixel is one in which plane polarized light is reflected
with a 90-degree rotation in the plane of polarization. �Off� pixels reflect light with
no change in polarization state. Light sources (LEDs, lasers, lamps) must thus be
linearly polarized, either intrinsically, or by means of a polarizing beam splitter
cube. Light of both linear polarization states (horizontal and vertical) is projected
onto the microdisplay. Since both �on� and �off� pixels are reflected along the optical
axis, an image splitter arrangement allows the conjugate (in-focus) and non-
conjugate (out-of-focus) light to be imaged on a common detector, in our case an
emCCD (Ixon DV885 or DV887, Andor Technology, Belfast, Northern Ireland).
Spinning disk confocal microscopes also generate conjugate images; these are
optically sectioned images with an offset due to cross-talk between the many
pinholes. The PAM has the advantage that a scaled subtraction can be performed
using both the conjugate and non-conjugate images to generate a confocal image
with no DC offset [13, 21]. In addition, the sectioning capability is fully program-
mable and can achieve very high duty cycles. To generate the final image, the
conjugate and non-conjugate images are registered and subtracted, with scaling
factors applied to both images that depend on the pattern used [13]. Image
registration, scaling, and if desired, background subtraction, filtering, and other
image processing operations are performed in real time (processing and display
require 10ms per image) using a workstation-class graphics card and BrookGPU, a
graphics processing unit (GPU) programming library freely available on the
Internet [22].
To demonstrate the sensitivity and high speed optical sectioning ability of the

PAM, we imaged single QDs bound to A431 cells expressing the EGFR. The QDs
were added at a concentration of 200 pM, allowed to bind for 3min at room
temperature, then removed by washing with Tyrode�s buffer. Imaging was started
immediately at a rate of � 6Hz using an exposure time of 33ms. Three selected
frames of a 300-framefilm are shown in Figure 6.5. Binding is similar to that shown
in Figure 6.2.
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Figure 6.5 Movement of a QD–EGF–EGFR on
an A431 cell taken with the programmable array
microscope (PAM). Frames 1 (green, 0 s), 80
(red, 13.3 s), and 160 (blue, 26.6 s) of a 300-
frame film (50 s total) shown as a three-color
overlay. Diffusion and blinking of single

QD–EGF–EGFR are visualized. Arrow 1 indicates
a QD–EGF–EGFR that did not move; arrow 2, a
QD–EGF–EGFR that has blinked �off� in frame
160; and arrow 3 a mobile QD–EGF–EGFR. Data
were recorded with an exposure time of 33ms at
a rate of � 6Hz.

6.6
Concluding Remarks

The field of cellular imaging has benefited enormously from parallel technological
developments leading to dramatic increases in sensitivity, spatial and temporal
resolution, and selectivity. Luminescent quantum dots, as well as silica-based
nanoparticles and nanodot clusters of noble metals not featured in this chapter
(see [23]), provide single-molecule sensitivity in imaging systems designed for
studies of living cells. We favor wide-field microscope systems for this application
because of their much higher acquisition speed, particularly in combination with
electron multiplying CCD cameras that afford the ultimate performance at detected
light levels of <100 photons/pixel. The programmable array microscope featured
here offers optical sectioning in combination with resolution in time (fluorescence
lifetimes), anisotropy (FRET, diffusion), space (hyperspectral imaging, diffusion),
and �chemistry� (photoreactions) [24].
Note added in proof: This article was completed in November 2006.
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Appendix 6.A: Materials and Methods

6.A.1
Reagents

Biotin–EGF, EGF, and streptavidin-conjugated, -pegylatedQdotswere obtained from
Invitrogen. PD153035 was purchased from Calbiochem. Live cell labeling was
carried out in Tyrode�s buffer with 20mM glucose and 0.1% BSA. PBS is phosphate
buffered saline.

6.A.2
Cell Lines

HeLa cells, expressing 60 000 EGF receptors per cell, A431 cells, an epidermal
carcinoma cell line expressing 2� 106 EGF receptors per cell, and the same cell line
stably transfected with EGFR–eGFP were maintained in DMEM with 10% fetal calf
serum.

6.A.3
Cell Treatments

Cells were typically starved (0.1% FCS) overnight and were treated with 1mM
PD153035 kinase inhibitor for 2 h at 37 �C prior to and during diffusion
measurements.

6.A.4
QD Conjugation to Epidermal Growth Factor

Monobiotinylated-EGF was coupled to the streptavidin QDs by incubation with
10 nM QD concentrations in PBS containing 1% BSA for at least 30min at 4 �C.
Ratios of EGF: QD were usually 3 : 1 or 1 : 1 unless otherwise specified.

6.A.5
Wide-field Microscopy

Wide-field detection of QDs was performed with an Andor iXon DV887 emCCD
camera attached to an Olympus IX71microscope with a 60� 1.45 NA oil immersion
or 60� 1.2 NA water objective. QDs were excited by a mercury arc lamp at 436 nm
with a bandpass filter and appropriate QD (20 nm) emission filters (Chroma
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Technology). Fast tracking of QDs was performed with 20-ms exposure times at 30-
ms intervals with the emCCD using 655QD–EGF conjugates.

6.A.6
PAM

The new generation programmable array microscope (PAM) is a prototype
developed in collaboration with Cairn Research Ltd. (Faversham, Kent, UK). The
stand-alone module, including light source(s) and detector(s), features an inno-
vative catadioptric design and a ferroelectric liquid-crystal-on-silicon (LCoS, SXGA-
R2D, Forth Dimension Displays, Dunfermline, Scotland) SLM instead of the
original DMD used in the first PAM design. The LCoS-based PAM can be attached
to a camera port of any unmodified fluorescencemicroscope. The prototype system
currently operated at the Max Planck Institute for Biophysical Chemistry
(G€ottingen, Germany) incorporates a 6-position high-intensity LED illuminator
as well as modulated laser light sources (both diode lasers and AOM-modulated
argon-ion lasers), and an Andor iXon emCCD camera. The system is mounted on
an Olympus IX71 inverted microscope with 60–150� objectives, a high precision
X,Y,Z stage (Nanoscan Z), and high speed filter wheels (Prior Scientific, Cam-
bridge, UK).

6.A.7
Hyperspectral Imaging

Hyperspectral imaging was performed with an Applied Spectral Imaging (Migdal
Haemek, Israel) SpectraCube imaging spectrograph equipped with a VDS cool-
1300 camera andmounted on the IX71microscope. QD samples were imaged with
a 150� 1.45 NA objective. Excitation was with a Hg arc lamp and the epi-
illumination filter set consisted of 435-nm narrow bandpass excitation, 505-nm
dichroic, and 510-nm longpass emission filters. Streptavidin-coated QDs emitting
at 585, 605, or 655 nm were diluted from the original stock concentration to final
concentrations of � 1 pM (QD655, PEG coated, QD585, and QD605) in PBS.
Approximately 25 ml of the diluted solution was pipetted onto an Ibidi (Munich,
Germany) 18-well, poly-L lysine-coated slide and allowed to bind to the surface for
5min. The samples were washed once with water and maintained in water. A
mixture of all three QD types was also prepared. Hyperspectral images in the range
500–800 nm were acquired in 185 s, using 128 frames (1-s exposure) and 45
interferometer steps between each frame. After Hanning windowed-Fourier
transformation, single QDs were marked and classified with the ASI SpectraView
software. The edge of each full field image was selected as background, and the
spectrum of this area was subtracted from the individual QD spectra. For cellular
experiments not discussed in this chapter [7], a 1 : 1 mixture of 200 pM EGF-
QD605 and 200 pM EGF–QD655 were incubated with F1-4 CHO cells expressing
EGFR eGFP. These cells were not treated with kinase inhibitor as in the single
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particle tracking experiments, allowing the QDs to internalize into the cells after
binding.

Appendix 6.B: Software and Image Processing

6.B.1
Single Particle Tracking

Data for single particle tracking (SPT) were acquired using wide-field detection
as above. Video rate series consisted of 900 frames of 20-ms exposure at 33 frames/s.
QD–EGF labeling was performed in the presence of a kinase inhibitor, PD153035
that inhibits the activation and dimerization of the EGFR receptor [25]. A focal plane
with relatively low curvature in the area at the top of the cell was chosen for imaging.
We devised an automated method for selecting QDs for tracking and analysis that fit
high intensity regions to a Gaussian profile approximating the point spread function
(PSF) of themicroscope (see text). The quality of thefit was used to determine if a spot
was chosen for analysis. This allowed batch processing of many acquired series. The
low labeling and the selection of in-focus QDs yielded 1–10 tracked QDs per video
series. The tracking routines were written in DIPimage (TU Delft, www.qi.tnw.
tudelft.nl/DIPimage) a toolbox for Matlab (The Mathworks, Massachusetts, USA).
The tracking was performed offline after acquisition.

6.B.2
Real Time Optically-sectioned Imaging with the PAM

In the LCoS-based PAM, the conjugate and the non-conjugate images are recorded
simultaneously on the same CCD camera side-by-side. To yield a properly optically
sectioned image, subtraction of these images is required. Before acquisition, the two
images are registered by optimizing the two-dimensional correlation coefficient by a
search procedure using a fixed step size. The registration parameters are translation
(using a step size of 0.1 pixels), rotation (step size 0.001 radians), and magnification
(step size 0.001). During acquisition, a background image is first subtracted from the
image pair. Then, the non-conjugate image is transformed to overlap the conjugate
image by applying the established registration parameters. For subpixel transforma-
tions, bilinear interpolation is used. The images are then subtracted using a
weighting factor which is dependent on the duty cycle of the pattern used for
acquisition [13]. The final image is scaled, and offset removed. If desired, a Gaussian
filter with an adjustable sigma is applied. In order to perform the transformation and
subtraction with sufficient speed, it is carried out on a NVidia Quadro FX 4400 GPU
board using the BrookGPUGPU library [22] and DirectX 9 runtime. The GPU board
was coupled to an Intel Xeon 3.2GHz processor. By offloading the image processing
to theGPU, the computation time is less than the fastest possible PAMexposure time
required for a full scan (� 16ms). Interaction with the PAM is thus real-time, i.e.
optically-sectioned images are displayed at video rate on the screen.
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7
Studying the Dynamics of Ligand–Receptor Complexes
by Single-Molecule Techniques
Christophe Danelon and Horst Vogel

7.1
Introduction

The specific recognition and binding betweenmolecules is fundamental to biological
function. The first step in essentially all cellular signaling activities is the interaction
between a ligand and a protein to form a defined complex that triggers downstream
intracellular reactions.
Here, wewill focus on ligand–receptor interactions on cellularmembranes. Signal

transduction across cellular membranes relies on a complex biochemical network
involving chemical or physical stimuli, membrane receptors and cytosolic proteins.
The signal initiated by ligand binding is transduced across the receptor protein to
modulate subsequent interactions on the opposite side of themembrane.Membrane
receptors can be classified on the basis of the mechanism by which they transfer the
information:

(i) G protein-coupled receptors (GPCRs) mediate the detection of photons or
diverse chemical compounds such as hormones, neurotransmitters,
odorants, and nucleosides [1] to the activation of G proteins located on the
cytosolic face of the plasmamembrane, which finally stimulate othermembrane
effectors. Rhodopsin, opioid receptors, olfactory receptors are prototypical
representatives of GPCRs.

(ii) Ion channels and transporters allow the translocation of ions ormolecules across
cellular membranes. Ligand-activated ion channels expose one or several affinity
sites for agonistmolecules, thebindingofwhichgates the channel to anopen state
for specific ions [2]. The ligand can be extracellular such as a neurotransmitter, or
intracellular e.g. a cyclic nucleotide or inositol-3-phosphate. There is another type
of receptor channels that comprise a binding site at the interior of the pore. These
include specific bacterial channels which have been studied in detail with regard
to the translocation mechanism.
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(iii) Enzyme-linked receptors possess a catalytic site on their interior which is acti-
vated by the binding of signaling ligands in the external region. The response of
the receptor to growth factors and hormones is to trigger a guanylate cyclase or a
kinase activity. Members of the receptor tyrosine kinases include epidermal
growth factor receptor, insulin receptor, and vascular endothelial growth factor
receptor.

The pharmacology of ligand binding has recently been documented elsewhere
and is not addressed here (for a recent review see [3]). This chapter is devoted to
recent advances related to the application of single-molecule techniques to the study
of ligand interactions with membrane-bound receptors. Current progresses in
micro- and nanofabrication have led to the development of new single-molecule
methods that have proved to be valuable tools for investigating molecular
interactions in biological systems. A number of these emerging technologies will
be presented.

7.2
Labeling Methods for Cell Surface Receptors

7.2.1
General Considerations

Novel optical microscopies and spectroscopies play an important role in the elucida-
tion of biochemical interactions in live cells. In order to take full advantage, the
selective labeling of cellular components is required. Current orthogonal labeling
strategies suited for single-molecule imaging and spectroscopy of proteins and other
components in live cells or in vitro, involve the use of (i) fluorescent analogs of
ligands, (ii) fluorescent antibodies binding to selective epitopes on the target protein
or fluorescent streptavidin binding to strep-tags or biotin on the target protein, (iii)
fusion to autofluorescent proteins (AFPs), or direct labeling of proteins either (iv)
posttranslationally by chemical reactions of activated chromophores (chemical
labeling of OH, -COOH, -NH2 or -SH comprising amino acid side chains; reversible
labeling of polyhistidine sequences with nitrilotriacetate (NTA) comprising chro-
mophores) or (v) introducing non-natural fluorescent amino acids during protein
synthesis using the suppressor tRNA technology, and finally (vi) posttranslational
labeling of carrier proteins fused to the protein under investigation. Each labeling
technique has particular advantages and disadvantages:

(i) Receptor ligands can be coupled to diverse high-performance organic fluoro-
phores but this is a cost- and labor-intensive process requiring a different
synthesis strategy for each particular ligand. The conjugate often has
substantially modified properties when compared to the unlabeled ligand and
only allows for the study of the ligand-bound state of the receptor. Nevertheless, a
number of groups have undertaken this approach with some effort and
considerable success [4, 5].
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(ii) Fluorescent antibodies are available for a broad range of epitopes onproteins, but
they are often larger than the protein of interest,may crosslink the target proteins
and therefore may interfere with its mobility and functionality. In addition to
antibodies raised against epitopes specific for the particular protein [6], there are
antibodies which have been raised against generally used sequence-tags, for
instance those used for protein purification such as strep-, myc-, flag- or
polyhistidine-tags [7, 8] or even anti-GFP antibodies which can be used to
double-label GFP fusion proteins with additional or more suitable fluoro-
phores. Once it has been established that these antibodies do not interfere
with the function of the target, they may constitute handy labels in situations
where signal strength is an issue, because they can carry multiple fluorophores
(up to 10). In a comparable approach, target proteins have been selectively
labeledwithfluorescent streptavidin either at strep-tags or at biotinylated protein
sites [7–9]. In this case, the size of the probe and its potential crosslinking
capability may also change the functionality of the target proteins.

(iii) Green fluorescent protein (GFP) and its variants [10, 11] can be attached
genetically at different positions to the target protein in a 1:1 stoichiometry,
but it suffers from poor photostability, the tendency to form oligomers and
spectral overlap with other cellular luminescent compounds leading to
substantial autofluorescence. Also, for the study of proteins in the plasma
membrane it is preferable to label only the properly translocated fraction,
especially in cases where this fraction is small. Although AFPs are not the
best choice for SPT in terms of their photophysical properties, their beneficial
biochemical properties are responsible for their impact in intracellular FCS
applications [12].

(iv) Direct covalent labeling of particular amino acid side chains bearing
-COOH, -OH, -SH and -NH2 groups by activated chromophores are an
ideal method for imaging purified single proteins but usually lack
selectivity in the case of live cells, resulting in a large fluorescence
background [13]. Nevertheless, single voltage-gated ion channels, labeled by
this approach, have been investigated in living frog oocytes thereby detecting
structural changes of the channel during voltage-gating [14–16]. For technical
details we refer to the comprehensive collection of examples, mostly on
ensemble measurements, in The Handbook – A Guide to Fluorescence and
Labeling Technologies from Molecular Probes/Invitrogen (http://probes.
invitrogen.com/handbook/).

A novel covalent labeling of specific tetracystein sequences by biarsenical-
bearing chromophores was developed by Tsien et al. [17, 18]. Although yet only
applied to ensemble imaging of proteins in living cells, they offer interesting
potential for single-molecule microscopy: the reactive yet non-fluorescent chro-
mophore permeates the cellularmembrane and becomes fluorescent after reacting
with the tetracystein sequencemotive on a particular target protein inside of a living
cell.
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Several strategies have been developed in recent years to overcome some of the
limitations within the methods mentioned above. A few recent reviews summarize
these efforts [19–21]. In the following we report on our efforts to use the novel
approaches for single-molecule microscopies.

7.2.2
Suppressor tRNA Technology

Several methods have been developed to incorporate unnatural amino acids
site-specifically into proteins in mammalian cells. Chemically aminoacylated
suppressor tRNAs have been microinjected or electroporated into CHO cells and
neurons, and used to suppress nonsense ambermutations with a series of unnatural
amino acids [22]. Thereby it was possible to incorporate unnatural amino acids
with diverse physicochemical and biological properties into defined positions of
the sequence of target proteins expressed in mammalian cells. This method
has been widely used to probe channel proteins by electrophysiology [23] and was
used for the first time by Turcatti et al. [24] to insert non-natural fluorescent
amino acids at specific sites in a GPCR (NK2 receptor) in frog oocytes for
exploiting by fluorescence resonance energy transfer (FRET) the receptor
structure. Meanwhile, Schultz et al. extended the method in an elegant, general
approach (for a recent review see [25]): a mutant Escherichia coli aminoacyl-tRNA
synthetase (aaRS) isfirst evolved in yeast to selectively aminoacylate its tRNAwith the
unnatural amino acid of interest. This mutant aaRS together with an amber
suppressor tRNA is then used to site-specifically incorporate the unnatural amino
acid into a protein in mammalian cells in response to an amber nonsense codon.
This and other approaches [26] overcome the originally low efficiency of expressed
proteins.

7.2.3
O6-Alkylguanine–DNA Alkyltransferase (AGT)

The labeling is based on the irreversible and specific reaction of human
O6-alkylguanine–DNA alkyltransferase (hAGT) with fluorescent derivatives of O6-
benzylguanine (BG), leading to the transfer of the synthetic probe to a reactive
cysteine residue on hAGT which is fused to a protein of interest [27, 28].
Wild-type hAGT is a monomeric protein of 207 aa, the 30 C-terminal residues
of which can be deleted without affecting the reactivity against BG, making it
smaller than autofluorescent proteins. Importantly, the rate of the reaction of AGT
fusion proteins with BGderivatives is independent of the nature of the label, opening
up the possibility of labeling a single AGT fusion protein with a variety of
different probes. Specific labeling of AGT fusion proteins in mammalian cells can
be achieved by using AGT-deficient cell lines, and it has been shown that nuclear-
localized AGTcan be labeled specifically with fluorescein in such cells [27]. Synthetic
BG derivatives can be used for the sequential labeling of AGT fusion proteins with a
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variety of different fluorophores in live mammalian cells and the approach can be
used for multicolor analysis of cellular processes and FRETmeasurements [27, 28].
A mutant form of AGT was recently created that can be specifically labeled
with substrates that are not accepted by wild-type AGT [29]. This permits the labeling
of two different AGT fusion proteins with various fluorophores in the same cell or
in vitro.

7.2.4
Acyl-carrier Protein (ACP)

This labeling comprises the enzymatic transfer (using specific phosphopanteinyl
transferases) of the phosphopantetheine of a fluorescent Coenzyme A (CoA)
conjugate to an ACP fused to the target protein [30–32]. This technique enabled
us to track single G protein-coupled receptors (GPCRs) during signaling because
several obstacles had been overcome: (i) proteins not properly inserted in the plasma
membranewere not labeled and hence did not contribute to out-of-focus background
fluorescence. (ii) The fraction of labeled protein could be precisely controlled in time
(pulse labeling) with the possibility of labeling repetitively at subsequent times,
ensuring a low and well defined dye concentration required for single-molecule
detection. (iii) Free choice of probes allows protein labeling with long-wavelength
dyes (for example Cy5, Atto dyes) of high absorption cross section, high quantum
yield and high photo-stability to be used as label for an improved signal-to-
background ratio and observation time. (iv) Multicolor labeling of defined ratio(s)
between different probes is easily possible by controlling the composition of
substrates in the bulk medium. (v) Non-specific binding of the label to the plasma
membrane, the most crucial obstacle for the successful application of single-
molecule microscopies, was reduced by the presence of the hydrophilic CoA-moiety.
(vi) Recent developments reduced the size of the ACP tag from 76 to 11 residues
without losing too much specificity and efficiency of the labeling reactions, making
this approach even more attractive [33].

7.2.5
Nitrilotriacetate (NTA)

This is a generic method for selectively labeling proteins in vivo and in vitro, rapidly
(within seconds) and reversibly, with small molecular probes that can have a wide
variety of properties [34]. The probes comprise a chromophore and a metal ion-
chelating NTA moiety, which binds reversibly and specifically to engineered oligo-
histidine sequences in proteins of interest. The feasibility of the approach was
demonstrated by binding NTA–chromophore conjugates to a representative ligand-
gated ion channel and aGPCR, each containing a polyhistidine sequence. In contrast
to the transient binding of such a conventional mono-NTA-bearing fluorophore,
multivalent-NTA-bearing fluorophores form complexes with oligohistidine se-
quences in proteins, which show increased lifetimes of more than 1 h [35, 36].
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Hence, the residence time of the NTA label can be tuned according to the specific
needs from seconds to hours.

7.2.6
Reversible Sequential Labeling (ReSeq)

A novel method for performing reversible sequential (ReSeq)-binding assays on
particular neuroreceptors has recently been developed [37].With this assay, a series of
investigations can be performed on the same cell by repetitively applying specific,
fluorescently labeled ligands that have fast association–dissociation kinetics. Com-
plete saturation ligand-binding and competition ligand-binding assays have been
obtained on a single cell with excellent accuracy and reproducibility. This new
approach offers several advantages as it (i) substantially reduces the number of cells
needed, (ii) allows the investigation of cell-to-cell variations because extensive data
can be collected from individual cells, and (iii) circumvents problems related to low
expression levels of receptors and photobleaching of fluorescent ligands, since
measurements can be repetitively performed on the same cell to enhance accuracy.
Moreover, ReSeq-binding assays can be easily automated and implemented in on-
chip analysis, which offers a substantial improvement in reliability, efficiency, and
reduction of sample consumption. In a single-molecule imaging experiment,
typically tens of frames are recorded before fluorophore photobleaching occurs.
Because a reversibly binding fluorescently-labeled ligand can be washed off
completely and added fresh once again, single-molecule experiments can be repeated
more than 30 times with one cell, and data with excellent statistics can be collected.

7.3
Functional Mobility of Receptors in Cell Membranes

7.3.1
Organization and Dynamics of Cell Membranes

The organization of biological membranes and the lateral diffusion of membrane
proteins are involved in a large number of signaling processes. For example, the
distribution and translational diffusion ofmembrane receptors regulate the plasticity
and function of neuronal (review: [38]) and immunological synapses [39], growth and
guidance of axons [40] and the gradient sensing of attractant molecules by chemo-
tactic cells [41]. Signal transduction at cellularmembranes is often initiated by ligand
binding and followed by the formation of dynamicmolecular networks involving the
active receptors. Interactions with structuring elements such as lipid shells and
membrane-associated or cytoskeletal components [42–44], or with other membrane
proteins [45, 46], microtubule-associated proteins [47–49] or molecules in the
membrane of adjacent cells, inevitably restrict receptor movements, as compared
to Brownian diffusion, and participate in their localization to specialized micro- and
nanometer-sized environments.
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7.3.2
Techniques

Classical techniques for investigating the lateral diffusion of fluorescently-labeled
lipids and proteins are fluorescence recovery after photobleaching (FRAP or FRP)
and post-electrophoresis relaxation (PER) that measure the local translational diffu-
sion coefficient and the mobile fraction of diffusing species on surfaces of living
cells [50]. More recently, the trajectories of individual molecules on cellular mem-
branes have been monitored using a variety of reporting labels such as colloidal
particles and latex beads by nanovideomicroscopy [51–53], fluorescent organic
probes [54, 55] and quantum dots [44, 56, 57] by fluorescence imaging, and gold
nanoparticles by photothermal interference contrast [58, 59]. Tracking of various
membrane receptors on different cell types or organelles revealed the heterogeneity
of molecular motions on cell membranes as reflected by the presence of various
diffusion modes and the broad distribution of (restricted) mobilities in length and
time scales [60, 61].
Another complementary approach to the investigation of the rapid single-molecule

dynamics in living cells is fluorescence correlation spectroscopy (FCS). Although
the principles of FCS were formulated in the 1970s, only recent technological
advances providing high sensitivity and specific protein labeling allowed non-
invasive applications to live cells (reviews: [62, 63]). Diffusion of molecules across
a diffraction-limited focal volume introduces fluctuations in the fluorescence inten-
sity characteristic of their velocities (Figure 7.1A, B). The autocorrelation functionG
(t) that describes the two-dimensional Brownian diffusion of multiple membrane
components is given by:

GðtÞ ¼ 1þ 1
N

Xn
i¼1

yi
1þ t

ti
; ð7:1Þ

where yi and ti are the fraction and the diffusion time constant of the species i,
respectively, and N is are the average number of molecules in the detection volume.
The diffusion coefficient Di of the species i is related to the diffusion time by:

Di ¼
w2
xy

4ti
; ð7:2Þ

where wxy is the radius of the detection volume in the focal plane. Complex
diffusional behaviors that originate from non-planar membrane topology or interac-
tion networks can also be investigated by FCS.
Therefore, the effects of ligand binding to its membrane receptor can be observed

as changes in the diffusional behavior of the active receptor along the different
molecular events of the signaling pathway. In the Table 7.1, we present some
examples that stress the utility of single particle/molecule tracking and FCS to better
understand themechanism of signal transductionmediated bymembrane receptors
on cultured cells and to address the question of the functional implication of the
receptor mobility.

7.3 Functional Mobility of Receptors in Cell Membranes j137



7.4
Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS

7.4.1
Principles

The most common methods to evaluate receptor–ligand characteristics are the
radioligand binding assays, which require the use of radioactively-labeled

Figure 7.1 Application of FCS to membrane
receptor mobility and ligand binding on living
cells (Adapted from [137]). (A) The detection
volume is positioned on the cell surface for
monitoring the binding of fluorescent ligands to
membrane receptors. (B) Fluorescence time
course for tetrametylrhodamine-labeled
C-peptide bound to membrane receptors on
cultured human renal tubular cells. (C)
Autocorrelation function of the fluorescence
intensity fluctuations shown in B. The observed
autocorrelation was fitted by the diffusion model

described by Equation 7.3. Two components of
receptor-bound C-peptide were observed.
Diffusion times and corresponding fractions
were tb1¼ 80 ms, y1¼ 0.75; tb2¼ 1ms,
y2¼ 0.15. A small fraction of unbound C-peptide
that diffuses into the volume element extending
into the extracellular medium was characterized
by tf¼ 0.15ms and y3¼ 0.10. (D) Distribution of
diffusion times calculated from the auto-
correlation function in C. (E) Percent of bound
ligand versus the total Rh-CP concentration.
Inset: Scatchard plot according to Equation 7.4.

138j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



Ta
bl
e
7.
1
Si
ng

le
-m

ol
ec
ul
e
ex
pe

ri
m
en

ts
in
ve
st
ig
at
in
g
lig
an

d
bi
nd

in
g
an

d
re
ce
pt
or

di
ff
us
io
n
in

liv
in
g
ce
lls
.

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

G
P
C
R

A
1-
A
R
in

C
H
O

ce
lls

A
n
ta
go

n
is
t
xa
n
th
in
e
am

in
e

co
n
ge
n
er
la
be
le
d
w
it
h
B
od

ip
y

63
0

F
C
S

D
iff
us
io
n:
O
n
e
po

pu
la
ti
on

of
sl
ow

-d
if
fu
si
n
g
re
ce
pt
or
-b
ou

n
d

lig
an

ds
w
as

ob
se
rv
ed
.

[1
39

]

B
in
di
n
g:
T
h
e
fl
uo

re
sc
en

t
co
m
pe
ti
ti
ve

an
ta
go
n
is
t
bi
n
ds

to
th
e
in
tr
am

em
br
an

e
re
gi
on

of
A
1-
A
R
.B

in
di
n
g
is
ot
h
er
m
s

yi
el
d
K
d
¼
33

n
M

an
d
B
m
ax
¼
75

n
M
.

A
1-
A
R
in

C
H
O

ce
lls

N
6 -
am

in
ob

ut
yl
ad
en

os
in
e
la
-

be
le
d
w
it
h
B
od

ip
y
63

0
F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty

w
er
e
ob

se
rv
ed
.

[1
40

]

b 2
-A
R
in

h
ip
po

ca
m
pa
ln

eu
ro
n
s

an
d
al
ve
ol
ar

ep
it
h
el
ia
l
ty
pe

II
ce
ll
lin

e
A
54
9

A
rt
er
en

ol
la
be
le
d
w
it
h
A
le
xa

53
2

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty

w
er
e
ob

se
rv
ed
.T

h
e
fa
st
-d
if
fu
si
on

co
m
po

n
en

t
ap
pe
ar
s
im

m
ed
ia
te
ly
af
te
r
lig

an
d
ad
di
ti
on

,
w
h
er
ea
s
th
e
sl
ow

-d
if
fu
si
n
g
co
m
po

n
en

ti
s
de
la
ye
d,
w
h
ic
h
is

lik
el
y
du

e
to

th
e
in
te
rn
al
iz
at
io
n
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es
.

[1
41

]

B
in
di
ng
:E

qu
ili
br
iu
m

an
d
ki
n
et
ic
ex
pe
ri
m
en

ts
re
ve
al
ed

K
d
¼
1.
3
n
M
,B

m
ax
¼
6.
0
n
M
,a
n
d
k a

ss
¼
4.
9
·
10

8
M
�
1
s�

1
in

n
eu

ro
n
s,
an

d
K
d
¼
6.
0
n
M
,B

m
ax
¼
15

.1
n
M
,a

n
d
k a

ss
¼
1.
2

·
10

8
M
�
1
s�

1
in

A
54
9
ce
lls
.

(C
on
ti
nu

ed
)

7.4 Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS j139



Ta
bl
e
7.
1
(C
on
tin

ue
d)

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

cA
M
P
R
in

D
ic
ty
os
te
liu

m
di
sc
oi
-

de
um

ce
lls

cA
M
P
la
be
le
d
w
it
h
C
y3

SM
I
(T
IR

F
M
)

D
iff
us
io
n:

R
eg
u
la
ti
on

of
ch
em

ot
ac
ti
c
si
gn

al
in
g
by

re
ce
pt
or

m
ob

ili
ty
.

[4
1]

B
in
di
n
g:
St
u
di
es

of
th
e
ti
m
e
co
ur
se

of
si
n
gl
e
fl
u
or
es
ce
n
t

sp
ot
s
an

d
re
le
as
e
cu
rv
es

re
ve
al
ed

di
ff
er
en

t
di
ss
oc
ia
ti
on

ki
n
et
ic
s
at
th
e
an

te
ri
or

an
d
po

st
er
io
rr
eg
io
n
s,
w
it
h
th
e
m
ai
n

fr
ac
ti
on

of
bo

u
n
d
lig

an
ds

h
av
in
g
k d

is
s
¼
1.
1
s�

1
an

d
0.
4
s�

1
,

re
sp
ec
ti
ve
ly
.T

h
e
di
ff
er
en

ce
de
ri
ve
d
fr
om

in
tr
in
si
c
ce
ll

po
la
ri
ty

w
as

ca
u
se
d
by

al
te
re
d
in
te
ra
ct
io
n
s
be
tw
ee
n
th
e

re
ce
pt
or

an
d
fu
n
ct
io
n
al
G
pr
ot
ei
n
s
ra
th
er

th
an

by
re
ce
pt
or

ph
os
ph

or
yl
at
io
n
.T

h
e
G
T
P
-d
ep
en

de
n
t
de
cr
ea
se

in
th
e

lif
et
im

e
of

bo
u
n
d
cA

M
P
m
ol
ec
ul
es

w
as

re
la
te
d
to

fu
n
c-

ti
on

al
G
pr
ot
ei
n
s.
It
w
as

po
st
u
la
te
d
th
at
ti
gh

ta
ss
oc
ia
ti
on

of
th
e
re
ce
pt
or

an
d
G

pr
ot
ei
n
st
ab
ili
ze
s
ag
on

is
t
bi
n
di
n
g.

C
-p
ep
ti
de

re
ce
pt
or

in
se
ve
ra
l

h
um

an
ce
ll
ty
pe
s

H
u
m
an

C
-p
ep
ti
de

an
d
in
su
-

lin
la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
.

[1
37

]

B
in
di
ng
:C

-p
ep
ti
de

bi
n
di
n
g
is
ot
h
er
m

yi
el
de
d
tw
o
bi
n
di
n
g

pr
oc
es
se
s:
a
lo
w
af
fi
n
it
y
w
it
h
st
oi
ch
io
m
et
ry

1:
1
(n
¼
1)
,a
n
d

po
ss
ib
ly
a
h
ig
h
af
fi
n
it
y
(K

d
<
0.
3
n
M
)
w
it
h
n<

1.
T
im

e-
de
pe
n
de
n
td

is
pl
ac
em

en
ts
h
ow

ed
a
si
n
gl
e
di
ss
oc
ia
ti
on

ra
te

co
n
st
an

t
of

k d
is
s
¼
4.
5
·
10
�
4
s�

1
.T

h
e
re
su
lts

su
gg
es
t
th
e

ex
is
te
n
ce

of
at

le
as
t
tw
o
di
ff
er
en

t
co
m
pl
ex
es
:o

n
e
of

lo
w

af
fi
n
it
y
an

d
h
ig
h
m
ob

ili
ty
an

d
on

e
of

hi
gh

af
fi
n
it
y
an

d
lo
w

m
ob

ili
ty
.P

er
tu
ss
is
to
xi
n
ab
ol
is
h
ed

bi
n
di
n
g
in
di
ca
ti
n
g
th
at

C
-p
ep
ti
de

bi
n
ds

to
a
G
P
C
R
.

140j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



C
-p
ep
ti
de

re
ce
pt
or

in
hu

m
an

sk
in

fi
br
ob

la
st
s

C
-p
ep
ti
de

la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
.

[1
42

]

B
in
di
n
g:
C
-p
ep
ti
de

bi
n
di
n
g
is
ot
h
er
m

yi
el
de
d
K
d
¼
0.
3
n
M
.

Fu
n
ct
io
n
al

C
-p
ep
ti
de

re
ce
pt
or
s
co
u
ld

be
so
lu
bi
liz

ed
w
it
h

C
h
ap
s
de
te
rg
en

t.

C
-p
ep
ti
de

re
ce
pt
or

in
tu
bu

la
r

ce
lls

C
-p
ep
ti
de

la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

B
in
di
ng
:D

is
pl
ac
em

en
t
of

bo
u
n
d
te
tr
am

et
h
yl
rh
od

am
in
e-

la
be
le
d
C
-p
ep
ti
de

by
sy
n
th
et
ic

C
-p
ep
ti
de

fr
ag
m
en

ts
.R

es
i-

du
e
G
lu
27

at
th
e
C
-t
er
m
in
al
pa
rt
is
pa
rt
ic
u
la
rl
y
im

po
rt
an

t
fo
r
sp
ec
ifi
c
bi
n
di
n
g.

[1
43

]

E
T A

R
in

vi
ru
s-
lik

e
pa
rt
ic
le
s

E
nd

ot
he

lin
-1

la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S
an

d
F
ID

A
B
in
di
n
g:
E
qu

ili
br
iu
m

bi
n
di
n
g
ex
pe
ri
m
en

ts
yi
el
de
d

K
d
�

0.
3
n
M

si
m
ila
r
to

va
lu
es

m
ea
su
re
d
in

liv
in
g
ce
lls
.

[1
44

]

G
al
an

in
re
ce
pt
or

in
cu
ltu

re
d

in
su
lin

om
a
ce
lls

G
al
an

in
la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty

th
at

m
ig
h
t
be
lo
n
g
to

di
ff
er
en

t
su
bp

op
u
la
ti
on

s
or

re
ce
pt
or

su
bt
yp
es
.

[1
45

,1
46

]

B
in
di
ng
:B

in
di
n
g
is
ot
h
er
m

yi
el
de
d
on

e
bi
n
di
n
g
si
te

w
it
h

K
d
¼
1.
2
n
M

(n
¼
1)
.D

is
pl
ac
em

en
t
ex
pe
ri
m
en

ts
yi
el
de
d
a

si
n
gl
e
di
ss
oc
ia
ti
on

ra
te

co
n
st
an

t
k d

is
s
¼
3.
7
·
10
�
4
s�

1
.

P
er
tu
ss
is
to
xi
n
ab
ol
is
h
ed

bi
n
di
n
g
in
di
ca
ti
n
g
th
at

ga
la
n
in

bi
n
ds

to
a
G
P
C
R
.

m
G
lu
R
5
in

h
ip
po

ca
m
pa
l
n
eu

-
ro
n
s
an

d
P
tk
2
ce
lls

ta
gg

ed
w
it
h

0.
5-
mm

la
te
x
be
ad
s
co
at
ed

w
it
h

an
ti
-m

yc
an

ti
bo

di
es

D
H
P
G

SP
T

D
iff
us
io
n:

R
eg
u
la
ti
on

of
m
G
lu
R
5
di
ff
u
si
on

by
th
e
su
b-

m
em

br
an

ou
s
sc
af
fo
ld
in
g
pr
ot
ei
n
H
om

er
an

d
by

re
ce
pt
or

ac
ti
vi
ty
.I
n
pr
es
en

ce
of

D
H
P
G
th
e
di
ff
u
si
on

co
ef
fi
ci
en

tw
as

in
cr
ea
se
d
by

a
fa
ct
or

of
th
re
e
bu

tt
h
e
re
la
ti
ve

di
st
ri
bu

ti
on

of
di
ff
u
si
ve

an
d
co
n
fi
n
ed

st
at
es

w
as

n
ot

m
od

ifi
ed
.

[1
47

]

N
K
1R

la
be
le
d
w
it
h
E
G
F
P
in

H
E
K
29

3
ce
lls

Te
tr
am

et
h
yl
rh
od

am
in
e-
la
-

be
le
d
su
bs
ta
n
ce

P
SM

I
B
in
di
n
g:
T
h
e
m
ob

ili
ty

of
th
e
lig

an
d–

re
ce
pt
or

co
m
pl
ex
es

w
as

sl
ow

ed
do

w
n
du

ri
n
g
th
e
fi
rs
t
1
s
af
te
r
lig

an
d
bi
n
di
n
g

an
d
be
ca
m
e
m
or
e
co
n
fi
n
ed
.

[1
48

]

(C
on
ti
nu

ed
)

7.4 Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS j141



Ta
bl
e
7.
1
(C
on
tin

ue
d)

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

O
R
17
-4
0
fu
se
d
to

th
e
ac
yl
ca
r-

ri
er

pr
ot
ei
n
an

d
fl
u
or
es
ce
n
tly

la
be
le
d
w
it
h
C
oA

-C
y5

in
H
E
K

29
3
ce
lls

A
go
n
is
t
he

lio
n
al

A
n
ta
go

n
is
t
a-
m
et
hy
l-

ci
nn

am
al
de
hy
de

SM
I

D
iff
us
io
n:

R
eg
u
la
ti
on

of
th
e
in
te
rn
al
iz
at
io
n
dy
n
am

ic
s
of

O
R
17
-4
0.

B
ot
h
ag
on

is
t
an

d
an

ta
go

n
is
t
in
du

ce
d
co
n
fi
n
e-

m
en

t
in
�
19

0-
n
m
-s
iz
ed

do
m
ai
n
s
w
h
ic
h
ar
e
pr
ob

ab
ly

pr
ec
u
rs
or
s
of

cl
at
h
ri
n
-c
oa
te
d
pi
ts
.

[1
49

]

SS
T
R
1
an

d
SS

T
R
5
in

C
H
O
-K
1

ce
lls

So
m
at
os
ta
ti
n
la
be
le
d
w
it
h

F
IT
C
or

Te
xa
s
re
d

F
R
E
T
an

d
F
C
S

D
iff
us
io
n:
SS

T
R
5
h
om

oo
lig

om
er
iz
at
io
n
an

d
SS

T
R
5/
SS

T
R
1

he
te
ro
ol
ig
om

er
iz
at
io
n
w
as

re
gu

la
te
d
by

lig
an

d
bi
n
di
n
g.

[1
50

]

Io
n
ch
an

ne
ls

5-
H
T
3R

in
H
E
K
29

3
ce
lls

A
n
ta
go

n
is
t
G
R
la
be
le
d
w
it
h

C
y5

F
C
S

D
iff
us
io
n:

T
h
e
m
aj
or
it
y
of

th
e
cl
u
st
er
in
g
re
ce
pt
or
s
ar
e

im
m
ob

ile
,a

m
in
or
it
y
sh
ow

s
di
ff
u
si
on

.
[1
51

]

5-
H
T
3R

ta
gg

ed
w
it
h
a
po

ly
h
is
-

ti
di
n
e
se
qu

en
ce

an
d
la
be
le
d

w
it
h
N
i2
þ
-N
TA

-A
tt
o
64

7
in

H
E
K
29

3
ce
lls

A
n
ta
go

n
is
tG

R
or

G
R
la
be
le
d

w
it
h
C
y5

A
go
n
is
t
se
ro
to
n
in

SM
I

D
iff
us
io
n:

Se
ro
to
n
in

sl
ig
h
tly

de
cr
ea
se
d
th
e
fr
ac
ti
on

of
m
ob

ile
re
ce
pt
or
s.

[1
52

]

A
M
P
A
R
co
n
ta
in
in
g
th
e
gl
u
ta
-

m
at
e
re
ce
pt
or

su
bu

n
it
G
lu
R
2

in
cu
ltu

re
d
h
ip
po

ca
m
pa
l
n
eu

-
ro
n
s
an

d
ta
gg

ed
w
it
h
0.
5-
mm

la
te
x
be
ad
s
co
at
ed

w
it
h
an

ti
-

G
lu
R
2
an

ti
bo

di
es

G
lu
ta
m
at
e

SP
T

D
iff
us
io
n:

R
eg
u
la
ti
on

of
di
ff
u
si
on

by
n
eu

ro
n
al
m
at
ur
at
io
n
,

sy
n
ap
ti
c
si
te
s,
ba
sa
l
n
eu

ro
n
al

ac
ti
vi
ty

(a
ct
io
n
po

te
n
ti
al
s,

in
tr
ac
el
lu
la
r
ca
lc
iu
m
)
an

d
ac
ti
va
ti
on

w
it
h
gl
u
ta
m
at
e.

T
h
e

m
ob

ili
ty

of
G
lu
R
2
w
as

sl
ow

ed
do

w
n
by

gl
u
ta
m
at
e
an

d
ca
lc
iu
m
.

[1
53

]

142j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



A
M
P
A
R
co
n
ta
in
in
g
th
e

gl
u
ta
m
at
e
re
ce
pt
or

su
bu

n
it

G
lu
R
2
in

cu
ltu

re
d
h
ip
po

ca
m
-

pa
l
n
eu

ro
n
s
an

d
ta
gg

ed
w
it
h

an
ti
-G

lu
R
2
an

ti
bo

dy
la
be
le
d

w
it
h
C
y5

or
A
le
xa

64
7

G
lu
ta
m
at
e

SM
I

D
iff
us
io
n:

G
lu
ta
m
at
e
ap
pl
ic
at
io
n
in
cr
ea
se
d
bo

th
re
ce
pt
or

m
ob

ili
ty

in
si
de

sy
n
ap
se
s
an

d
th
e
pr
op

or
ti
on

of
m
ob

ile
re
ce
pt
or
s
in

th
e
ju
xt
a-
sy
n
ap
ti
c
re
gi
on

.

[1
54
]

B
en

zo
di
az
ep
in
e
re
ce
pt
or

in
h
ip
po

ca
m
pa
l
n
eu

ro
n
s

B
en

zo
di
az
ep
in
e
R
o7
-1
98
6/

60
2
(N

-d
es
-d
ie
th
yl
-fl
u
or
-a
ze
-

pa
m
)
la
be
le
d
w
it
h
A
le
xa

53
2

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
.A

cl
u
st
er
in
g
pr
ec
ed
in
g
in
te
rn
al
i-

za
ti
on

of
th
e
G
A
B
A
A
R
–
lig

an
d
co
m
pl
ex
es

co
u
ld

ex
pl
ai
n
th
e

sl
ow

er
di
ff
u
si
on

ti
m
e.

[1
55
]a

B
in
di
ng
:S

at
u
ra
ti
on

ex
pe
ri
m
en

ts
yi
el
de
d
B
m
ax
¼
38

n
M

an
d

K
d
¼
9.
9
n
M
.T

im
e
co
u
rs
e
di
sp
la
ce
m
en

t
w
it
h
an

ex
ce
ss

of
n
on

-la
be
le
d
ag
on

is
t,
m
id
az
ol
am

,s
h
ow

ed
a
m
on

o-
ex
po

-
n
en

ti
al

de
cr
ea
se

w
it
h
k d

is
s
¼
1.
3
·
10
�
3
s�

1
.

G
A
B
A
A
R
in

h
ip
po

ca
m
pa
l

n
eu

ro
n
s

M
us
ci
m
ol

la
be
le
d
w
it
h
A
le
xa

53
2

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
.

[1
56
–
15

8]

B
in
di
ng
:B

in
di
n
g
is
ot
h
er
m

yi
el
de
d
on

e
bi
n
di
n
g
si
te

pe
r

re
ce
pt
or

w
it
h
K
d
¼
3.
4
n
M

an
d
B
m
ax
¼
18

.4
n
M
.T

im
e-
de
-

pe
n
de
n
t
di
sp
la
ce
m
en

t
ex
pe
ri
m
en

ts
sh
ow

ed
a
m
on

o-
ex
-

po
n
en

ti
al

de
cr
ea
se

w
it
h
k d

is
s
¼
5.
4
·
10
�
2
s�

1
.A

po
si
ti
ve

co
op

er
at
iv
it
y
of

lig
an

d
bi
n
di
n
g
yi
el
di
n
g
to

a
se
le
ct
iv
e
in
-

cr
ea
se

in
th
e
fr
ac
ti
on

of
lig

an
d–

re
ce
pt
or

co
m
pl
ex
es

w
it
h

h
in
de
re
d
m
ob

ili
ty

w
as

ob
se
rv
ed

by
co
-in

cu
ba
ti
on

w
it
h

m
id
az
ol
am

[1
56
],
pr
ot
ob

er
be
ri
n
e
ty
pe

2
al
ka
lo
id
s
[1
57
],
or

xa
n
th
oh

u
m
ol

[1
58
].

G
A
B
A
A
R
in

h
u
m
an

co
rt
ic
al

n
eu

ro
n
s

K
av
ai
n
la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

O
n
e
fr
ac
ti
on

of
bo

u
n
d
lig

an
d.

[1
59
]b

(C
on
ti
nu

ed
)

7.4 Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS j143



Ta
bl
e
7.
1
(C
on
tin

ue
d)

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

B
in
di
ng
:N

on
-li
n
ea
r
Sc
at
ch
ar
d
pl
ot

an
d
si
gm

oi
d
H
ill

pl
ot

w
it
h
n>

1
in
di
ca
te
m
or
e
th
an

on
e
bi
n
di
n
g
si
te
w
it
h
di
ff
er
en

t
af
fi
n
it
ie
s.
T
h
e
m
ea
n
K
d
¼
1.
6
n
M
.

E
nz

ym
e-
lin

ke
d

a 5
b 1
In
te
gr
in

in
fi
br
ob

la
st
s

Fi
br
on

ec
ti
n
(F
N
7-
10

re
co
m
-

bi
n
an

t
fr
ag
m
en

t)
co
n
ju
ga
te
d

to
1-
mm

be
ad
s

SP
T
an

d
op

ti
-

ca
l
tr
ap
pi
n
g

D
iff
us
io
n:
Lo

w
de
n
si
ty
an

ti
bo

dy
-c
oa
te
d
be
ad
s
di
sp
la
ye
d
fr
ee

di
ff
u
si
on

(m
on

om
er
ic
u
n
lig

an
de
d
in
te
gr
in
s)
.F

ib
ro
n
ec
ti
n
-

or
h
ig
h
de
n
si
ty

an
ti
bo

dy
-c
oa
te
d
be
ad
s
in
du

ce
d
re
ar
w
ar
d

m
ot
io
n
on

la
m
el
lip

od
ia
.C

ro
ss
-li
n
ki
n
g
of

in
te
gr
in
s
pr
o-

m
ot
ed

at
ta
ch
m
en

t
to

th
e
cy
to
sk
el
et
on

.I
n
te
ra
ct
io
n
of

In
-

te
gr
in
s
w
it
h
ri
gi
d
si
te
s
in

th
e
ex
tr
ac
el
lu
la
r
m
at
ri
x
w
as

m
od

el
ed

by
op

ti
ca
l
tr
ap
pi
n
g
of

th
e
be
ad
s.
R
es
tr
ic
ti
on

of
in
te
gr
in

m
ov
em

en
t
ca
us
ed

lo
ca
liz

ed
re
in
fo
rc
em

en
t
of

th
e

lin
ks

w
it
h
th
e
cy
to
sk
el
et
on

.

[1
60

]

a L
b 2
in
te
gr
in

(L
FA

-1
)
ta
gg

ed
w
it
h
1-
mm

be
ad
s
co
n
ju
ga
te
d

w
it
h
an

ti
bo

dy
di
re
ct
ed

ag
ai
n
st

co
n
fo
rm

at
io
n
-d
ep
en

de
n
t
ep
i-

to
pe
s
in

T-
ce
lls

IC
A
M
-1

SP
T

D
iff
us
io
n:

R
eg
u
la
ti
on

of
LF

A
-1

re
ce
pt
or

m
ob

ili
ty
by

lig
an

d-
in
du

ce
d
co
n
fo
rm

at
io
n
al

ch
an

ge
s.
LF

A
-1

ex
is
ts

in
at

le
as
t

tw
o
di
st
in
ct
po

pu
la
ti
on

s
on

bo
th

re
st
in
g
an

d
P
M
A
-a
ct
iv
at
ed

ce
lls
.C

el
la

ct
iv
at
io
n
an

d
di
sr
u
pt
io
n
of

cy
to
sk
el
et
al

in
te
r-

ac
ti
on

s
in
cr
ea
se
d
th
e
fr
ac
ti
on

of
m
ob

ile
re
ce
pt
or
s
in
di
-

ca
ti
n
g
th
at

on
re
st
in
g
ce
lls

a
po

ol
of

re
ce
pt
or
s
w
as

co
n
-

st
ra
in
ed

by
cy
to
sk
el
et
al

in
te
ra
ct
io
n
s.
R
ec
ep
to
rs

in
th
e
ac
-

ti
ve
,o

pe
n
co
n
fo
rm

at
io
n
be
ca
m
e
la
rg
el
y
im

m
ob

ile
an

d
ex
pe
ri
en

ce
d
di
re
ct
ed

m
ot
io
n
u
po

n
ce
ll
ac
ti
va
ti
on

.I
C
A
M
-1
-

lig
at
ed

LF
A
-1

re
ce
pt
or
s
w
er
e
la
rg
el
y
im

m
ob

ile
on

bo
th

re
st
in
g
an

d
ac
ti
va
te
d
st
at
es
,d
u
e
to
cy
to
sk
el
et
al
at
ta
ch
m
en

t.

[1
61

]

144j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



b1
in
te
gr
in

ta
gg

ed
w
it
h
0.
2-
mm

be
ad
s
co
at
ed

w
it
h
an

ti
bo

dy
in

sy
m
pa
th
et
ic

n
eu

ro
n
s

G
R
G
D
S
pe
pt
id
e

SP
T

D
iff
us
io
n:

T
h
e
ef
fe
ct

of
N
G
F
on

th
e
m
ov
em

en
t
of

b1
in
te
gr
in
,a

su
bu

n
it
of

th
e
re
ce
pt
or

fo
r
la
m
in
in

an
d
fi
br
o-

n
ec
ti
n
,w

as
st
u
di
ed
.B

in
di
n
g
of

G
R
G
D
S
pe
pt
id
e
to

b1
in
te
gr
in

ca
u
se
d
re
ar
w
ar
d
m
ov
em

en
t.
N
G
F
st
im

u
la
te
d

ra
pi
d
di
sp
la
ce
m
en

t
of

u
n
lig

an
de
d
(l
ow

-c
ro
ss
lin

ke
d)

re
-

ce
pt
or
s
an

d
fo
rw

ar
d
ex
cu
rs
io
n
s
to
w
ar
d
th
e
ti
ps

of
fi
lo
po

di
a.

Fo
rw

ar
d
tr
an

sp
or
t
w
as

de
pe
n
de
n
t
on

ac
ti
n
fi
la
m
en

ts
an

d
m
yo
si
n
A
T
P
as
e
ac
ti
vi
ty
.N

G
F
st
im

u
la
te
d
th
e
co
u
pl
in
g
of

cr
os
sl
in
ke
d
b1

in
te
gr
in
s
to

th
e
re
tr
og
ra
de

fl
ow

of
ac
ti
n
.

[1
62

]

b1
in
te
gr
in

ta
gg

ed
w
it
h
40

-n
m

go
ld

pa
rt
ic
le
s
co
at
ed

w
it
h
an

-
ti
bo

dy
or

fi
br
on

ec
ti
n
in

fi
br
ob

la
st
s

R
G
D

pe
pt
id
e

Fi
br
on

ec
ti
n

SP
T

D
iff
us
io
n:
T
h
e
ef
fe
ct
of

R
G
D
pe
pt
id
e
or

fi
br
on

ec
ti
n
bi
n
di
n
g

to
in
te
gr
in
s
on

th
e
re
ce
pt
or

la
te
ra
l
di
ff
u
si
on

w
as

st
u
di
ed
.

Li
ga
n
d
bi
n
di
n
g
re
gu

la
te
s
in
te
gr
in

as
so
ci
at
io
n
w
it
h
dy
-

n
am

ic
co
m
po

n
en

ts
of

th
e
cy
to
sk
el
et
on

,w
h
ic
h
is
cr
u
ci
al
fo
r

di
re
ct
ed

re
ce
pt
or

m
ov
em

en
t.
D
ir
ec
te
d
m
ot
io
n
w
as

m
ed
i-

at
ed

by
cr
os
sl
in
ki
n
g
be
tw
ee
n
th
e
cy
to
pl
as
m
ic
do

m
ai
n
of
th
e

b1
su
bu

n
it
an

d
th
e
re
ar
w
ar
d-
m
ov
in
g
cy
to
sk
el
et
on

.

[1
63

]

C
la
ss

II
M
H
C
re
ce
pt
or

in
C
H
O

ce
lls

M
ot
h
C
yt
oc
hr
om

e
C
pe
pt
id
e

la
be
le
d
w
it
h
C
y5

SM
I

D
iff
us
io
n:

B
ot
h
G
P
I-
lin

ke
d
an

d
n
at
iv
e
cl
as
s
II

M
H
C
re
-

ce
pt
or
s
ex
h
ib
it
pr
ed
om

in
an

t
B
ro
w
n
ia
n
m
ot
io
n
w
it
h
n
o

in
fl
ue

n
ce

of
ac
ti
n
or

tu
bu

lin
cy
to
sk
el
et
al

n
et
w
or
ks
.

[1
64

]

E
G
FR

in
h
u
m
an

di
pl
oi
d

fi
br
ob

la
st
s

E
G
F
la
be
le
d
w
it
h
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
,r
ep
re
se
n
ta
ti
ve

of
di
ff
er
en

t
fo
rm

s
(d
im

er
s,
ol
ig
om

er
s)

or
su
bt
yp
es

of
E
G
F
R
.

[1
65

]

B
in
di
n
g:
E
qu

ili
br
iu
m

sa
tu
ra
ti
on

bi
n
di
n
g
ex
pe
ri
m
en

t
yi
el
de
d
K
d
¼
0.
7
n
M
.T

h
e
di
ss
oc
ia
ti
on

ki
n
et
ic
s
fo
llo

w
a

si
n
gl
e
ex
po

n
en

ti
al

fu
n
ct
io
n
w
it
h
k d

is
s
¼
2.
9
·
10
�
4
s�

1
.

(C
on
ti
nu

ed
)

7.4 Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS j145



Ta
bl
e
7.
1
(C
on
tin

ue
d)

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

E
G
FR

in
A
43
1
ca
rc
in
om

a
ce
lls

E
G
F
la
be
le
d
w
it
h
C
y3

or
C
y5

SM
I
(T
IR

F
M
)

an
d
si
n
gl
e

m
ol
ec
u
le

F
R
E
T

D
iff
us
io
n:

Si
n
gl
e-
m
ol
ec
u
le

tr
ac
ki
n
g
re
ve
al
ed

th
at

in
m
os
t

ca
se
s,
E
G
FR

di
m
er
iz
at
io
n
pr
ec
ed
ed

th
e
bi
n
di
n
g
of

th
e

se
co
n
d
E
G
F
m
ol
ec
u
le
.

[1
66

]

B
in
di
ng
:E

G
F
bi
n
di
n
g
w
as

m
ea
su
re
d
on

bo
th

ba
sa
l
an

d
ap
ic
al

su
rf
ac
es
.F

or
m
at
io
n
of

E
G
F
–
E
G
F
R
di
m
er
ic

co
m
-

pl
ex
es

w
as

de
du

ce
d
by

m
ea
su
ri
n
g
th
e
in
te
n
si
ty
di
st
ri
bu

ti
on

of
th
e
fl
u
or
es
ce
n
ts
po

ts
at
va
ri
ou

s
ti
m
es

af
te
rt
h
e
ad
di
ti
on

of
E
G
F-
C
y3
.D

im
er
iz
at
io
n
in
it
ia
te
d
in
tr
ac
el
lu
la
r
ca
lc
iu
m

re
-

sp
on

se
.S

in
gl
e-
m
ol
ec
u
le
F
R
E
T
fr
om

C
y3
-E
G
F
to

C
y5
-E
G
F

pr
ov
ed

di
m
er

fo
rm

at
io
n
.A

ft
er

di
m
er
iz
at
io
n
,E

G
FR

ac
ti
-

va
ti
on

w
as

de
m
on

st
ra
te
d
by

th
e
us
e
of

an
an

ti
bo

dy
sp
ec
ifi
c

to
th
e
ph

os
ph

or
yl
at
ed

cy
to
pl
as
m
ic

do
m
ai
n
.

E
G
FR

(e
rb
B
1)

in
A
43
1
ep
id
er
-

m
al

ce
lls

E
G
F
co
n
ju
ga
te
d
to

Q
D

SM
I

D
iff
us
io
n:

B
in
di
n
g
on

fi
lo
po

di
a
an

d
re
tr
og

ra
de

tr
an

sp
or
to

f
ac
ti
va
te
d
re
ce
pt
or
s
to
w
ar
d
th
e
ce
ll
bo

dy
w
er
e
ob

se
rv
ed
.

D
ir
ec
te
d
tr
an

sp
or
t
of

su
rf
ac
e
re
ce
pt
or
s
pr
oc
ee
ds

vi
a
ac
ti
n

fl
ow

in
fi
lo
po

di
a.
A
cc
es
si
bi
lit
y
ex
pe
ri
m
en

ts
w
it
h
ex
po

su
re

to
an

ac
id
ic
m
ed
iu
m

or
qu

en
ch
in
g
by

FR
E
T
de
m
on

st
ra
te
d

th
at

tr
an

sp
or
t
pr
ec
ed
es

re
ce
pt
or

in
te
rn
al
iz
at
io
n
.

[1
67

]

B
in
di
n
g:
Tr
ac
ki
n
g
w
it
h
tw
o-
co
lo
r
E
G
F
-Q

D
lig

an
ds

sh
ow

ed
th
at

re
tr
og

ra
de

tr
an

sp
or
t
re
qu

ir
es

di
m
er
iz
at
io
n
of

er
b-

B
1–
lig

an
d
co
m
pl
ex
es

(2
:2

di
m
er

co
m
pl
ex
).

Ig
E
re
ce
pt
or

Fc
eR

Ii
n
R
B
L-
2H

3
ce
lls

Ig
E
la
be
le
d
w
it
h
A
le
xa

48
8
or

54
6

Tw
o-
ph

ot
on

F
C
S

D
iff
us
io
n:

U
po

n
st
im

u
la
ti
on

(I
gE

re
ce
pt
or

cr
os
s-
lin

ki
n
g
by

m
u
lti
va
le
n
ta
n
ti
ge
n
)b

ot
h
Fc
eR

Ia
n
d
th
e
Sr
c
fa
m
ily

ty
ro
si
n
e

ki
n
as
e
Ly
n
h
ad

a
lo
w
er

la
te
ra
l
m
ob

ili
ty
.

[1
68

]

146j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



B
in
di
n
g:
In
te
ra
ct
io
n
be
tw
ee
n
Ly
n
an

d
ac
ti
va
te
d
Fc
eR

I
w
as

re
ve
al
ed

by
F
C
S
cr
os
s-
co
rr
el
at
io
n
.

In
su
lin

re
ce
pt
or

in
h
u
m
an

re
-

n
al

tu
bu

la
r
ce
lls

In
su
lin

la
be
le
d
w
it
h

te
tr
am

et
h
yl
rh
od

am
in
e

F
C
S

D
iff
us
io
n:

Tw
o
po

pu
la
ti
on

s
of

lig
an

d–
re
ce
pt
or

co
m
pl
ex
es

w
it
h
di
ff
er
en

t
m
ob

ili
ty
.

[1
69

]

B
in
di
ng
:I
n
su
lin

bi
n
di
n
g
is
ot
h
er
m

yi
el
de
d
tw
o
bi
n
di
n
g

pr
oc
es
se
s:
a
lo
w
af
fi
n
it
y
w
it
h
K
d
¼
1
n
M

an
d
st
oi
ch
io
m
et
ry

1:
1
(n
¼
1)
,a
n
d
a
h
ig
h
af
fi
n
it
y
w
it
h
K
d
¼
5
·
10
�
2
n
M

an
d

n<
1.

N
-c
ad
he

ri
n
re
ce
pt
or

in
m
yo
-

ge
n
ic

ce
lls

N
ca
d-
Fc

lig
an

d
co
n
ju
ga
te
d
to

1-
mm

la
te
x
be
ad
s

SP
T

D
iff
us
io
n:
T
h
e
ki
n
et
ic
s
of
th
e
an

ch
or
in
g
of
N
-c
ad
he

ri
n
to
th
e

ac
ti
n
cy
to
sk
el
et
on

on
la
m
el
lip

od
ia

w
as

st
u
di
ed
.T

h
e

m
ov
em

en
t
of

lig
an

d-
co
at
ed

be
ad
s
sh
ow

ed
an

in
it
ia
lf
re
el
y

di
ff
u
si
n
g
ph

as
e.

T
h
e
an

ch
or
in
g
la
te
n
cy

is
lo
w
er

at
hi
gh

lig
an

d
de
n
si
ty

at
th
e
be
ad

su
rf
ac
e.

[1
70

]

N
G
FR

(T
rk
A
or
/a
n
d
p7

5
re
-

ce
pt
or
s)
in

do
rs
al
ro
ot
ga
n
gl
io
n

gr
ow

th
co
n
es

N
G
F
la
be
le
d
w
it
h
C
y3

SM
I

D
iff
us
io
n:

Tw
o
di
ff
u
si
on

m
od

es
fo
r
N
G
F
R
w
er
e
ob

se
rv
ed
:

B
ro
w
n
ia
n
m
ot
io
n
an

d
on

e-
di
re
ct
io
n
al

m
ov
em

en
t
to
w
ar
d

th
e
ce
n
tr
al

re
gi
on

of
th
e
gr
ow

th
co
n
e.

Li
ga
n
d–

re
ce
pt
or

co
m
pl
ex
es

w
er
e
tr
an

sp
or
te
d
to
w
ar
d
th
e
ce
n
tr
al

re
gi
on

by
th
e
re
ar
w
ar
d
fl
ow

of
th
e
ac
ti
n
n
et
w
or
k.
T
h
e
en

do
cy
to
si
s
of

in
di
vi
du

al
co
m
pl
ex
es

(n
o
n
ee
d
fo
r
cl
u
st
er

fo
rm

at
io
n
)
w
as

ev
id
en

ce
d
by

ex
po

su
re

to
an

ac
id
ic

m
ed
iu
m
.

[1
71

]

B
in
di
n
g:
C
ou

n
ti
n
g
th
e
n
u
m
be
r
of

fl
u
or
es
ce
n
td

ot
s
re
ve
al
ed

th
at
la
m
el
lip

oi
da
le
xp
an

si
on

w
as

in
it
ia
te
d
by

40
bo

u
n
d
C
y3
-

N
G
F
.O

n
h
ig
h
-a
ffi
n
it
y
re
ce
pt
or
s,
K
d
¼
2.
7
·
10
�
2
n
M

an
d

B
m
ax
¼
17

5
bo

u
n
d
lig

an
ds

on
a
si
n
gl
e
gr
ow

th
co
n
e.

(C
on
ti
nu

ed
)

7.4 Investigating Kinetics and Thermodynamics of Ligand–Receptor Interactions by FCS j147



Ta
bl
e
7.
1
(C
on
tin

ue
d)

R
ec
ep
to
r

Li
ga
nd

Te
ch
ni
qu

e
R
ec
ep
to
r
m
ob

ili
ty

an
d
lig
an

d
bi
nd

in
g
pr
op

er
tie
s

R
ef
er
en
ce

T
C
R
an

d
C
D
8
ta
gg

ed
w
it
h

fl
u
or
es
ce
n
tly

la
be
le
d
an

ti
bo

dy
in

T-
ce
lls

P
ep
ti
de

M
H
C
te
tr
am

er
F
C
S
an

d
ti
m
e-

re
so
lv
ed

fl
u
or
es
ce
n
ce

D
iff
us
io
n:

H
et
er
og
en

eo
u
s
di
ff
u
si
on

of
bo

th
C
D
8
an

d
T
C
R

in
th
e
pl
as
m
a
m
em

br
an

e.
Tw

o
po

pu
la
ti
on

s
of

T
C
R
an

d
C
D
8
re
ce
pt
or
s
w
it
h
di
ff
er
en

tm
ob

ili
ty
w
er
e
ob

se
rv
ed
.S
om

e
of

th
e
C
D
8
an

d
T
C
R
m
ol
ec
u
le
s
ar
e
co
lo
ca
liz

ed
in

m
em

-
br
an

e
do

m
ai
n
s.

[1
72

]

B
in
di
n
g:
T
h
e
ti
m
e-
co
u
rs
e
of

pe
pt
id
e
M
H
C
bi
n
di
n
g
to
liv
e
T

ce
lls

w
as

bi
ph

as
ic
.A

fa
st

as
so
ci
at
io
n
to

C
D
8
pr
ec
ed
ed

as
so
ci
at
io
n
of

th
e
pe
pt
id
e
M
H
C
-C
D
8
co
m
pl
ex

w
it
h
T
C
R
.

Tr
kA

re
ce
pt
or

la
be
le
d
w
it
h
Q
D

co
at
ed

w
it
h
an

ti
-T
rk
A
an

ti
bo

dy
in

n
eu

ra
l
P
C
12

ce
lls

R
TA

an
ti
-T
rk
A
th
at

ac
ts

as
a

pa
rt
ia
la
go

n
is
t

N
G
F

SM
I

D
iff
us
io
n:

Tr
ac
ki
n
g
of

ac
ti
va
te
d
Tr
kA

re
ce
pt
or
s
re
ve
al
ed

en
do

cy
to
si
s
an

d
ac
ti
ve

tr
an

sp
or
t
vi
a
m
ic
ro
tu
bu

le
s
to

di
f-

fe
re
n
t
su
bc
el
lu
la
r
lo
ca
ti
on

s.

[1
73

]

a
T
h
e
n
at
u
re

of
th
e
be
n
zo
di
az
ep
in
e
re
ce
pt
or

w
as

n
ot

de
sc
ri
be
d
in

th
is

re
fe
re
n
ce
.

b
N
o
ev
id
en

ce
fo
r
di
re
ct
in
te
ra
ct
io
n
be
tw
ee
n
G
A
B
A
A
R
an

d
ka
va
in

w
as

re
po

rt
ed

in
th
is
st
u
dy
,o

n
ly
th
e
sp
ec
ifi
c
bi
n
di
n
g
of

ka
va
in

to
co
rt
ic
al
n
eu

ro
n
s
w
as

de
m
on

st
ra
te
d.

A
bb

re
vi
at
io
n
s
fo
r
re
ce
pt
or
s:
5-
H
T
3
R
,s
er
ot
on

in
ty
pe

3
re
ce
pt
or
;A

1-
A
R
,A

1-
ad
en

os
in
e
re
ce
pt
or
;A

M
P
A
R
,
a-
am

in
o-
3-
h
yd
ro
xy
-5
-m

et
h
yl
-4
-is
ox
az
ol
e
pr
op

io
n
ic

ac
id

re
ce
pt
or
;b

2
-A
R
,b

2
-a
dr
en

er
gi
c
re
ce
pt
or
;c
A
M
P
R
,c
yc
lic

ad
en

os
in
e
30
,5
0 -m

on
op

h
os
ph

at
e
re
ce
pt
or
;E

G
F
R
,e
pi
de
rm

al
gr
ow

th
fa
ct
or

re
ce
pt
or
;E

T A
R
,e
n
do

th
el
ia
lA

re
ce
pt
or
;

G
A
B
A
A
R
,g

-a
m
in
ob

u
ty
ri
c
ac
id

cl
as
s
A
re
ce
pt
or
;I
gE

re
ce
pt
or
,i
m
m
u
n
og
lo
bu

lin
E
re
ce
pt
or
;L

F
A
-1
,l
eu

ko
cy
te

fu
n
ct
io
n
-a
ss
oc
ia
te
d
an

ti
ge
n
-1
;
m
G
lu
R
5,

m
et
ab
ot
ro
pi
c

gl
u
ta
m
at
e
re
ce
pt
or

5;
M
H
C
re
ce
pt
or
,m

aj
or

h
is
to
co
m
pa
ti
bi
lit
y
co
m
pl
ex

re
ce
pt
or
;N

G
F
R
,n

er
ve

gr
ow

th
fa
ct
or

re
ce
pt
or
;N

K
1R

,n
eu

ro
ki
n
in

1
re
ce
pt
or
;O

R
17

-4
0,
h
u
m
an

od
or
an

t
re
ce
pt
or

17
-4
0;

SS
T
R
1,

so
m
at
os
ta
ri
n
ty
pe

1
re
ce
pt
or
;S

ST
R
5,

so
m
at
os
ta
ri
n
ty
pe

5
re
ce
pt
or
;T

C
R
,T

-c
el
l
re
ce
pt
or
.

O
th
er

ab
br
ev
ia
ti
on

s:
C
H
O
,C

h
in
es
e
h
am

st
er

ov
ar
y;
F
C
S,
fl
u
or
es
ce
n
ce

co
rr
el
at
io
n
sp
ec
tr
os
co
py
;F
ID

A
,fl

u
or
es
ce
n
ce

in
te
n
si
ty
di
st
ri
bu

ti
on

an
al
ys
is
;F
R
E
T,
fl
u
or
es
ce
n
ce

re
so
n
an

ce
en

er
gy

tr
an

sf
er
;G

P
I,
gl
yc
os
yl
ph

os
ph

at
id
yl
in
os
it
ol
;H

E
K
,h

u
m
an

em
br
yo
n
ic
ki
dn

ey
;I
C
A
M
-1
,i
n
te
rc
el
lu
la
r
ad
h
es
io
n
m
ol
ec
u
le
-1
;P

M
A
,p
h
or
bo

l-1
2-
m
yr
is
ta
te
-

13
-a
ce
ta
te
;N

ca
d-
Fc
,N

-c
ad
h
er
in

ec
to
do

m
ai
n
fu
se
d
to
th
e
Ig
G
Fc

fr
ag
m
en

t;
Q
D
,q
u
an

tu
m

do
ts
;S
M
I,
si
n
gl
e
m
ol
ec
u
le
im

ag
in
g;
SP

T,
si
n
gl
e
pa
rt
ic
le
tr
ac
ki
n
g;
T
IR

F
M
,t
ot
al

in
te
rn
al

re
fl
ec
ti
on

fl
u
or
es
ce
n
ce

m
ic
ro
sc
op

y.

148j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



compounds, usually tritium or iodine-125 isotopes. After incubating receptor-
comprising membrane preparations or whole cells with radioligands, the unbound
fraction of the labeled ligand is separated from the receptor-bound fraction. Major
drawbacks of these binding assays are their low sensitivity, which excludes the
investigation of cell surface receptors at low expression, and requires the require-
ment of long-living receptor–ligand complexes that should be stable during the
separation and the washing steps.
FCS is not only a powerful technique for measuring the lateral mobility of

membrane proteins, it is also a sensitive and non-invasive tool to determine the
thermodynamic and kinetic parameters of ligand–receptor interactions in living
cells with no need for the physical separation of the receptor-bound from the free
ligand fraction (Table 7.1). Moreover, the small detection volume allows measure-
ments in sub-cellular compartments such as the nucleus [64], the endoplasmic
reticulum or the Golgi [65].
Quantitative analysis of the diffusion time and fraction of the different species is

given by the following simplified autocorrelation function G(t), which describes the
three-dimensional diffusion of free ligands in solution and the two-dimensional
diffusion of bound ligands in different populations of cell membrane receptors
having different mobilities:

GðtÞ ¼ 1þ 1
N

1�
X

yi
� � 1

1þ t
tf

 !
1

1þ wxy

wz

� �2
t
tf

0
B@

1
CA

1=2

þ
X

yi
1

1þ t
tbi

 !2
64

3
75;

ð7:3Þ

where wz is the vertical half axis of the detection volume, tf and tbi are the
diffusion time constants of the free ligands and ligands bound to the population i
of membrane receptors, respectively. It is assumed in the multicomponent
diffusion model of Equation 7.3 that the quantum yield of the fluorescently-labeled
ligand is the same in the free and bound states. Since the diffusion time scales with
the cubic root of the molecular weight (Stokes–Einstein relation), the diffusion time
of free ligands is substantially lower than the diffusion time of ligands bound to
comparatively large receptors. This has been observed in binding experiments
performed on detergent-solubilized membrane receptors [66]. The two components
are more easily discernable for receptors diffusing in cell membranes due to the
higher viscosity of the lipid bilayer (Figure 7.1C). Typically, the receptor-bound ligand
diffuses more slowly, by about two orders of magnitude, than the free ligand in
solution. The fraction of different species can be further examined by evaluating the
distribution of diffusion times (Figure 7.1D and [137]).
The ligand-binding isotherm is obtained by determining at equilibrium the

fraction of bound ligand from the autocorrelation amplitude for different ligand
concentrations (Figure 7.1E). At saturation, the maximum concentration of bound
ligand Bmax equals the total number of binding sites. Assuming one binding site for
one receptor molecule, the receptor density in the cell membrane is calculated from
the average observed membrane area. It is useful to linearize the equation for the
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binding curve to display the Scatchard representation of the mass action law
(Figure 7.1E, inset) according to:

P
yi

1�P yið ÞR0
¼
X

K i ni� yiL0
R0

� �
; ð7:4Þ

where R0 is the total receptor concentration at the cell surface, Ki is the association
constant of the ligand–receptor complex, and ni is the number of binding sites per
receptor. Assuming ni¼ 1, R0 is equivalent to Bmax.
The specificity and kinetics of ligand–receptor binding can be analyzed by

competitive displacement of the bound ligand by an excess of non-labeled ligand.
A simple monoexponential dissociation model is given by:

X
yi ¼ yunspecificþ y0expð�kdisstÞ; ð7:5Þ

where yunspecific is the fraction of non-specific binding, y0 is the fraction of specific
binding, and kdiss is the dissociation rate constant. The association rate constant of the
complex, kass, is calculated by multiplying Ki by kdiss. More complex binding
reactions, such as those involving several binding sites of different affinities as
observed in ligand-binding isotherms and Scatchard plots, or multi-exponential
displacement curves, can also be measured by FCS (Table 7.1).
In the particular case of large ligand molecules (i.e. with a similar mass as the

receptor), binding to membrane receptors may not produce a sufficient effect on
the diffusion time monitored by FCS. In this case fluorescence cross-correlation
spectroscopy (FCCS) is themethod of choice. In dual-color FCCS, the two interacting
partners are labeled with spectrally separated fluorophores. Cross-correlation analy-
sis of the two signals allows us to assess binding properties independently of the
relative diffusion times [63].

7.4.2
FCS at High Fluorophore Concentrations

In a classical FCS experiment, the diffraction-limited observation volume restricts
fluorophore concentrations to the pico and nanomolar ranges. Two different strate-
gies have recently been presented to reduce the effective observation volume, thus
enabling single-molecule detection at micromolar concentrations:

(i) The excitation light was confined at the bottom of subwavelength apertures that
act as zero-mode waveguides made of a metal film on a fused silica
coverslide [67]. The technique has been successfully applied to probe the
dynamics of lipids and proteins on artificial and cell membranes [68–70].

(ii) The effective detection volume was reduced by allowing the fluorescent
molecules to flow in submicrometer-sized fluidic channels [71].

With these methods, ligand–receptor interactions with micromolar equilibrium
binding constants can now be analyzed with high spatial and temporal resolutions.
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7.5
Modulation of Ion Channel Current by Ligand Binding

7.5.1
Ligand-activated Ion Channels: Decoupling Ligand Binding and Channel Gating with
Single-molecule Patch-clamp

Ligand-gated ion channels switch between a closed (non-conducting) conformation
and an open (conducting) conformation. In most cases, ligand binding increases the
open probability due to higher affinity to the open state, which mainly arises from a
smaller dissociation rate constant from the open channel. A simplified allosteric
model that separates the ligand-binding step from the channel gating step is usually
represented by the mechanism described by del Castillo and Katz [72]:

R
kass�!
kdiss
 �

|fflfflffl{zfflfflffl}
binding

LR
b�!
a
 � LR�

|fflfflfflfflfflfflfflfflffl{zfflfflfflfflfflfflfflfflffl}
gating

ð7:6Þ

where R represents a closed channel, R� an open channel, L denotes a ligand (agonist
molecule), kass and kdiss are the association and dissociation rate constants, a and b
the closing and opening rate constants of the channel, respectively. This model
assumes fast equilibrium binding versus the subsequent conformational changes
occurring during channel gating.
Single-channel patch-clamp recordings revealed the fine structure of the effective

openings, referred to as bursts, composed of transient closing events. This allowed
the evaluation of the binding and gating rate constants separately [73]. The rate
constants kdiss,a andb, referring to the liganded receptor, can be accurately estimated
by using different methods. Because the association reaction is not usually diffusion
limited and the number of channels present in the patch of membrane cannot be
unequivocally defined [73], single-channel current measurement is not however the
most reliable approach to determine kass.

7.5.2
The Nicotinic Acetylcholine Receptor as a Prototypical Example

The nicotinic acetylcholine receptor (nAChR) is a heteropentameric, cation-selective
channel that is activated by binding of the natural neurotransmitter acetylcholine.
Two ligand binding sites are located at subunit interfaces in the large extracellular
domain. Themuscle type nAChR is concentrated at neuromuscular junctions, where
it mediates fast synaptic transmission by depolarizing the post-synaptic membrane.
Single-channel current recordings frompatches of end-platemembranes activated by
acetylcholine revealed a two-state reaction scheme, which reflects transient openings
of nAChR channels. Burst analysis of elementary currents allowed the derivation of
an activation mechanism with microscopic binding and gating rate constants.
Figure 7.2A shows single-channel currents simulated with a two-binding site
mechanism in which only the diliganded receptor initiates channel opening as
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illustrated in the occupancy state diagram in Figure 7.2B. The values of the rate
constants used in the kineticmodel have been experimentally estimated for wild-type
mouse AChRs (adult-type) elicited by 1mM acetylcholine at –100mV applied
voltage [74]: the closing rate constant a is 1700 s�1, the opening rate constant b
is 48000 s�1, the dissociation rate constant from diliganded to monoliganded
receptor, kdiss, is 46 000 s

�1, and the association rate constant from monoliganded
to diliganded receptor, kass, is 2� 108M�1s�1.With these parameters, themean time
of openings per burst, 1/a, is 0.59ms, the mean time of closings per burst,
1/(b þ kdiss), is 11ms, and the mean time of bursts, (1 þ b/kdiss)/a þ (b/kdiss)/
(b/kdiss), is 1.2ms.
It has beendemonstrated that the twonAChRbinding sites have different affinities

for ligands. On the other hand, the nAChR can be activated by various agonists,
whose specific interactions not only influence the binding rate constants but also the
gating kinetics [75, 76]. Current recordings of single nAChR channels activated by
ligands of different size, charge distribution, or hydrophobicity afforded a clearer
understanding of the distinct contribution of agonist-specific chemical groups on
docking or channel gating [76].

Figure 7.2 (A) Simulated current trace of a wild-
type nAChR channel. The sampling frequency
used was 100 kHz, the Gaussian filter was
40 kHz, and the elementary currentwas 3 pA. The
simulation was carried out using QUB software
(www.qub.buffalo.edu). (B) Transitions of the

nAChR between microscopic states, which
illustrate the molecular events underlying the
burst shown on the expanded time scale in A. In
the standard kinetic model, receptor activation
follows the sequential binding of two ligand
molecules.

152j 7 Studying the Dynamics of Ligand–Receptor Complexes by Single-Molecule Techniques



The central question of how ligand binding triggers channel opening has
been investigated during recent years at the single amino acid level by combining
protein engineering and single-channel electrophysiology. Key residue interactions
engaged in the molecular pathway coupling ligand binding to gating have been
identified by producing mutations at the interfacial region between the extracellular
ligand-binding domain and the transmembrane channel domain [77, 78]. The
propagation of conformational changes between intermediate pre-opening states
was studied on a series of nAChR mutants affecting the binding site, the interfacial
region, and transmembrane segments lining the pore [79, 80]. A picture of the
sequential molecular events was suggested from the position of the gating transition
state along the reaction coordinate estimated at the different sites in the
protein [81, 82].

7.5.3
Chemical Gating by Specific Ligand Binding inside Ion Channels

Diffusion of hydrophilic solutes across membranes of cells and organelles occurs
through protein channels comprising an aqueous pore. A variety of biological
processes rely on channel-based transport systems, such as the transfer of nucleic
acids and proteins across the nucleusmembrane, the export of nucleotides across the
mitochondria membrane, and the uptake of nutrients across the outer membrane of
bacteria, to mention a few.
Selectivity of ions or metabolites is achieved through a network of attractive

interactions between the diffusing particles and protein residues lining the
pore. As a consequence of the presence of an internal binding site, both the
occupation probability and the mean residence time of a solute inside the channel
increase. Diffusion models have demonstrated that the net flux, or translocation
probability via passive diffusion, of particles can be larger in the presence of a
potential well compared with that in its absence [83–87]. Moreover, two important
facts have been described. First, there is an optimal well depth that enhances
channel efficiency depending on the solute concentration [83, 85]. Second, the
asymmetric position of the binding site inside the channel can lead to asymmetric
transport [86].
Although the binding of solutes in the pore does not initiate subsequentmolecular

events mediated by the channel protein itself, the above considerations show that
facilitated diffusion through membrane channels can be viewed as a biological
process resulting from specific interactions between a ligand (the permeating
molecule) and a membrane receptor (the channel).
In some cases, the interactions are so strong that the transient occupancy of a pore

by a diffusingmolecule can be resolved in time at the single-molecule level bymeans
of electrophysiology techniques. A simple kinetic scheme of channel-facilitated
membrane transport assumes a two-state model, in which the channel is either
open or (partially) closed to ionic current by a diffusingmolecule. In the standard one-
site two-barrier model, the occupied channel corresponds to the bound state [88]; in
the diffusionmodel, the ligand is not necessarily bound to obstruct the pore (e.g. [84]).
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The reaction may be thought of as a stochastic process, which generates a random
sequence of microscopic pulses of ionic current. The pattern of current fluctuations
induced by the transient occupancy of the pore by a diffusingmolecule is an electrical
signature of the molecular interactions that occur inside the protein channel [89].
The magnitude of the current decrease reflects the extent to which the channel is
blocked by the translocating molecule, while the duration of the current pulse refers
to the strength of interactions between the molecule and the amino acids lining
the pore. This approach, known as the molecular Coulter counter, provides rapid
and accurate characterization in real-time of molecules interacting with single
ion channels [90, 91]. The passage of carbohydrates [92], nucleic acids [93], and
antibiotics [94], could be resolved on a single molecular level.
Statistical analysis of the ligand-binding events can be undertaken by computing

the autocorrelation of the current fluctuations. For a simple two-state Markovian
process, the autocorrelation takes the form of a single exponential, and the
inverse of the relaxation time is a linear function of the association (closing) and
dissociation (opening) rate constants, kass and kdiss, respectively. In practice, a similar
but more convenient approach consists of converting time-dependent fluctuating
current into a frequency domain by using power spectrum analysis [94]. Spectra of
the ligand-induced current fluctuations can be described by a single Lorentzian
function (the Fourier transform of an exponential is a Lorentzian function) of
the form:

SðwÞ ¼ 4s2t
1þw2t2

; ð7:7Þ

where t is the relaxation time of the reaction, and s2 is the variance. Expressions of t
and s2 as a function of the binding rate constants are represented as follows:

t ¼ ðkassCþ kdissÞ�1; ð7:8Þ

s2 ¼ NðDiÞ2Ckasskdiss
ðkassCþ kdissÞ2

; ð7:9Þ

where C is the ligand concentration, N is the total number of channels and Di is the
current through one channel.

7.5.4
Facilitated Translocation of Sugars through Bacterial Porins

The outer cell membrane of bacteria is permeable to smaller solutes below a
molecular weight of about 400Da. Such substances can freely permeate under a
concentration gradient through general diffusion porins.However, under conditions
of lownutrients the simple diffusion process is too slow and the bacterial cells need to
enhance the efficiency of translocation. For this purpose, channels specific for a
certain compound are present in the outer cell wall. The most extensively studied
examples of specific porins are themaltooligosaccharide-specific channel LamB, also
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known asmaltoporin, fromEscherichia coli [95] and the sucrose-specific channel ScrY
of Salmonella typhimurium [96].
High-resolution crystal structures of several of these specific porins are available.

Although Lamb and Scry display onlymoderate sequence homology, their structures
can be superimposed [97, 98]. They are composed of trimeric proteins when each
monomer consists of 18 membrane spanning b-strands forming a barrel with a
central water filled poor, short turns on the periplasmic side and large irregular loops
on the outside of the cell. Based on structures of LamB complexed with a sugar, three
adjacent subsites of binding were observed at the constriction zone located in the
middle of the pore (Figure 7.3B), and a specific translocation pathway has been
postulated [99]. The hydrophobic face of the sugar rings is in van der Waals contact
with a slide of aromatic residues, while hydrogen bonds are formed between the
sugar�s hydroxyl groups and polar residues.
Maltoporin has been extensively studied using the black lipid membrane

technique [100]. Single maltoporin trimers were reconstituted in lipid bilayers
and the temporary binding events of maltodextrin molecules inside the
channel were observed as transient closures of the individual monomers to ion
current [101–104]. Analysis of the occupancy probability for the four particular
states (fully open, single blocked, double blocked, fully blocked) shows that all
three channels of the maltoporin protein transport sugars independently [101].
Figure 7.3A shows current recordings from single channels in solutions of
maltodextrins of various lengths, containing from three (maltotriose) to seven
(maltoheptaose) glucose moieties [102]. It can be seen that shorter carbohydrates
block the current over a shorter period. However, they all totally obstruct one
channel as indicated by the amplitude of the current transitions of one-third of the
total current.
Power spectra of the sugar-induced current fluctuations can be described by a

Lorentzian function (Figure 7.3C), which is characteristic of a two-state Markov
process. The association and dissociation rate constants governing the open–close
sequence experienced by one channel can be determined using Equation 7.8 by
means of a linear plot of the reciprocal relaxation times versus sugar concentrations
(see e.g. [105]). For maltohexose, values of kass and kdiss are about 107M�1 s�1 and
1000 s�1, respectively, at a 150-mV applied voltage in the symmetrical addition of
the sugar. The asymmetry of binding of sugar molecules entering the channel
from either the extracellular or the periplasmic side has been investigated in
detail [88, 102, 103].
According to basic principles of thermodynamics, an electric field strength E, is

a variable of state just like temperature and external pressure. Therefore, equilibrium
constants depend on E according to the appropriate van�t Hoff equation that
involves the molar dipole moment of the reaction (an analogous relationship can
be applied to elementary rate constants, which involves the reaction dipole moment
in the transition state). Actually the effect is negligible in ordinary bulk reactions
since the values of E are usually much too small. However, this field readily becomes
very large during reactions of oriented molecules in biological membranes [106],
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such as those occurring in receptor channels. Indeed, a pronounced asymmetry
of channel properties induced by the polarity of the applied voltage has been
demonstrated [88, 92].
Maltoporin serves as the receptor for bacteriophage lambda [95, 107]. Phage

docking to the bacterial surface is followed by injection of the viral DNA. Real-time
formation of the phage–receptor complex was recently monitored in planar lipid
bilayers and new hypotheses regarding the binding regions have been postulated
[108, 109].

Figure 7.3 (A) Current recordings of single
maltoporin proteins obtained from experiments
where maltodextrins of various lengths were
used. Downward current steps with the
amplitude of one-third of the total current
correspond to time-resolved binding events. The
sugar concentration was 10mM, the applied
transmembrane voltage was 200mV, and the
data were low-pass filtered at 15 kHz (taken
from [102]). (B) Crystal structure of maltoporin
complexed with maltohexose. The helical
arrangement defined by the aromatic lateral

chains lining the pore allows the translocation
of the left-handed sugar helix in a screw-like
manner. The three binding subsites S2, S3 andS4
have been shown (taken from [99]).
(C) Power spectral densities of the current
fluctuations induced by reversible binding of
different sugar molecules. The Lorentzian
type spectra indicate a two-state Markovian
process for sugar binding. Spectra were
obtained after subtracting the open channel
noise in the absence of the sugar (taken
from [102]).
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7.5.5
Combined Electrical and Fluorescence Measurements

Pioneering work on combined optical and electrical recordings originated from
Yanagida�s laboratories [110, 111, 186]. The activity of single ryanodine receptor
channels reconstituted in planar lipid bilayers [112, 187] and of single nAChRs
expressed in Xenopusoocytes has been imaged using a fluorescent indicator of
calcium flux [113]. The formation of single gramicidin dimers was monitored by
combined electrical and FRETmeasurements [114]. Planar patch-clamp instruments
based on microstructured devices are used in the pharmaceutical industry for high-
throughput screening of compounds targeted to ion channels. Great benefits can be
derived from the planar design of the chips used to perform single-molecule
fluorescence measurements [115]. With further improvements, simultaneous elec-
trical and fluorescence recordings will enable the correlation between local structural
fluctuations or ligand binding and channel activity at the single-molecule level to
be elucidated. Good candidates for this procedure would be ligand-gated ion
channels [116].

7.6
Forces of Ligand–Receptor Interactions in Living Cells

7.6.1
Principles of Single-molecule Dynamic Force Spectroscopy and Applications to Cell
Surface Receptors

Various techniques have been developed to measure molecular forces. Most
prominent force transducers are optical and magnetic tweezers, atomic force
microscopy (AFM) cantilevers, and biomembrane force probes. In recent years,
atomic force microscopy has become a powerful technique to visualize and
manipulate single biomolecules in native-like environments, making it possible to
study the structure of complex biological systems at sub-nanometer resolu-
tion [117, 118], the folding/unfolding trajectories of single proteins [119–121],
and the dynamics of chemical bond rupture/formation between a ligand and
its receptor [122, 123]. In the following section, particular emphasis will be given
to the analysis of ligand–receptor interactions in living cells by dynamic force
spectroscopy. For recent reviews on the principles of single molecule force measure-
ments, preparation of tips, and recognition imaging, the reader can refer to
Kienberger et al. [124], and Hinterdorfer and Dufrêne [125]. (For reviews on the
use of AFM in living cells, see [126–130]).
Different configurations for the immobilization of living cells have been used in

single-molecule force measurements (Figure 7.4A): (i) the AFM tip is functionalized
with ligand molecules and living cells expressing specific membrane receptors
are immobilized on the supporting surface, (ii) a cell is mounted on a modified
(tipless) AFM cantilever (Figure 7.4B) and ligands are attached on the supporting
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surface, (iii) cells are attached to both the cantilever and the supporting surface for
cell–cell contact experiments. Since bacterial cells cannot spread on solid surfaces,
firm attachments must be achieved in order to carry out imaging and force
experiments.
The general procedure for force spectroscopy consists ofmeasuring the unbinding

forces of single ligand–receptor complexes in force–distance cycles recorded at
different loading rates. Figure 7.4C shows single molecular recognition events in
the force curve. Since mechanical breaking is a stochastic process, several hundred
force curves should be recorded to extract a statistically relevant value of the

Figure 7.4 Single-molecule force spectroscopy
on cell surface receptors. (A) Different strategies
of functionalization of AFM probes and solid
supports for investigating ligand–receptor
interactions in living cells (see text for details).
(B) Optical micrograph of a T-cell attached to the
tip of an AFM cantilever (taken from [138]). (C)
Force-displacement measurements between
LFA-1 expressed on the surface of T-cells and
immobilized ICAM-1. LFA-1/ICAM-1
interactions are important for leukocyte
adhesion. Traces were acquired using a
retraction speed of 2mms�1. In trace 1, the

shaded area represents de-adhesion between the
cell and the substrate, and Fcell is the detachment
force. In trace 2, T-cells were stimulated with
Mg2þ /EGTA, which induced tighter adherence
to ICAM-1 than that in resting cells. Arrows
indicate single rupture events. In trace 3,
addition of antibodies against either LFA-1 or
ICAM-1 inhibited the adhesion (adapted
from [138]). (D) Dynamic force spectrum of LFA-
1/ICAM-1 interactions. Two loading regimes in
the average unbinding forces were observed. For
details on the extracted Bell model parameters
(see Table 2; adapted from [138]).
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unbinding force. The distribution of unbinding forces measured at various loading
rates, reffered as the dynamic force spectrum, yields the energy landscape for the
interaction (Figure 7.4D).
Contrary to the techniques described above, force spectroscopy gives information

on non-equilibrium reaction kinetics. A force F applied to a complex increases the
dissociation rate constant as represented below [131]:

kdissðFÞ ¼ kdissð0Þexp
xbF

kBT

� �
; ð7:10Þ

where kdiss(0) denotes the dissociation rate constant in the absence of an external
force, xb is the distance between the bound state and the transition state along the
reaction coordinate (direction of the applied force), kB is the Boltzmann constant, and
T is the absolute temperature. The product xbF corresponds to the decrease in the
height of the energy barrier when a mechanical force is applied. Values of kdiss(0) for
different ligand–receptor complexes are shown in Table 7.2. Importantly, kdiss(0) is
similar to the thermal (equilibrium) dissociation rate constant under the unique
conditions that ligand–receptor interactions are characterized by a one-barrier energy
landscape. Examples of ligand–receptor dissociation processes with multiple energy
barrier profiles are also presented in Table 7.2 and in Figure 7.4 D.
The association kinetics can be characterized using single-molecule force mea-

surements by the adhesion probability P, i.e. the fraction of the force curves which
show a specific binding event. The association rate constant kass can be determined by
integrating the differential equation with the appropriate boundary conditions:

dP
dt
¼ �kdissPþ kassceff ð1�PÞ; ð7:11Þ

where ceff denotes the effective concentration of binding partners in the accessible
volume between the AFM tip and the cell surface [132].
Interestingly, single-molecule force spectroscopy has essentially been applied to

the study of adhesion receptors. To our knowledge, the interaction between a GPCR
and its ligand has not been investigated in living cells. The mechanical unfolding of
single membrane proteins has recently been investigated by combining AFM
imaging and force spectroscopy [120]. Because the spectra showing unfolding events
contain information on the strength and location ofmolecular interactionswithin the
protein [133], the binding between a GPCR and its ligand could be studied using this
technique.

7.6.2
Novel AFM-based Techniques

Recently, we emphasized the potential of planar cell membranes deposited on
submicrometer-sized apertures in the study of molecular interactions with both
sides of integral membrane proteins [134]. In a similar approach, a promising two-
chamber AFM set-up has been designed, which allowed combined fluorescence
microscopy and high spatial resolution imaging of proteins spanning suspended
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nativemembranes [135]. In a secondmethod, also based onmicrostructured devices,
AFM imaging was combined with electrical recording of ion channels in lipid
bilayers using a conducting tip [136].
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8
RNA in cells
Valeria de Turris and Robert H. Singer

8.1
Why Study RNA?

In terms of movements and interactions, RNA is one of the most dynamic and
flexible molecules in the cell. These characteristics are the keys to understanding its
biological roles, in particular in terms of regulation of gene expression. In the cell, the
expression of a gene is controlled at different levels. Checkpoints are spread out all
along the way, from the triggering of a signal to �open� the chromatin until post-
translational modifications and degradation of the protein. In this complex network,
RNA occupies a central position since it is the �messenger� (mRNA) sent from the
site of information storage (DNA in the nucleus) to everywhere in the cell. SomeRNA
molecules are coding RNAs, �read� by the ribosome in the cytoplasm to produce
functional proteins by ordered loading of the correct amino acids. Other functional
RNAs are never translated into proteins (non-coding RNAs, ncRNAs). They can be
involved in ribosome assembly and function, such as ribosomal RNA (rRNA),
transfer RNA (tRNA) and the small nucleolar RNA (snoRNA); others are implicated
in splicing pieces ofmRNA together, as are small nuclear RNAs (snRNAs) important
components of the spliceosome, the macro-complex that accomplishes this splicing.
Moreover, in the last few years new classes of regulatory non-coding RNAs have been
discovered: small interfering RNAs (siRNAs) and microRNAs (miRNAs). These
ncRNAs are characterized by their tiny dimensions (varying between 21 and 24
nucleotides) and new members are continuously being found. They are involved in
multiple functions, from the protection against parasitic nucleic acids, such as
viruses and transposons [1], to the control of the expression of specific mRNAs in
development and cancer [2]. The discovery of these new RNAs that has strongly
improved our understanding of cell defense and regulation also provides tools to
manipulate and study gene expression. The relevance of this finding is evident from
the 2006 Nobel Prize where Fire and Mello shared the Medicine Prize for the
discovery of RNA interference by these small RNAs.
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Another important characteristic of RNAmolecules is that they are never �naked�
in the cell. They are always associated with proteins, forming ribonucleoprotein
particles (RNPs). As a consequence, the RNP is much higher in molecular weight
than the RNA alone.Moreover, the composition of the complex ismodified over time
due to exchange of binding partners, therefore increasing the complexity and the
spectrumof possible interactions and functions. These characteristicsmake theRNA
molecule, in all its forms and functions, an exciting and important object of study.
Many questions have been raised about RNP dynamics in the nucleus and in the

cytoplasm. Some of them concern howRNAsmove, whether they follow rules of free
diffusion or energy-dependentmovement, and to what extent the environment, such
as chromatin in the nucleus or filament networks in the cytoplasm, constrains RNA
movements. RNA dynamics range from the sites of nuclear transcription, where
maturation occurs, to the specific localization of particular RNAs in the cytoplasm,
which creates definedgradients by enrichment in, or exclusion from, particular areas.

8.2
RNA Visualization inside Cells

Because �seeing is believing�, during the last decade efforts have been focused on
observing the actual dynamics of RNA movement inside a single living cell.
In the next section we outline the most important components to be considered

when imaging mRNAs during their movements in living cells: the development of
suitable methods to label the RNA, generating a sufficient signal to detect specific
individual transcripts, and improvements in imaging technologies. In the subse-
quent sections we will describe the travel of RNAmolecules from transcription sites
until their final destination in their respective translational compartments.

8.2.1
Techniques to Label RNA

The intrinsic complexity of the cellular system gives rise to many issues. To address
them, different methods have been developed to visualize RNAs. Before choosing a
particular approach, pros and cons have to be considered taking into account the
cellular system, the target and the aim of the project.
One among the first techniques utilized to study the RNA dynamics in living cells

was Fluorescent In Vivo Hybridization (FIVH, [3]). This method was developed on
the basis of the Fluorescent In SituHybridization (FISH, [4–6]) and relies on intrinsic
abilities of oligonucleotides to recognize and hybridize to a complementary target
sequence. The main difference between the two techniques is that FISH applies to
fixed cells, while FIVH allows the study of transcripts in living cells. The first
methodological improvement of the FIVH technique was the optimization of
protocols for oligonucleotide uptake and hybridization in vivo. Fluorescent [3] or
caged-fluorescent oligo-dT [7] were used to probe the poly(A) tails of all mRNAs and
study their movements. The ability to obscure the fluorochrome on the probe by a
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protecting, �caging�, group allows the movement of mRNA to be studied at a higher
resolution. The photolytic unmasking of the fluorochrome, �uncaging�, activates the
fluorescent probes only at the illuminated region of the nucleus. This distinguishes
hybridized probes from the free oligo-dT, because the latter diffuse faster and
therefore disappear by dilution in the cellular volume.
An additional tool to label endogenous RNAs based on oligonucleotide hybridiza-

tion is provided by molecular beacons [8]. These molecules are characterized by a
particularstem–loopstructure thatmaintains thefluorophoreand itsquencherbound
close together at each end of the probe. The aim of this system is to overcome the
background signal derived fromunbound probes, since the fluorescent signal will be
visible only when the annealing of the molecular beacon to its target separates the
quencher fromthefluorophore.However, the stem–loopstructure couldbedestroyed
in vivo by nuclease activity or protein binding, enabling fluorescence without hybrid-
ization. Therefore, an improvement of this tool has been developed exploiting the
advantages of Fluorescence Resonance Energy Transfer (FRET, [9–11]). Briefly FRET
occurs when two spectrally-matched fluorescent pairs are sufficiently close (<10 nm)
and in the correct orientation. The fluorophore excited (donor) by an external source
(lamp) does not disperse all the energy in the emission instead it transfers activation
energy to the second longer-wavelength fluorophore (acceptor) that in turn will emit.
With this technique, opportunely designed pairs of molecular beacons anneal to
adjacentsequencesonthesameRNAtarget, thusrecruitingthedonorandtheacceptor
of the FRETpair close enough to generate the FRET signal [12].
Another method to resolve the background due to unbound probes is the direct in

vitro labeling of the target RNA before introduction into the cell [13, 14]. In this case,
unlike previous techniques, the target RNA is not endogenously produced possibly
eliminating some steps in the normalmaturation pathway. SincemRNA injected into
the cytoplasmwill not have contact with the nuclear environment it could assemble a
differentmRNPcomplex. For example,mRNAs injected in the cytoplasmmay lack all
the nuclear factors usually recruited during their travel in this compartment.
Furthermore, even if injected into the nucleus, they may be deficient in all the
factors deposited during transcription and maturation; processes like splicing and
polyadenylation. Nonetheless, these features are not always a con and they have been
exploited, for instance, to determine the involvement of nurse cell factors in bicoid
RNA dynamics in Drosophila embryos [15].
A completely different approach relied on the power of fluorescently tagged

proteins [16–18]. Green Fluorescent Protein (GFP) and other fluorescent proteins
derived from the jellyfish Aequorea victoria are extensively used to tag RNA binding
proteins. In this case, the binding of the chimeric protein will indirectly label the
transcript. GFP-poly(A) binding protein 2 (GFP-PABP2) and the GFP-TBP export
factor [19] were used to study the movement of the bulk of endogenous mRNA by
Fluorescent Recovery after photobleaching (FRAP) experiments [20]. General RNA
binding proteins, like FIVH with oligo-dT, can be used to address endogenous
mRNAs but they do not discriminate one transcript from another, showing the
dynamics of a population and not of a specific transcript. Furthermore, there is the
additional complexity of the off- and on-rates of the protein and its recycling to
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another transcript. In any case, the approach was not appropriate for studying
the dynamics of a single RNA molecule. The key for this advance came from the
bacteriophage MS2 coat protein (MCP) coupled with FP tagging [21]. This phage
protein is an RNA-binding protein recognizing specifically a distinctive binding
site on a stem–loop folded RNA (Figure 8.1). The high affinity interaction (<1 nM)
between the stem–loop and the phage protein make this method highly specific.
Since twoMCPsbind each stem–loop as dimers, the insertion of severalMS2binding
sites (MBS) into the target gene will recruit multiple florescent tagged MCPs on a
single molecule (Figure 8.1), providing a powerful system for the detection of single
mRNPs distinguishable from the GFP-MCP background.
Developing this system in yeast [21] and in human cells [22, 23]made it possible to

probe RNAexpression of a specific sequence. A recent study focused on the synthesis
of a specific gene array ofMBS containing-transcripts by pol II and demonstrated the
advantages of the MS2 system in mammalian cells [24]. In this work, integration of
results obtained by FRAP, photoactivation,mathematicalmodeling and computation
analysis allowed the quantification of the in vivo dynamics and kinetics of pol II
transcription.
Coupling this method with other emerging tools like Fluorescence Correlation

Spectroscopy (FCS), ameans of resolvingmolecular events within rapid time frames,
for example the dynamics of the specific steps of transcription or for splicing, will be
likely to yield valuable kinetic data.

Figure 8.1 Schematic representation of a
specific RNA labeled with theMS2 system. Upon
stable insertion of the modified gene in the cell,
its active transcription site will be visualized by
fluorescence due to the binding of the GFP-MCP
dimers at the MCB stem–loop regions. For

simplicity only a single transcribing polymerase
is depicted. Multiple active polymerases at the
site will increase the RNA production therefore
the intensity, allowing the site to be detected over
the signal background.
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The concept behind the MCP system led to the creation of an alternative system
based on the U1A splicing factor and its recognition sequences [25–27]. This
approach works well in yeast but is not exploitable in mammalian cells, which
contain the endogenous U1A protein.

8.2.2
Advancements in Imaging Technologies

A critical aspect in single-molecule imaging is the development of the best optical
system tomatch the requirements for imaging singlemoving particles. This includes
acquiring images at rates as fast as, or faster than, the particle movements projected
optically onto the capture chip; applying a minimal amount of light to avoid
phototoxicity and bleaching of the sample, and all of this while maximizing the
signal-to-noise ratio and tracking the particles in three dimensions (3D) and in time
(�4D� imaging). In the past, the classical confocal microscope was preferred for
imaging fluorescently-labeled cells, but now alternative options are available. The
confocal platform itself has been recently modified to increase speed and enable fast
imaging in the z-plane, in time and with different wavelengths simultaneously.More
advances have also been made in the wide-field epifluorescent microscope. The
improvements in the Charge-Coupled Device (CCD) camera, that converts incident
photons at the detector into electronic information, and the technology of electron-
multiplying CCDs (EMCCDs) which detect very weak signals, are providing higher
levels of sensitivity than the photomultiplying tubes (PMT) used in the confocal
microscope. In this latter instrument, photons are first converted into electrons
which then converge in an electronmultiplier where a system of electrodes amplifies
the signal by a secondary emission process. However, the major difference between
confocal andwide-field imaging is that the confocalmicroscopediscards photons that
are not within the image plane and this loss of information reduces the sensitivity
required to detect single molecules. Instead, with the wide-field microscope all the
information from �out of focus� photons collected during the acquisition process
becomes important and useful. In fact applying the images deconvolution
algorithms, a �point spread function� will allow �reconstructing� them in three
dimensions. In this way the light is reassigned to its point of origin to recreate
an image with a signal-to-noise ratio much higher than that in a confocal micro-
scope [28]. In conclusion, the developments in biophotonics, imaging technologies,
bioinformatics and computational analysis are continuously increasing their
relevance and indispensable roles in the discovery of new principles of cellular and
molecular biology in living cells.

8.3
RNA Dynamics in the Nucleus

The birth site of RNAs, namely the transcription site or �RNA factory�, is located in
the nucleus. Transcription by RNA polymerase I (pol I) occurs inside the nucleoli,
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while pol II and pol III are active in the nucleoplasm. During transcription by those
enzymes, RNAs arematured and released from the sites. They thenmove towards the
nuclear envelope to translocate in the cytoplasm through the nuclear pore structure.
Beyond this elementary information, what are the actual RNA dynamics in all these
processes?

8.3.1
Dynamics in Transcription

Most of our knowledge about transcription comes from ensemble measurements
using methods such as the Northern blot, RT-PCR and microarray. These analyses
only provide results that are averages for specific molecules in a population and
obscure the differences among all cells. Therefore, only a single cell approach can
provide insight into the dynamic behavior and responses to specific stimuli of an
individual cell. Exploiting theMS2 system in bacteria, E. coli transcripts were tracked
and details of prokaryotic transcription revealed [29, 30]. It was demonstrated that
transcription in prokaryotes occurred in �bursts� with an average of 6min of
activation for approximately 37min of inactivity and that RNA partitioning during
cell division was random, decreasing the correlation between RNA and protein at the
beginning of the cell cycle. Recently, the same approach was used in the eukaryote
Dictyostelium discoideum for the characterization of the transcription of an endoge-
nous developmental gene [31]. Discrete �pulses� of gene activity were found with an
estimatedmean time of 5–6min on or off. The length and intensity of the pulse were
consistent during development. This was surprising, considering the strong changes
in transcriptional stimuli occurring throughout differentiation of this organism. The
important conclusion for this developmental system was that the number of pulses
during development did not increase, but rather there was an increase in the number
of cells that became committed to transcribing the gene. Initiation of synchronous
transcription in neighboring cells was observed to be more frequent than predicted
by random events. Furthermore, a �transcriptional memory� existed in cells that had
already transcribed that gene; theyweremore prone to restart transcription than cells
that had never expressed it.
The study of transcriptional dynamics is at its beginning and yet very promising.

Developing of sensitive systems to observe specific transcription in real-time
in mammalian cells, will open new frontiers and most likely reveal new insights
into gene expression. A first step in this direction has been made in the study of
pol II transcription in vivo [24]. Transcription of a specific locus was monitored by
FRAP of YFP-pol II recruited to the active site as well as both FRAP and photo-
activation of GFP-MCP labeling the transcribed RNA. A systems-modeling
approach combined with quantification and testing of the model using transcription
inhibitors provided sufficient resolution to demonstrate a faster transcription rate
coupled with pausing steps during elongation. Variations in the period length and
percentage of pol II pausing could possibly correlate with the appearance of
transcriptional �bursting� after relief of the block caused by the upstream pausing
polymerase.
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8.3.2
A Journey from the Transcription Site to the Nuclear Envelope

The mechanism of RNA movement in the nucleus has been addressed by various
approaches [32–35]. One of the hypotheses was that the mRNPs moved from
transcription sites to the nuclear envelope guided by some internal structures similar
to a railroad, and driven by receptors or a transporting complex. Since the elements
of the cytoskeleton, such as actin, nuclear myosin and other related proteins are
found in the nucleus and have even been shown to be involved in the transcriptional
process [36–38], it has been proposed that nuclear transport machinery that relied on
these skeletal structures, including nuclear motor proteins, might exist. Although
FRAPexperiments onGFP-actin protein show that actin polymerization occurs in the
nucleus and that those structures are highly dynamic [39], their involvement in
nuclear transport has never been observed to date. Insteadmany studies inferred that
the movement of mRNPs is a combination of Brownianmotion and ATP-dependent
movements [19, 35]. Most of the questions focused on the relevance and the actual
meaning of the ATP requirement in RNA movements inside the nuclear environ-
ment. Since directed movements are never observed in the nucleus, the energetic
demand may not supply molecular motors but more likely could be used to release
RNPs from stalling during random interactions with nuclear structures on their way,
such as dense chromatin domains, chromatin scaffolds or the cytoskeleton. Rather
than imagine RNP moving on tracks [40], we can envisage the particles moving by
diffusion inside a system of interconnected sinusoidal �channels� of fluid phase
bounded by dense chromatin domains [41]. The RNPs will travel in this network of
interchromatin space and occasionally interactwith other complexes and/or domains
becoming trappedwithin areas of high-density chromatin. Reversion from stationary
tomobile depends on the consumption of ATP [19, 35]. Single particle tracking shows
that RNP motion is energy-independent and not directed [23]. The observation of
corralled, and in rare cases, constrainedmovements highlights the existence of dense
and inaccessible structures hindering the free diffusion of largemolecular complexes
such as mRNPs (Figure 8.2). ATP has an essential role in chromatin remodeling;
decondensation of chromatin after energy depletion could be responsible for
affecting motility by trapping mRNPs within high-viscosity regions of DNA strands.
The caveat in the ATP-depletion experiments is that drug treatments have many
pleiotropic effects that impair a clear discrimination between direct or indirect
causes.
The RNP could dynamically interact with the environment and change its protein

partners during the journey from transcription site to the nuclear envelope,
eventually arriving at the proper composition to interact with the export machin-
ery [42–44]. The correct processing of the mRNA will deposit specific proteins on
the transcript, like flags indicating that the particle is ready to be exported, or
whether it still needs processing or has to be retained and degraded. Some proteins
involved in mRNA transport are (respectively yeast/mammalian homolog) Yra1p/
Aly of the REF (RNA and Export Factor binding) family of hnRNP-like proteins and
Mex64p/TAP [43–45]. The first pair is an RNA-binding protein and the second the
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adaptor bridging the RNA/REF complex with the NPC component, namely
nucleoporins with FG repeats (see below).

8.3.3
Transport through the Nuclear Pore Complex

The dynamics of particle translocation through the nuclear pore complex (NPC) are
still unclear and themechanism for transport is under investigation [46]. Three types
of transport are associated with the pore in the nuclear envelope (NE): restricted
diffusion, facilitated diffusion and unidirectional receptor-dependent transport. If
the molecule does not interact with the nucleoporins, protein constituents of the
NPC, it is defined as �inert� and permeates through the internal channel by restricted
diffusion with a rate inversely proportional to itsmolecularmass, with a limiting size
of 50 kDa. Particles interacting directly with the nucleoporin FG repeats, usually
transport receptors like NTF2 and transportin 1, are subjected to facilitated translo-
cation. Both these mechanisms are passive bidirectional processes while transport
mediated by the receptor is an active unidirectional transport that proceeds against
the concentration gradient of the cargo proteins. A cargo is an inert molecule that
cannot diffuse freely through the pore. Instead they harbor specific signals (Nuclear
Localization Signal, NLS and Nuclear Export Signal, NES) bound by the adaptor to be
translocated to the right compartment [47]. Also in this case the translocation process
per se is not an energy-consuming task, since is not directly coupled with ATP
hydrolysis. The real energy driving the transport mediated by importin and exportin
proteins is the chemical potential of the RanGTP gradient maintained by NTF2 and
RanGEF. This latter protein recharges the RanGDP imported into the nucleus by
NTF2 with GTP. The RanGTP gradient, higher in the nucleus than in the cytoplasm,
is important for the correct directionality of the cargo transport, since association of
the receptor with the cargo is influenced by its level. Importins load the cargo at low
levels of RanGTP in the cytoplasm while in the nucleus high RanGTP levels trigger
the replacement of the cargo with RanGTP. The exportins work in the opposite
direction and with an opposite mechanism: they load the cargo only in combination

Figure 8.2 Live-cell imaging and single-particle
tracking of individual mRNPs in the nucleus of a
mammalian cell. Images from time-lapse films
acquired from a cell co-transfected with (A) CFP-
Lac repressor that marks the insertion locus and
(B) YFP-MCP. (C) Reduction of noise for tracking
of mRNPs was obtained by deconvolution. Bar,
2mm. (D) Tracking of mRNP (arrow,
transcription site) (bar, 2mm) showed (E)
diffusing particles, (F) corralled particles, (G)
stationary particles, and (H) the transcription
site. Tracks are marked in green, and time in
seconds from the beginning of tracking for each
particle that appears in each frame. Bars, 1mm.

(I) Plot of the area per frame traveled throughout
the tracking period. Diffusive particles are shown
in blue, corralled in green, stationary in yellow,
and transcription site in red. (J) Mean-square
displacement (MSD) of tracked nucleoplasmic
particles versus time indicated the presence of
three types of characterized movements:
diffusive (black circles), corralled (blue
triangles), and stationary (green squares).
Directed movement was never detected (red
dotted line). (K) Table summarizing the mean
velocities and diffusion coefficients of tracked
particles at 37 �C. (Adapted from [23]).
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with RanGTP in the nucleus and release both when they reach the cytoplasm. In both
cases, once in the cytoplasm, RanGTP is hydrolyzed to RanGDP to disassemble the
complex.
The messenger RNAs rely on the adaptor protein TAP for their transport in the

cytoplasm. The TAP-mediated export of themRNAs appears to be unlinked from the
concomitant binding of RanGTP [48], and its marginal role in the process is due to
its involvement in nuclear import of TAP and other proteins rather than in the
mRNA transport itself. In that case the unidirectional movement seems to be
maintained by a highly conserved DEAD-box ATPase/RNA helicase essential for
mRNA export, Dbp5p [49]. This is a shuttling protein that associates with the RNA
early in transcription and translocates into the cytoplasm with the complex. On the
cytoplasmic side of the NPCmultiple binding sites for Dbp5p anchor the helicase in
this region where Dbp5p is activated by the concomitant presence of Gle1 and
Inositol-P6 [50, 51]. Remodeling of the mRNP causes the release from the NPC and
the recycling in the nucleus of the proteins involved in the transport, thus avoiding a
possible backward movement of the complex. Although we have considerable
information about different kinds of interactions and the mechanism of receptor-
mediated cargo transport, howmolecules actually translocate through the pore is still
unclear.
A key role is suggested for the FG repeats in the nucleoporins [47, 52, 53]. Since

these phenylalanine-rich domains are able to interact with each other and with the
transport receptors, several models have been developed to describe the possible
movements inside the NPC. A Brownian affinity-gating model proposes the forma-
tion of an internal channel with binding sites at the tunnel entrance that facilitate the
access of the bound molecules but completely exclude those that are unbound [52].
Inside the channel, the particles move by Brownian motion. Macara [47] proposed
instead that the channel walls are actually covered with the FG repeats allowing the
molecules to jump from one repeat to another while inert molecules can diffuse in
the channel. Another possibility is the formation of a meshwork by interaction
among the FG domains creating a permeability barrier that restricts the passage for
inertmolecules [53]. This selective phasemodel proposes that the nucleoporins form
this sieve-like structure within the pores, and transient interactions with the FG
repeats would allow the bound particle to �dissolve� into this structure. The carrier
would help the cargo to translocate by masking domains that enable them to interact
positively with the meshwork.
Fundamental insights into the translocation process require further investigation

and higher resolution structures of the intact NPC, a goal that can be achieved only
by single molecule approaches. These methods can provide unique information on
topographic properties and kinetic processes with excellent spatial and time
resolution. To this end, a single-molecule far-field fluorescence microscopy
approach was applied to the NPC of permeabilized human cells [54], allowing the
measurement of dwell times of NTF2 and transportin with and without their
specific cargo molecules bound. These data highlight that binding at the NPC is not
the rate-limiting step and that particles can translocate simultaneously via multiple
parallel pathways.
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8.4
RNA Dynamics in the Cytoplasm

Once the transcripts reach the cytoplasm, they move from the pore to disperse in the
environment. We can divide them into two different classes of RNAs based on their
final distribution: non-localizing and localizing RNAs. The first will uniformly
distribute in the cytoplasm while the latter will be confined or enriched in specific
areas. Nevertheless both have the ability to move. Studies with inert tracers suggest
that the cytosol is heterogeneous with viscoelastic behavior, allowing limited diffu-
sion for particles of sizes similar to RNPs [55–58]. Therefore, unlike the situation in
the nucleus, the particles may require active transport if diffusion is impaired or
inefficient. However their dynamics should differ to allow the observed specific
compartmentalization. In particular since distances are much larger in the cyto-
plasm, for instance the distal region of a neuron, amechanism is required to facilitate
transport.

8.4.1
Non-localizing RNA

Most mRNAs, such as housekeepingmRNAs, appear to belong to the non-localizing
class although their distribution may in fact be non-homogeneous (for instance
mRNAs formitochondrial proteins appear to be nearmitochondria [59]). Their role is
to spread out in the cytosol to ensure that their protein products will be generally and
uniformly available. The dynamics of single and specificRNAs in living cells has been
observed and measured by exploiting the MCP system in COS cells [60].
Three reporter genes with theMBS inserted and different 30UTR (30 UnTranslated

Region) sequences either from human growth hormone (hGH mRNA) gene, SV40
(SV mRNA) or b-actin (as a control for known localizing RNA) were used. The first
two reporters exhibited four possible movements (Figure 8.3): static (33–40%),
corralled (� 40%), diffusional (15–25%) and directed (2–5%). Interestingly, individ-
ual particles were able to switch between these movements and no correlation was
observed between a specific behavior and a particular area in the cells. Since active
transport is usually associated with cytoskeleton components, this hypothesis was
investigated by treating cells with specific drugs against microtubules and micro-
filaments. The results confirmed the crucial role played by the cytoskeleton in
anchoring static particles, supplying tracks for directed motion and creating restrict-
ed areas not accessible to the particles, possibly transforming their diffusion into
corralled motion. The new finding that �non-localizing� RNPs are also subjected to
directed movements suggests the involvement of active transport by molecular
motors onmicrotubules similar to localized RNPs. Actually, both RNP classesmoved
with the same average speed (1–1.5mm/s) but the localized RNP classes used active
motion more frequently and for longer distances. Therefore, molecules switch
stochastically between various movements, but each RNA will have a specific
probability of displaying each of the four movements dependent on its sequence.
If a sequence enables the recruitment of factors interacting directly with the motors
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or with adaptors, a specific outcome will be determined as the RNA distribution will
be a result of the motor direction and its persistence.

8.4.2
RNA Localization

RNA localization is involved in the regulation of many processes inside the cell and
often acts in concert with translation and RNA degradation. Most of its effects give

Figure 8.3 Dynamics of single mRNAmolecules
in the cytoplasm of mammalian cells. Direct
movements are also observed in the cytoplasm.
(A) Cos cells transiently expressing the reporter
hGH mRNAs and the MCP-GFP were imaged
live. Left: a maximum intensity image projection
of 200 frames on one image. The scale bar
represents 10mm. Right: panel magnifications:
the scale bar represents 2mm. mRNA track
superimposed (green) fromeachof the indicated

boxed regions. The blue arrow points to a
static particle in the vicinity of a corralled mRNA.
(B) COS cells transiently expressing the reporter
SV mRNA and MCP-GFP were imaged as in A.
The scale bar represents 10mm. Right: panel
magnifications, track of mRNA movement
superimposed (green) on an enlargement from
each of the indicated boxed regions. The scale
bar represents 2mm. (Adapted from [57]).
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rise to an asymmetric distribution of factors, creating in turn polarized cells [61].
This polarity has important consequences in many processes, such as development,
differentiation, cell motility and neuron functionality. Different means are used to
reach this goal but the most effective seems to be RNA localization associated with
local translation to generate proteins only in the targeted area. The elements
required for the localization are sequences in cis on the RNA, called �zipcodes�
or Localization Elements (LEs), and the trans-acting factors recognizing and binding
them [62–64]. Examples are: the b-actin localization zipcode [65–67] and its trans-
acting factor, ZBP1 [68, 69] in fibroblasts; Vg1 LEwith hnRNP I, Vera and 40 LoVe in
Xenopus oocytes [70–73]; the A2RE signal in the Myelin Basic Protein (MBP) with
hnRNP A2 in neurons [13, 74] and the ASH1 zipcode with She2p in yeast S.
cerevisiae [21, 75, 76]. In general, localizing mRNAs are shuttled to specific areas of
the cell or the oocyte along cytoskeletal elements such as microtubules or actin
filaments. They seem to be actively translocated by motor proteins of the myosin,
kinesin and dynein families. A corollary of localization is that the mRNA must be
translationally repressed during its movement. A number of trans-acting factors
mediate translational repression by binding the RNA directly (ZBP1, [77];
Puf6p, [78]; Khd1p, [79, 80]).

8.4.2.1 Some Examples of Localization in Mammalian Cells and Drosophila
Localization is particularly important during development. The most characterized
cellular systems to study RNA localization in mammalian cells are migrating
fibroblasts, oligodendrocytes and neurons. In fibroblasts b-actin mRNAs are local-
ized at the leading edge of the cell, a fact that correlates with the requirement of high
protein levels for actin polymerization during cell movement. The complex of
mRNA, ZBP1 and ZBP2 assembled in the nucleus [81] moves in the cytoplasm
along actinfilaments probably carried by amyosinmotor [82, 83] to be anchored at the
leading edge possibly by EF1a [84] where it is finally translated.
Neurons and oligodendrocytes are also a class of highly �polarized� cells since

many mRNAs typically travel from the cell body to the extremities in dendrites and
axons. RNAs travel in granules that may contain many copies of anmRNA or several
types of mRNA. All this traffickingmoves on cytoskeleton elements by motors: MBP
mRNA is probably associated with microtubules through a kinesin [85]. The same
motor is also responsible for the CamKIIa targeting in hippocampal dendrites [86]
and tau mRNA in axons [87]. Moreover in neurons, b-actin is localized in the growth
cone by ZBP1 along microtubules. Since the same motor can drive the movement
of different RNAs, the recruitment of specific adaptors and RNA binding proteins
in the locasome will allow the selection of the final �address� for the specific cargo in
the complex.
During development, localization mechanisms are also used byDrosophila cells to

create mRNA gradients, and consequently protein gradients, indispensable for
generating specific patterns of expression essential for development of the oocyte
and the embryo. One of the first determinants breaking the initial symmetry of the
oocyte is gurken mRNA. It is involved in the specification of both the anterior–
posterior and the dorsal–ventral axis by two rounds of signals at different times
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during oogenesis [88]. At the beginning gurken is localized at the future posterior pole
of the oocyte, sending a signal back to the oocyte to initiate the formation of the
anteroposterior axis. The signal leads to the repolarization of the oocytemicrotubules
and themigration of the oocyte nucleus to the dorsoanterior corner of the oocyte [89].
When gurken is localized in an anterodorsal cap near the oocyte nucleus the second
round of signaling initiates the formation of the dorsoventral axis. The overlying
follicle cells acquire dorsal fates, leading later to secretion of correct eggshell
structures [88, 90]. The gurken mRNA first moves across the internal oocyte to the
anterior and then turns towards the nucleus in the anterodorsal position. Both steps
require dynein and microtubules, but they rely on different microtubule net-
works [91]. RNA binding proteins such as Squid and Hrp48 are involved in gurken
dorsal movements [92] and its localized translation is restricted to the dorsal anterior
region [91, 93]. After the initial signal from gurken, the further development of the
anterior–posterior symmetry of the oocyte involves several other localized transcripts
in addition to gurken: bicoid for anterior specification and oskar and nanos mRNAs,
both localized in the posterior. This axial polarity is established by opposite gradients
of these proteins maintained in the oocyte by the maternal determinants (from
ovarian nurse cells), transported on cytoskeletal networks to their destination and
then anchored and translated. At the anterior pole bicoid is recruited in two phases: an
earlier phase inmid-oogenesis whenmicrotubules are polarized towards the anterior
pole, and a later phase, after nurse cell dumping, when ooplasmic streaming is
thought to facilitate the mixing of the incoming material [94]. In the first phase,
microtubules and the binding of the trans-acting factor Exuperentia are essential
for the localization at the anterior pole [15]. Also in the late phase bicoid is localized
by active transport [94] instead of diffusion and trapping as is the case with nanos
(see below). This involves the binding of Staufen protein to bicoid, before nurse cell
dumping, and transport of the complex on a subset ofmicrotubules that originates at
the anterior pole. Microtubules and actin filaments are responsible for the enrich-
ment of bicoid at this pole not through anchoring, but instead by a continuous active
dynein-driven transport [94].
At the posterior pole oskar is one of the first mRNAs recruited, probably by kinesin

I. Interestingly, proteins in the exon-junction-complex (EJC) and the splicing reaction
per se seem to be involved in its localization [95, 96]. Oskar protein in turn is required
for nanosmRNA localization. The peculiarity of nanos localization is how the specific
expression in the posterior pole is achieved. Indeed, nanos enters the oocyte during
nurse cell dumping and is dispersed in the ooplasmby streamingmovements and by
diffusion in the whole oocyte [97]. Once at the posterior, it is anchored to the actin
cytoskeleton and translated [97]. In contrast, outside this region nanos is transla-
tionally repressed byGlorund in the oocyte [98] and in the embryo by Smaug [99, 100]
or also degraded [101]. AnothermRNAwhich becomes localized at the posterior pole
by degradation outside its target region is hsp83 [102]. Both these posterior enrich-
ments require two distinct cis-acting elements in the 30 untranslated region (UTR) of
the RNA: a degradation element that targets the mRNA for destruction in all regions
of the egg or embryo, and a protection element that stabilizes the mRNA at the
posterior [101].
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In the early stages of Drosophila embryonic development, initial nuclear clea-
vages are not accompanied by cell division, creating a large multinucleate syncy-
tium in a broad band of cortical cytoplasm (periplasm) where zygotic transcription
begins at the blastoderm stage. The nuclei form a layer subdividing the periplasm
into two compartments: the apical, above the nuclei, and the inner, basal periplasm
below the nuclei. The pair-rule mRNAs, essential for the further segmentation of
the embryo, are restricted in the apical compartment. Their localization mecha-
nism requires specific sequences in the 30UTR of the transcripts [103], Squid
protein to promote apical transport [104] and dynein-mediated transport on
microtubules [105, 106].

8.5
Conclusion

Wenowknowmuch about howRNA travels from its birth place to its functional sites.
However much more needs to be known and new tools need to be developed to fully
understand the process. The study of single molecules in live cells is becoming
essential to discover the connections between different pathways and the actual
mechanisms for regulating gene expression in the cell.
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9
Protein Dynamics and Interactions
Ted A. Laurence and Shimon Weiss

9.1
Introduction

9.1.1
The Single-molecule Approach to Protein Dynamics and Interactions

Proteins are amazingly versatile, serving as motors, enzymes, messengers, and
structural elements in all living things. They operate in the still less familiar
nanometer-scale (mesoscopic) world, with dimensions smaller than themacroscopic
world, but larger than the world of quantum mechanics. Although proteins are
small, many concepts from the macroscopic world may be used. Comparisons of
protein machines to objects of classical mechanics (rotors, motors, structural
elements) are often made, and many experiments have verified the validity of such
comparisons [1–4].
The primary difference between the world of macroscopic machines and

nanometer-scale machines is that random thermal motion within the machines
cannot be averaged out to thermodynamic quantities. The random structural
fluctuations of proteins are often intrinsic to their operation. Also, protein function
often involves repeated chemical reactions involving single molecules of substrates.
Along with the deterministic component, there is a stochastic, or random nature to
the timing of the protein function. Non-equilibrium statistical mechanics methods
must be used to describe the dynamics of these machines.
To probe nanometer scale fluctuations experimentally requires methods that

either synchronize, or in the case of single-molecule spectroscopy, isolate molecules.
Non-equilibrium methods, such as fast mixing, nanosecond laser heating, time-
resolved fluorescence, femtosecond spectroscopy can create a temporary, non-
equilibrium state. Observing the molecules in the non-equilibrium state as they
relax back to equilibrium, probes the fluctuations. An alternative method used to
create a non-equilibrium state is the spontaneous fluctuations present in the system
even at equilibrium; fluorescence correlation spectroscopy (FCS) is an example [5].
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Unfortunately, once equilibrium is reached, no more dynamical information is
available.
Single-molecule spectroscopy provides a newway to understandprotein dynamics:

isolate the protein and observe that one molecule for a long period of time. This is a
revolutionary concept; its simplicity is one of its strengths, allowing its use in many
different fields. By watching proteins in action one at a time, we are able to obtain the
previously hidden dynamical information necessary to understand the mechanisms
and limitations of proteinmachines. The goal of our description of proteinmachines
is to move beyond cartoon depiction of protein action. Rather than simply determin-
ing what the moving parts are, we want to know howmuch friction there is between
the moving parts, how much power is supplied by a chemical reaction, and how the
binding of a another protein affects the action of the protein fluctuations. We want to
know the order and timing of events.
There are threemajor benefits of performingmeasurements at the singlemolecule

level: the abilities to (i) determine distributions of subpoupulations, (ii) measure
long time scale dynamics that are unsynchronized with initial conditions, and
(iii) measure the relative timing of coordinated events, especially those unsynchro-
nized with initial conditions.

9.1.1.1 Distributions of Subpoupulations
Biological systems are in general not homogeneous. An ensemble of proteinsmay be
in different states. These statesmay differ in structure,may differ in binding to other
proteins or nucleic acids, or in the progression of a reaction. Single-molecule
methods provide new information on the distributions of these states. Based on
signals from single proteins, molecules can be sorted into the various states,
permitting further study of the properties of these states in isolation.

9.1.1.2 Dynamics of Unsynchronized Trajectories
Biological processes are not random, but thermal fluctuations do add a random
element to the timing. Random fluctuations always occur, but there is a non-random
sequence to events; see for example studies monitoring the motion of molecular
motors such as DNA polymerase [6] and myosin [7]. Due to this, synchronization at
the ensemble level is lost very quickly. With single-molecule spectroscopy, it is
possible to answer questions about dynamics of multiple, successive events even in
the presence of randomizing factors.

9.1.1.3 Order of Events/States
Questions related to the order of events and motion on the energy landscape in
between molecular states, are also related to unsynchronized dynamics. Many
biological processes are known to involve binding of two different partners. There
are very few ways to determine the order of binding events. For instance, doesA bind
B before or after bindingC, or do they all bind at the same time? Also,many enzymes
undergo an ordered series of conformational changes during their catalytic cycle.
Single-molecule spectroscopy allows the unraveling of these binding and/or confor-
mational sequences.
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We focus this chapter on measuring protein dynamics using fluorescence. For
some (mechanical-based) questions, single-molecule force experiments (laser and
magnetic tweezers, AFM) are more appropriate; however, fluorescence-based single-
molecule experiments have several unique benefits. Fluorescence is minimally
invasive, more generally applicable, and many of the techniques can be extended to
work inside living cells, and possibly inside living tissues and even small organisms.
We plan to provide a researcher outside the single-molecule field with an

understanding of what questions regarding protein dynamics and interactions are
ideally answered using single-molecule fluorescence methods. In order to illustrate
the use of single-molecule spectroscopy for monitoring protein dynamics and
interactions, we have chosen two example areas: protein-folding and DNA-proces-
sing enzymes. We plan to help the researcher understand the bewildering array of
single-molecule methodologies, what motivates their development and how to
choose the methodology best suited to a particular question.

9.1.2
Example Biological Systems

The ability of single-molecule detection to separate signals from different conforma-
tions of a molecule (e.g. folded and unfolded) and to quantify their respective
proportions under conditions of their coexistence can be exploited to study several
problems that would otherwise hardly be addressable at the ensemble level. Rather
than attempt to survey all of the single-molecule literature regarding protein
dynamics and interactions, we have chosen to use a few examples from our research
to illustrate how these experiments are motivated and designed. We hope that, in
describing our difficulties, mistakes, and successes, newcomers to this exciting field
will have a better knowledge of what awaits them.
Proteins are not like clay that can bemolded into any shape; they contain structural

information in their sequence of amino acids, and fold into precise structures. The
overriding question in the protein folding field is how proteins fold based on nothing
more than the sequence. In protein folding, single-molecule fluorescence studies
give access to the structure and conformational changes in the denatured sub-
ensemble, polypeptide chain collapse under a variety of solvent conditions, and
thermodynamic parameters of the unfolding process. The protein folding field has
already benefited from the abilities of single-molecule spectroscopy to distinguish
between the multiple species present and to monitor the folding and unfolding of
single proteins over extended periods.
We will also illustrate the application of single-molecule spectroscopy to research

into motion and interactions of DNA processing enzymes, particularly RNA poly-
merase (RNAP). In order to understand how DNA processing enzymes start,
perform, regulate, and finish their tasks, it is necessary to elucidate the specific
dynamic details of ordering and movement. Already, many questions have been
answered or are being answered using single-molecule spectroscopy. For instance,
how long does the RNApolymerase remain attached to a promoter?What is the drag
on the polymerases – how much molecular friction is there between components?
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The dynamic information from single-molecule spectroscopy can complement the
fine structural detail obtained using crystallography and NMR for structure
determination.
We will review in detail a few recent case studies which illustrate the power of

single-molecule approaches, and briefly survey the growing amount of work using
thesemethods. For each example,wewill examinehow the authors of the papers used
many of the principles and procedures outlined in Sections 9.2 and 9.3 to obtain the
information sought.

9.2
Fluorescence Spectroscopy as a Tool for Dynamic Measurements of Molecular
Conformation and Interactions

There are ways to perform finer measurements of distance, measurements of faster
timescales, and less invasive ways to measure protein dynamics, but fluorescence
makes up for all of these in sensitivity. Fluorescence can be measured from single
molecules, and this has caused increased interest in the methods available to extract
the information needed from fluorescence techniques.

9.2.1
Jablonski Diagram (Intensity, Spectrum, Lifetime, Polarization)

The Jablonski diagrams shown in Figure 9.1 is a representation of the energy levels of
a fluorescent molecule, or fluorophore [9]. The ground state S0 is shown as a thick
black line. Also part of S0 is a series of vibronic energy levels. These differ from the
ground state only in vibrational energy of the fluorophore. The first excited state S1
differs from S0 by an energy ES1–ES0. The fluorophores used in single-molecule
studies operate in the visible region, so the energy is 1.8–3.1 eV, or using E¼hna
hc/la, la is between 400 and 700 nm. A photon is absorbed by the fluorophore with
energy E, which excites themolecule from S0 to S1. The rate at which the fluorophore
is excited depends on the intensity of the incident light and the absorption cross-
section of the fluorophore at the wavelength of the incident light. Typically, absorp-
tion cross-sections are quoted as molar extinction coefficients (in M�1 cm�1).
The excitation of the fluorophore from S0 to S1 with rate ke can be to any of the

vibronic energy levels of S1. The vibrational energy is quickly dissipated (� 1 ps),
and the fluorophore remains in the lowest vibronic energy level of S1. At this point,
the fluorophore waits in the excited state until one of four processes occurs. First, the
fluorophore may emit a photon; this process has a rate kr. Second, the fluorophore
may de-excite non-radiatively, with rate knr. Third, the fluorophore may undergo
intersystem crossing to a triplet state with rate kISC, whichmay also emit a red-shifted
phosphorescence photon with rate kPh. Fourth, the fluorophore may undergo
photobleaching with rate kbl, which chemically modifies the fluorophore so that it
no longer fluoresces. The fluorescence rate kr is maximized for good fluorophores,
while the other processes are minimized.
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In general, the rate kr is similar to knr, but kISC, kPh, and kbl are orders ofmagnitude
slower. The lifetime of S1 is the reciprocal of the sum of rates of all de-excitation
pathways,

t ¼ 1=ðkr þ knr þ kISC þ kblÞ � 1=ðkr þ knrÞ: ð9:1Þ

Figure 9.1 Kinetics of fluorescence processes
can be summarized in Jablonski diagrams. (A)
Upon absorption of a photon of energy hna close
to the resonance energy ES1–ES0, a molecule in a
vibronic sublevel of the ground singlet state S0 is
promoted to a vibronic sublevel of the lowest
excited singlet state S1. Non-radiative, fast
relaxation brings the molecule down to the
lowest S1 sublevel in picoseconds. Emission of a
photon of energy hne < hna (radiative rate kr) can
take place within nanoseconds and bring the
molecule back to one of the vibronic sublevels of
the ground state. Alternatively, collisional
quenching may bring the molecule back to its
ground state without photon emission (non-
radiative rate knr). A third type of process present
in organic dye molecules is intersystem crossing
to the first excited triplet state T1 (rate kISC).
Relaxation from this excited state back to the
ground state is spin-forbidden and thus the
lifetime of this state (1/kPh is in the order of
microseconds tomilliseconds). Relaxation to the
ground state takes place either by photon

emission (phosphorescence) or non-radiative
relaxation. (B) Fluorescence resonance energy
transfer involves two molecules: a donor D and
an acceptor A whose absorption spectrum
overlaps the emission spectrum of the donor.
Excitation of the acceptor to the lowest singlet
excited state is a process identical to that
described for single-molecule fluorescence (A).
In the presence of a nearby acceptor molecule
(within a few nm), donor fluorescence emission
is largely quenched by energy transfer to the
acceptor by dipole–dipole interaction with a rate
kFRET �R�6, where R is the D–A distance. The
acceptor and donor exhibit fluorescent emission
following the rules outlined in A and omitted in
this diagram for simplicity. (C) Photo-induced
electron transfer effectively oxidizes the donor
molecule with a rate kET� exp (�bR), preventing
its radiative relaxation. Upon reduction, the
molecule relaxes non-radiatively to its ground
state. In this scheme, the electron acceptor does
not fluoresce and is therefore not represented.
Reproduced with permission from [8].
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Typical lifetimes of singlemolecule fluorophores are 1–4 ns. In order to see emission
from the fluorophores, it is important tomaximize kr versus knr. This is quantified as
the quantum yield of fluorescence,

Q r ¼ kr=ðkr þ knr þ kISC þ kblÞ � kr=ðkr þ knrÞ: ð9:2Þ
One important feature of fluorescence is the Stokes shift, where the emission is

red-shifted compared to the absorption. This is caused by the vibronic energy levels.
In either S0 or S1, thefluorophore remainswithin an energy kBTof the lowest vibronic
state.Within� 1 ps, any excitation into another vibronic state quickly relaxes down to
the lowest vibronic states. However, the density of vibronic states is much greater
above the lowest vibronic states. This means that it is much easier to excite the
fluorophore from S0 to a high vibronic of S1 than to the lowest vibronic state of S1.
Also, the state S1 tends to fluoresce such that the fluorophore de-excites into a higher
vibronic state of S0. The vibronic energy levels increase the energy of the photon
required to efficiently excite the fluorophore, and decrease the energy of the emitted
photons. This shift in the excitation and emission photons, or Stokes shift, allows the
emission photons to be efficiently separated from the excitation photons (using a
filter). This is one of the most important features of fluorescence that allows for
single-molecule spectroscopy by exclusion of background laser scattering.
At the single-molecule level, the process of fluorescence involves repeated cycling

of thefluorophore through the energy levels shown in Figure 9.1. The jumps between
states occur at random time intervals, with rates as outlined above. The waiting times
to jumps follow Poisson statistics (exponential distributions), with rates as outlined
above. If at time t¼ 0, the fluorophore is in the ground state, then the time to a jump
to S1 has a probability of P(t)¼ ke exp (�ket). At time t0 after the excitation to S1, the
fluorophore usually decays back to the ground state with a probability of P0(t0)¼ exp
(�t0/t)/t, where t was defined above. The probability that the fluorophore emits a
photon upon de-excitation is the quantum yield Q. At this point the fluorophore
repeats the cycle. It is in this repeated cycling that the slow processes such as inter-
system crossing and photobleaching become important. After many cycles, on
average (kr þ knr þ kISC þ kbl)/kISC, the fluorophore will undergo intersystem
crossing to T1. Since kPh is much slower than fluorescence, the fluorophore remains
in the triplet state for a comparatively long time. If the excitation is high, as is the case
in single-molecule studies, these excursions to the triplet state will be interspersed
among the emitted fluorescence photons as dark periods. Also, eventually the
fluorophore will photobleach after on average (kr þ knr þ kISC þ kbl)/kbl cycles, and
stop emitting altogether.

9.2.2
Point Emission-Localization Measurements

Fluorophores are in general very small (<0.5 nm),much smaller than the wavelength
of light they emit, and thereforemay be considered as point sources of light. Repeated
excitation of the fluorophore causes emission from the same point. This is a simple
observation, but it has important consequences. The position of the fluorophore
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may be determined within the limitations imposed by resolution of the detection
method, mobility of the emitter and binning (integration) time. This localization
accuracy can be very high (� 1 nm) [3], allowing accurate tracking of the fluorophore-
and what it is attached to. Also, point emission from the fluorophores allows
single-molecule spectroscopy since isolation of molecules is possible. Precise
positioning of the fluorophore requires isolation.
Another important consequence is that, if two spectrally separable fluorophores

(different colors) are used, the relative position of those molecules attached to two
fluorophoresmay be obtained. The relative position and association can bemeasured
using co-localization, for molecules immobilized on surfaces or in a matrix, and
cross-correlation measurements, for freely diffusing molecules. The different colors
allow each fluorophore to be isolated even when in close proximity [10]. More
recently, it has been shown that even if the fluorophores are of the same color, but can
be turned on or off at different times, the same high accuracy resolution and even
imaging can be achieved [11].

9.2.3
Fluorescence Polarization-Measures Rotational Movement and Freedom of Movement

Fluorophores do not absorb or emit radiation uniformly in all directions. They act as
electric dipoles, which preferentially absorb and emit radiation that is aligned with
this dipole. The orientation of the fluorophore plays a role in both absorption and
emission processes, due to their dipolar nature. The excitation rate ke (Figure 9.1A)
depends on the incident power, absorption cross-section s and relative orientation of
the incident electromagnetic field E and the absorption dipole moment mabs:

ke ¼ sjm!abs � E
! j2 ð9:3Þ

As mentioned, the emitted intensity is not only proportional to the population of the
excited state S1, but also to the detection efficiency which can be chosen to be
polarization sensitive. Polarization-sensitive (time-resolved)measurements can thus
yield information on the (time-dependent) orientation of the fluorophore, and have
been used to study DNA and protein conformations at the single-molecule level as
will be reviewed later [12–15].

9.2.4
Fluorescence Resonance Energy Transfer-nm-scale Ruler

Fluorescence resonance energy transfer (FRET) is one of the primary tools used in
single molecule spectroscopy, allowing measurements of distances between 2 and
8 nm at the single-molecule level [16–19]. Some prefer to call it F€orster resonance
energy transfer, after the scientist who first described it, primarily because FRET
involves the non-radiative transfer of energy from one fluorophore to another. They
feel that since the process is non-radiative, the appellation �fluorescence� is inap-
propriate. However, in order for the non-radiative transfer to occur, the fluorescence
emission spectrum of a donor (D) fluorophore must overlap the fluorescence
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absorption spectrum of an acceptor (A) fluorophore. In other words, the fluorescence
of the donor and acceptor must be in resonance for the energy transfer to occur.
Hence, we will continue to use the appellation �fluorescence�.
When two fluorophores are close enousgh together, the excitation of one fluor-

ophore may be transferred to the other. Figure 9.1B shows how the FRET process
appears in a Jablonski diagram. Fluorophore D, with higher energy excitation levels,
is brought close tofluorophoreA,with lower energy levels. If there are a largenumber
of emissions pathways from SD1 to the manifold of vibronic energy levels of SD0 that
match energy of excitation pathways from SA0 to the vibronic energy levels of S

A
1 , then

efficient FRET can occur. FRET adds another de-excitation pathway for SD1 with a
distance dependent rate,

kFRET ¼ 1
t0

R0

R

� �6

ð9:4Þ

where t0 is the donor fluorescence lifetime in the absence of an acceptor, R is the
distance betweenD andA, and the F€orster radiusR0 is the distance at which 50%ofD
excitations are transferred A.

Figure 9.2 Effects of diffraction on localization
accuracy of single fluorescent molecules.
(A) Even though fluorophores are small
(< 0.5 nm), diffraction causes emission from the
fluorophores to be imaged as larger spots with
sizes comparable to the wavelength of light. The
diffraction-limited spots are shown as larger
yellow or red circles around the fluorophores.
Even though the spot size is near the wavelength

of light, the center of each spot may be
determined with very good accuracy, as long as
each emitting molecule is well separated as in A.
(B) If emission from two molecules is spectrally
separable, the relative centers of the two spots
may be determined to very high accuracy, even if
they overlap. Emission from two fluorophores
may also be separated even if they are of same
color, but turned on or off at different times.
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FREToperates through a dipole–dipole interactionmechanism, accounting for the
distance dependence in Equation 9.4. The angular dependence is absorbed in
the F€orster radius R0 using the orientation factor k2, which depends on the relative
orientation of the donor and acceptor transition dipoles.
The FRETefficiency E is the quantum efficiency of the FRETprocess. We calculate

E similarly to Qr,

E ¼ kFRET=ðkFRET þ kr þ knr þ kISC þ kblÞ � kFRET=ðkFRET þ kr þ knrÞ: ð9:5Þ
During the repeated cycling through the Jablonski diagram during single molecule
measurements, E is the probability that a D excitation will be transferred to A. Even
without a change in R, some excitations will cause D emission, and others will be
transferred to A, causing A emission. Using Equations 9.1 and 9.4, Equation 9.5 can
be rewritten as

E ¼ 1= 1þ R
R0

� �6
 !

ð9:6Þ

The distance dependence of E allows its use as measure of the distance between D
and A near R0 (typically 5–7 nm for dyes used in single-molecule fluorescence
spectroscopy).

9.2.5
Single-molecule Electron Transfer-Ångstrøm-scale Ruler

Electron transfer between a donor and an acceptor molecule occurs at a rate kET that
depends on two main factors: the coupling between the reactant and product
electronic wave functions V2

R, and the Franck–Condon weighted density of states
FC [20, 21]. The latter is usually constant formacromolecules and therefore one is left
with the electronic coupling term, which depends exponentially on the distance
between donor and acceptor:

V2
R ¼ V2

0expð�bRÞ ð9:7Þ
where b has been measured for different systems to vary from 1.0 to 1.4 Å�1 in
proteins. The electron transfer rate kET can be accessed by measuring the donor
fluorescence emission, or the donor fluorescence lifetime, assuming that no other
process influences these two observables. Fluorescence quenching by electron
transfer can be used to monitor minute conformational changes in biopolymers as
it requires close contact between thedonor andacceptormolecules.This approachhas
been used at the single-molecule level to study dye-labeled polypeptides containing a
tryptophan residue [22], andaflavin reductaseenzyme inwhich thefluorescenceof an
isoalloxazine is modulated by photo-induced electron transfer to a tyrosine [23].
This brief overview of some of the photophysical characteristics of fluorophores

used in single-molecule spectroscopy has illustrated theoretically how sensitive the
absorption and emission can be to the local environment of the fluorophore.
Therefore, any modification or fluctuation of fluorescence intensity or lifetime (the
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two main observables) observed in an experiment, should be carefully analyzed to
exclude genuine photophysical effects that have nothing to do with potential intra- or
intermolecular changes of the macromolecule to which the fluorophore is attached.
Simple controls such as, for instance, studying the excitation power dependence of
the observed effect, analysis of the photophysics of the dye alone or of singly-labeled
macromolecules in the case of FRET studies, are necessary to ascertain the physical
origin of the observable variation (see e.g. [24]).

9.3
Single-molecule Data Acquisition and Analysis Methods

The number of fluorescence-based single-molecule methodologies can be daunting
for newcomers to the field. Nearly every time a new question is approached, a new
methodology is also developed. In order to understand why this is so, an under-
standing of the motivating factors in the development of these methods must be
derived. Depending on the question of interest, the proper method can usually be
found. Or, can be developed as a combination of previous methods (and given a new
name!).
There is only one chance to look at each molecule. In order to maximize the

amount of information obtained from that molecule, experimental schemes of
increasing complexity have been devised. Also, single-molecule measurements
require the same types of controls as ensemble experiments. Many of these controls
must be performed simultaneously with the single-molecule experiments in order to
be meaningful.
Single molecule detection and analysis of protein dynamics and interactions

requires three components: an observable for answering the question of interest,
sufficient signal, and isolation of the signal from any other signals. In this section, we
will discuss how to satisfy these three requirements, and how to acquire and analyze
the data once the molecules are prepared.

9.3.1
Choosing a Labeling Configuration: What is the Observable?

The choice of observable must be chosen specifically to answer each new question.
Example labeling configurations are shown in Figure 9.3. Single-molecule methods
have the largest impact in measuring dynamic changes in the conformation and
interactions of proteins. For observables monitoring protein dynamics and interac-
tions, the diagrams and suggestions suggested in a previous review still apply [25]. In
choosing the observable, the first choice to be made is to determine whether the
conformation of an individual protein will be observed, or whether the configuration
of protein interactions will be observed. Examples of the former include protein
folding measurements and conformational changes induced by protein interactions
such as changes in DNA structure upon binding of CAP [26]. Examples of the latter
include the motion of RNA polymerase on DNA and antibody–antigen interactions.
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The most general way to measure conformational changes in a protein, DNA,
RNA, etc., either internal fluctuations or externally-induced changes, is to monitor
the distance between two points in the protein using FRET (Figure 9.3B). For
appropriately chosen labeling sites, single-molecule measurements will allow the
conformational state to be monitored for extended periods (Figure 9.3C). Distances
shorter than 3–4 nm can be monitored using electron transfer. Fluorescence polari-
zation may also be used as an observable; in this case, rather than monitoring
distance between two points, the mobility of the fluorophore or the rotational
movement of the protein is monitored.
We can use some of these same observables for monitoring changes in the

configuration of interactions (Figure 9.3B). FRETand ETmay be used to dynamically

Figure 9.3 Two basic labeling configurations
used for monitoring protein dynamics and
interactions. Both are based on using FRET to
dynamicallymonitor distances between two sites
of proteins. (A) Monitoring internal protein
dynamics is accomplished by site-specifically
labeling one protein with both donor and
acceptor. As the protein changes conformation,
folds or unfolds, changes in the distance between
D and A are monitored in real time using FRET.
(B) Dynamic monitoring of protein interactions
is accomplished by site-specifically labeling two
interacting molecules, one with D and one with
A. FRET is used to monitor distance changes

between the two sites, and the localization as
described in Figure 9.2 is used for detecting
association of the molecules. (C) Fluorescence
intensities of D (yellow) and A (red) are
monitored as a function of time for a single
molecule. If the molecule is immobilized,
changes in distance betweenD and A are seen as
anti-correlated changes in the intensity of D and
A (when A goes up, D goes down). (D) For freely
diffusing molecules, observation times are
typically too short to see changes in structure.
Small snapshots ofD andA canbe seen, allowing
the formation of histograms of distance
distributions of all molecules. Adapted from [25].
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monitor the distance between two proteins or a protein and DNA. Fluorescence
polarization may also be used to observe changes in binding, although expected
changes in anisotropy are usually less dramatic than changes in FRET or ET. One
additional propertymay be used tomonitor changes in interactions: co-localization of
proteins. If a protein is bound to DNA or another protein and each component is
labeled, the signal from the variousfluorophores are co-localized, andwill either be in
close proximity (if the system is not moving) or will diffuse together (in solution-
based experiments). These signals are extremely important for monitoring the
presence of various components over time.
Once the choice of observable ismade, themore difficult task of actually producing

the labeled configuration is next [27–29]. In labeling themolecules, three thingsmust
be borne inmind. First, the specificity and efficiency of the labelingmust be sufficient
to remove ambiguity in the single-molecule measurements. The most common
method for labeling proteins is a cysteine-based labeling. Labeling of DNA is
generally less difficult due to automated synthesis and may often be purchased
ready labeled. Second, does the presence of the fluorophore, or changes made to the
protein or DNA to facilitate labeling affect its function? Third, does the system
actually show the changes or movement expected at the single-molecule level? Even
in cases where the final question requires immobilization, we find that solution-
based techniques are often preferable in showing that the observables actually work.
After choosing labeling sites, it is necessary to decide onwhichfluorophoreswill be

used. This is an important decision as good performance from fluorophores is
required to obtain useful information from single-molecule studies. In addition to
more traditional dyes such as tetramethylrhodamine (TMR), many excellent fluor-
ophores have become available in recent years. Series of fluorophores from Atto-tec
and Molecular Probes (Alexa fluor) are in general excellent choices. In choosing the
fluorophores, it is generally best to start with fluorophores used successfully
elsewhere. However, issues to consider are extinction coefficient (how strong the
absorption of light is), quantum efficiency (how many excitations lead to fluores-
cence), resistance to photobleaching, sources of background for the laser wave-
lengths chosen, and, when monitoring multiple colors, the extent of overlap of
emission spectra, and the Forster radii of the fluorophores.

9.3.2
Should a Freely-diffusing or Immobilized Format be used?

Next to the labeling configuration, the most important decision to make in a single-
moleculemeasurement is whether to carry out themeasurements on freely diffusing
molecules in solution or immobilized molecules. The determining factor for which
type of measurement to use is the length of the observation time required to answer
the question at hand.
For example, watching a single protein fold and unfold requires immobilization

since thewaiting times between folding andunfolding events canbe in thems–s time
scale. However, studying the sub-ms structural fluctuations of unfolded proteins
does not require immobilization.
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Immobilization of the system is of similar difficulty to fluorescent labeling,
requiring an attachment point on one of the molecules in the system. Successful
immobilization strategies include immobilization on coated glass surfaces, trapping
in immobilized vesicles, and immobilization in a gel matrix.
The primary benefit of immobilization is the ability tomonitor onemolecule for an

extended period. This allows both themonitoring of equilibrium fluctuations as well
as the response of a single molecule to triggered reactions or other non-equilibrium
events. In cases where solutions can be exchanged (surface immobilization), it is also
possible to wash away unused reagents during the preparation of the sample. The
drawback is the additional work of immobilizing the molecules, and the possibility
that the immobilization strategy will affect the function of the molecules.
In experiments using freely-diffusing molecules, fluorescence is observed

briefly (� 1ms) from each molecule as it diffuses through a small observation
volume. Many molecules can be observed with this approach during a relatively
short experiment, and can be sorted into several subpopulations. No immobiliza-
tion strategy is needed, so the only changes to the molecules are the fluorophores,
thus minimizing potential problems. Sample preparation for each experiment is
much simpler and does not require any steps for immobilization. The main
drawback is the short observation time. Equilibrium measurements in solution
provide �snap shots� of the states of many molecules. By invoking the ergodic
theorem, stating that the behavior of an ensemble of molecules is equivalent to the
behavior of a single molecule over very long time periods, we can determine the
states accessible to each molecule.
Even in cases where immobilization is necessary, it is often desirable to perform

preliminary experiments on freely-diffusing molecules. This helps fine tune experi-
mental conditions for single-molecule measurements, verify that fluorophores do
not affect protein function, and can often answer parts of the question or alternative
issues related to the primary question. Comparing the results of the equilibrium
distributions obtained from solution-based measurements and the smaller number
of long time trajectories obtained, immobilized measurements can be used to
demonstrate ergodicity in the system.
As discussed in the next section, small observation volumes are used in single-

molecule spectroscopy; these small volumes allow freely-diffusing molecules to
diffuse out of the observation volumes quickly (typically near 1ms). If longer
observation times are necessary to answer the experimenter�s question, it will be
necessary to immobilize the molecule.

9.3.3
What Excitation/Optical Isolation Format should be used?

In order to obtain single-molecule detection, fluorescence from individual molecules
must be isolated from all other fluorescence and scattering sources. Sufficiently
efficient excitation and detection of a molecule is necessary to detect typically several
thousands of photons from a fluorescent molecule per second. A small optical
detection volumemust be obtained,minimizing background fromRaman scattering,
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Figure 9.4 Experimental geometries used in
single-molecule fluorescence spectroscopy. Two
main types of geometries can be used for single-
molecule fluorescence spectroscopy: confocal
and wide-field. In the confocal geometry (A, B), a
collimated laser beam is sent into the back focal
plane of a high numerical aperture objective lens,
which focuses the excitation light into a
diffraction limited volume (or point spread
function – PSF) in the sample. Fluorescence
emitted by molecules present in this volume is
collected by the same objective and transmitted
through dichroic mirrors, lenses and color filters
to one or several point detectors (avalanche
photodiodes –APD). An important aspect of this
geometry is the presence of a pinhole in the
detection path, whose size is chosen such as to
let only light originating from the region of the
excitation PSF reach the detectors. Freely-
diffusing molecules (A) will yield signals
comprised of bursts of various size and duration

(but typically less than a few ms), as indicated
schematically on the right-hand side (RHS).
Immobile molecules (B) will first need to be
localized using a scanning device (indicated as
two perpendicular arrows x and y), before
recording can commence. Typical time traces are
comprised of one or more fluctuating intensity
levels until themolecule eventually bleaches after
a few seconds, as indicated schematically on the
RHS. The wide-field geometry (C–E) can be used
in two different modes: (C, D) total internal
reflection (TIR) or (E) epifluorescence. In TIR, a
laser beam is shaped in such a way that a
collimated beam reaches the glass–buffer
interface at a critical angle q¼ sin�1(nbuffer/
nglass), where n designates the index of
refraction. This creates an evanescent wave
(decay length of a few 100 nm) in the sample
(dashed arrow), which only excites the
fluorescence of molecules in the vicinity of the
surface, resulting in very low background. TIR
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and intrinsic fluorescence from other molecular species in the sample. The concen-
tration of the sample must be diluted so that, on average, less than one molecule is
within this optical detection volume at a time. Under these conditions, individual
molecules can be observed.
There are two generalmethods of performing single-molecule spectroscopy. In the

first, a small point detection volume is defined using confocal microscopy. Typical
sizes for the detection volume are just below a femtoliter. The fluorescence is
observed using high sensitivity single photon detectors. In the second, a wide, thin
volume of solution is illuminated at a water–glass interface. Both formats are
commonly used. As we will see, the critical issue for deciding on the excitation
format is whether the process under observation is irreversible, and for how long the
process needs to be observed (Figure 9.4).

9.3.3.1 Optical Isolation of a Single Point

Confocal For single molecule spectroscopy at a single point, a confocal excitation–
detection format is used.A laser excitation is focusedusing ahighnumerical aperture
(N.A.) microscope objective to a diffraction limited spot (size is�l/N.A.). In order to
achieve the best focus, the laser beam must be collimated with a Gaussian beam
shape. Spatial filtering using a pinhole or single mode fiber optic is used to clean up
the beam. Fluorescent molecules within the focus are efficiently excited from the
ground state S0 to the excited state S1. The fluorescence produced by transitions from
S1 to S0may be emitted in all directions. For a highN.A. objective, a large fraction (up
to 30%) of the fluorescence is collected by the same objective that focuses the laser
beam. This fluorescence travels the same optical path as the focused laser beam, but
in reverse. In order to separate these paths, a dichroic mirror (DM) is used. The DM
reflects wavelength of the laser excitation, but transmits the wavelengths of the
fluorescence. Here, we take advantage of the Stokes shift described above, which
causes a separation between the excitation and emission bands of fluorophores.
Although the excitation of fluorophores is most efficient at the focus of the laser

beam, there is also a large amount of excitation offluorescence outside the focus. The
resulting fluorescence from outside the focus is also collected by the objective, and
creates a large background. In order to carry out single-molecule spectroscopy, optical

can be obtained either with illumination through
the objective (C) or by coupling the laser through
a prism (D), both methods having their
advantages and inconveniences (for details,
see [30]). In epifluorescence (E), a laser beam
focused at the back focal plane of the objective or
a standard arc lamp source is used to illuminate
the whole sample depth, possibly generating
additional background signal. A wide-field
detector (camera) is used in all three cases,
allowing the recording of several single molecule

signals in parallel, although with a potentially
reduced time resolution than that achievable
with point detectors. The image on the RHS
represents the case of a dual-color experiment,
where both spectral channels are imaged
simultaneously on the same camera (signals
from the samemolecule are connected by dotted
line). Individual intensity trajectories can be
extracted from films, resulting in similar
information as that obtained with the confocal
geometry. Reproduced with permission from [8].

Figure 9.4 (Continued )
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isolation of individual molecules is necessary. The background fluorescence from
out-of-focus regions prevents optical isolation, unless a pinhole is used on the
detection path. The fluorescence, after passing through DM, is focused by another
lens onto a pinhole, which excludes fluorescence from regions outside the focus. By
choosing a pinhole of similar size to the focus (multiplied by themagnification of the
objective), fluorescence from regions down to 0.2–1.0fl can be isolated; or, on
surfaces, fluorescence from areas down to � 0.1mm2 can be isolated. This excita-
tion/optical isolation formatmay be used either at glass–water interfaces, in aqueous
solutions, or in living cells. The primary drawback of this approach is that only one
point is being observed at a time. This can slow down acquisition considerably,
especially in cases where triggered chemical reactions are occurring, and the
behavior of eachmolecule during the entire chemical reactionneeds to bemonitored.
Two-photon excitation of the fluorophores is the non-linear absorption of two

photons, exciting thefluorophore fromS0 toS1.Fast,powerful IR lasersare required to
excite in this way, but there are advantages to this technique. The non-linearity of the
excitation prevents excitation outside the focus; the excitation rate is proportional to
the square of the laser intensity, which rapidly drops to negligible levels outside the
focus.Drawbacksof thismethodinclude intense laser intensitiesandphotobleaching.
In order to obtain information about the sample in different regions, either to form

an image or to search for immobilized single molecules, the sample is generally
scanned using a piezo-actuated microscope stage. This changes the position of the
confocal detection volume in the sample, allowing measurements of different
regions of the sample.

High concentration Asecond limitation of the confocal geometry is the size. In order
to isolate single molecules with a 1.0-fl volume, sub-nanomolar concentrations must
be used. For intramolecular studies, where the internal dynamics of a protein are
being studied, this is not a problem. For example, protein folding studies are not
adversely affected by diluting the sample down to sub-nanomolar concentrations.
Even if the effects of molecular crowding are being studied, this is not a problem,
since unlabeled proteinmay be present atmuch higher concentrations. However, for
studies of functional proteins that interact with other labeled components, dilution
can adversely affect the function. At the low concentrations, the labeled proteinsmay
not even be bound to each other.
This creates a need for a smaller detection volume than can be achieved using

standard confocal optics. Several methods have been developed, but these have not
yet become commonplace. These are important for in vitro measurements at
physiological concentrations, as well as potential cell-based and in vivo measure-
ments. For such measurements, in vivo labeling strategies will also be needed.
One simple method of achieving this is to use total internal reflection (TIR) with

confocal detection, reducing the volume 10-fold [31]. More recently, zero mode
waveguides [32], stimulated emission depletion (STED) [33], and supercritical angle
fluorescence (SAF) [34] have all been demonstrated. Zeromode waveguides have the
smallest volumes, but require the presence of metallic coated surfaces. STED
provides very small volumes that can be focused in the far-field, even inside cells.
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It does require expensive laser and other components. SAF requires a water–glass
interface and special objectives, but provides very small volumes.
Although thesemethods are critically important for the single-molecule analysis of

interactions, they still need further development to be widely applicable.

9.3.3.2 Multiple Points

TIR In order to look at many molecules at one time, an alternative optical isolation
method is commonly used. Total internal reflection is 100% reflection obtained at a
dielectric interface when the approaching light beam is contained inside a medium
with a higher index of refraction than that of the medium on the other side of the
interface and the angle of incidence is larger than a critical angle. Light incident on a
glass–water interface can undergo total internal reflection for >60� from the normal
to the interface. When a light beam is reflected under these conditions, it is 100%
reflected, but an evanescent (exponentially decaying) beam does penetrate the lower
index of the refraction medium, in this case the water. This evanescent wave can
excitefluorophores near the surface of the glass (within�150 nm), but does not excite
molecules which are deeper in the water. This provides optical isolation without a
pinhole. Total internal reflection can be obtained over a wide area (50� 50mm2 or
more), allowing excitation and optical isolation of many single molecules simulta-
neously. This is a great help in saving experimental time. The main drawback of this
technique is that the molecules are required to be at the glass–water interface.

Multi-confocal spectroscopy Multiple spot techniques have been demonstrated or
proposed in a few papers that provide a glimpse of how the single point measure-
ments could be extended to multiple simultaneous points. Two-point cross-correla-
tion techniques have been used to monitor systems undergoing flow [35]. The zero-
mode waveguides can be patterned in arrays that may be simultaneously moni-
tored [32]. Cubic lattices of foci have been proposed for rapid multi-confocal
analysis [36].

9.3.3.3 How many Excitation Lasers?
If the proposed studymonitors only fluorophores of one color, this question is easy to
answer – a single laser should be used. However, most studies of protein dynamics,
and especially interactions, will require more than one color and one fluorophore to
address the scientific questions. For instance, consider a labeled RNA polymerase
attached to a labeled DNA fragment. In order to verify that RNAP is actually
interacting with the DNA, it is necessary to see both the RNAP and the DNA in
the same optically isolated volume. This requires two colors in order to distinguish
between the two components.
The most straightforward method of obtaining multiple colors is to excite two

fluorophores of different colors with two lasers, one for each color. If the optical
isolation provided for both wavelengths overlap, then co-localization of fluorescence
for both colors indicates binding of the twomolecules. The problem is that, especially
in the confocal case, the optical excitations do not overlap perfectly, and much time
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can be spent trying to overlap them perfectly. Alternatively, the lasers can be focused
at different spots, and flow used to put molecules through both laser foci [37]. If fine
measurements of centroids of fluorescence are to be used to attain precise position-
ing of the molecules, this methodology will not work well (because of the chromatic
aberrationsmentioned above).When extending this concept tomore than two colors,
all lasers will need to be focused to the same focal volume.

One excitation, many colors If possible, it is simpler to excite all colors simulta-
neously with a single laser. This could be accomplished in at least two ways. First,
FRET between a donor and acceptor dye may be used to detect the presence of the
acceptor-labeled component as long as it is bound to the donor-labeled component.
Unfortunately, in order for this method to work, donor and acceptor must be
relatively close to each other (within � 2–8 nm).
Second, alternative dyes may be used. Examples include quantum dots [10] and

hybridfluorophores that have extra large Stokes shifts [38]. Proof-of-principle of these
methods has been shown to work, and they will be of great interest in monitoring
interactions.

Multiple excitations – alternating laser excitations Since it is possible to replace
multiple excitation lasers with a single excitation laser, it would seem that use of
multiple laser excitations would fade with time. However, the recent development of
alternating laser excitation (ALEX) promises to stop this from happening [26]. ALEX
allows the combination of FRET information with the co-localization information
available from molecules being in the same optically isolated volume.
In previous multiple laser excitation applications, both lasers were on continu-

ously. Emission from each color is separated and monitored individually. In the
example of RNAP and DNA, if the fluorophores are close together and FREToccurs
from one fluorophore on the protein (donor) to the fluorophore on the DNA
(acceptor) at high efficiency, it is not possible to distinguish between acceptor
emission from FRET and acceptor emission from direct excitation by the second
(red) laser. Additionally, the donor emission is quenched, and the observer may
incorrectly conclude that the RNAP and DNA are not bound, since only acceptor
emission can be observed.
Conversely, if the RNAP and DNA are bound, but outside the range of FRET, a

single excitation format would result in only donor emission. The observer would
incorrectly conclude that the RNAP and DNA are unbound, because only donor
emission can be observed.
ALEX allows the correct conclusion to be drawn in both cases by using time-

division and wavelength division multiplexing. Only one laser is on at a given time,
but the donor excitation and acceptor excitation lasers are alternated more rapidly
than the system diffuses through the optically isolated volume or the dynamics of the
system. When the donor excitation laser is on, any FRET that occurs can be easily
detected. When the acceptor excitation laser is on, the presence of the acceptor
fluorophore is interrogated, even if there is no FRET.
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ALEX essentially replaces the multiple excitation methods. There is much to be
gained, with very little to lose. The only issue is whether the alternation period of the
lasers interferes with observations of dynamics which is on that time scale. However,
ALEX has been demonstrated with alternation periods in the microsecond, nano-
second, and millisecond range, so the alternation period can be chosen not to
interfere with the dynamics in question [39].

9.3.3.4 Pulsed Laser Excitation
With a pulsed laser, the laser energy is produced in the form of a train of energy
packets (or pulses) rather than a continuous stream of energy. For short pulses
(< 1 ns) the pulsemay be used as a trigger to identify when thefluorescence excitation
occurred. Pulsed lasers are used in three ways: (i) to allow measurement of fluores-
cence lifetime [40]; (ii) to allow two-photon excitation [41]; and (iii) to allow for
stimulated emission depletion (STED) [42]. If these issues are not important to the
question at hand, then continuous wave lasers are sufficient.

9.3.4
What Detection Format should be used?

The fluorescence obtained from the sample, after passing through the pinhole or
simply passing through the dichroic mirror, must be separated into various
detection channels. For a two-color system, the fluorescence must be separated
by a second dichroic mirror into bands specific for the two colors. Additional
bandpass filters are used to exclude stray laser reflection and other background that
make it through the imperfect dichroic mirrors. Splitting the donor and acceptor
emission by polarization as well requires four detectors [43, 44]. In applications
using FRET, monitoring fluorescence polarization or anisotropy is desirable since
it allows acquisition of information on the orientation factor k2 (described above).
Additional colors require more dichroic mirrors and bandpass filters to define
detection channels [45–47].
The type of detector used generally depends on the optical isolation method. For

confocal, single point methods, single photon counting avalanche photodiode (APD)
detectors are typically used. A fluorescence photon impinging on the detector will
trigger an electronic pulse at the output of the detector. The electronic pulses may be
counted in fixed time intervals to provide a time trace of the number of photon
counting as a function of time. Even better, each electronic pulse may be timed with
high accuracy (depending on the counting/timing electronics, � 10 ns typically, and
down to 4 ps with a dedicated circuit), providing a list of all detected photons with
their arrival times. If a pulsed laser excitation is used, the time difference between the
arrival of each photon and the laser pulse could be obtained with an accuracy of
several picoseconds (time-correlated single photon counting, TCSPC) constituting a
measurement of the fluorescence lifetime. The main drawback of APD detection is
that only one point can be monitored at a time.
ForTIR applicationswith awidefield of view, theAPDdetectors arenot appropriate,

since no spatial information is available. Instead, an intensified CCD camera is used,
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which acquires film of a large field-of-view (FOV) near video rate (30-ms frames), but
may be significantly faster for smaller FOVs (� 1 kHz). As mentioned above, such
sensitive CCD cameras allow single-molecule detection to be undertaken on a wide
area. Themain drawback is that the time resolution is currently limited to thems time
range. This does not allow time-correlation information below the millisecond time
scale (see data analysis below) or fluorescence lifetime information to be obtained.
Gated CCD cameras are available to obtain fluorescence lifetime information, but a
large proportion of signal is lost using gating techniques [48].
The combination of wide-area detection and photon counting would rem-

ove the timing drawbacks of TIR methods, or a allow detection with high time
resolution from many confocal spots simultaneously. Such a detector is under
development [49, 50].

9.3.5
Data Reduction and Analysis Methods

Themost general way to view single-molecule data is as a stream of photon-detection
events. All of the single-molecule data reduction and analysis methods branch off
from this point. Data reduction is the process by which the raw data is transformed
into time traces, histograms, and correlations, and sorted into single-molecule events
that can then be analyzed. Data analysis is the process by which the reduced data is
interpreted to provide quantitative results.

9.3.5.1 Photon Streams and Films
When detected, a photon carries several pieces of information. There is the arrival
time of the photon, its polarization, energy or wavelength, and spatial position at the
image plane. With current detection schemes, not all of this information can be
obtained simultaneously.
For confocal microscopy with APD detection, only the arrival time of the photon is

directly recorded. The spatial position of the photon is only used to exclude out-of-
focus light at the pinhole. In order to obtain other information about wavelength and
polarization, detection channels are defined using optical filters and dichroic and
polarizing beamsplitters that correspond to specific polarization and wavelength
ranges. Spatial information about the sample is obtained by scanning the sample, the
beam [51], or even the objective (Microtime 200, Picoquant, Berlin, Germany). The
information obtained from such detection schemes is a list of photons, containing
the arrival time and detection channel. In fluorescence lifetimemeasurements using
TCSPC, two arrival times are obtained for each photon detected: one measured with
respect to the beginning of the measurement (at a relatively �low� temporal resolu-
tion of� 10 ns), and onemeasured as a time difference with respect to the laser pulse
(typically at higher time resolution, of� 4–50 ps). Some data acquisition techniques
acquire data as numbers of photon counts over fixed time widths (photon binning).
The photon timing technique is in general preferred (because of higher information
content), unless photon count rates are so high that the size of the data files becomes
unmanageable.
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For CCD-based detection with TIR excitation, the most important information
available is the spatial position of the detected photon. This is determined by which
pixel detects the photon. Temporal information is also detected, but readout of the
images limits the time resolution that can be obtained to the frame rate of the camera.
Spectral information is obtained by using beamsplitters and filters forming different
images of different spectral regions on different sections of the CCD. CCD images
have somewhat more noise than the APD images due to intensification and
readout [52]. The data obtained are a time series of images, with pixels containing
different numbers of counts. These counts do not correspond directly to numbers of
photon counts (but are proportional to the number of photons detected through the
quantum efficiency of the camera).

9.3.5.2 Time Traces
Probably the most basic data reduction procedure is the production of time traces
which are simply the number of photons detected during fixed time widths as a
function of time (photon binning). For example, a 10-ms resolution time trace is
formed fromphoton timing data by going through the list of photon arrival times and
counting the number of photons that were detected in each channel in 10-ms
increments. Examples of time traces are shown in Figure 9.3C and D. Time traces
are used for analyzing long time trajectories of immobilized molecules as discussed
below. They are also used as online diagnostics; as data is acquired, a simple time
trace is very useful for making sure the set-up is aligned properly, and that nothing is
amiss with the sample.
A time series of CCD images is already a time trace, and does not need to be

transformed into time traces as do photon timing data. However, to form a time
trace for an individual molecule, the pixels that contain the emission from that
molecule are added together, and the intensity from thatmolecule can be formed into
a single time trace as a function of time. For this analysis, a region of pixels needs to be
identified for each molecule.

9.3.5.3 Single-molecule Identification
Most single-molecule identification is performed using simple threshold search
algorithms. These searches can be performed spatially for immobilizedmolecules or
temporally for diffusingmolecules. A threshold level is set, and any signals above that
background level are tagged as potential single-molecule events. Sometimes, more
sophisticated filters are used to discriminate between background and signal, but the
basic idea of a threshold level above which a signal indicates a single molecule
remains.
A single-molecule region of interest is chosen in an image by finding groups of

pixels above a threshold value. This can be done visually, with subsequent fitting to
accurately find the position of themolecule [3]. Automated searching and fittingmay
also be used to find and track positions of molecules [53].
For diffusing molecules, a single-molecule event is the traversal of a molecule

through the optically isolated detection volume. This produces a �burst� of fluores-
cence photons over a limited time. The selection of single molecules in diffusion
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begins with the identification of these bursts. Burst search algorithms are essentially
a region-of-interest selection as described above, but in the time domain (see for
example [54]). Rather than identification of full transits of molecules diffusing
through the optically isolated detection volume it is possible to threshold-analyze
time traces on a bin-by-bin basis, without a burst search [55, 56].
Once a single-molecule signal is identified, time traces, time correlations, and

various quantities describing the molecule can be calculated and analyzed to provide
information on the molecule.

9.3.5.4 Histogram-based Analysis (Including Correlation Analysis)
Before going on to describe the analysis of identified single molecules, we will
describe another way to analyze single-molecule data. This involves the formation of
histograms and correlations from the data without first identifying regions contain-
ing single molecules. Techniques in this category include fluorescence correlation
spectroscopy (FCS) [5], photon counting histogram (PCH) [57], fluorescence inten-
sity distribution analysis (FIDA) [58], photon arrival-time interval distribution
(PAID) [59], and time-integrated fluorescence cumulant analysis (TIFCA) [60] with
all subsequent additions and variations. The main benefit of these techniques is that
the effects of the single-molecule identification threshold are eliminated, allowing for
easier mathematical modeling. In addition, there is less potential for biasing the
results that may occur during the single-molecule identification process.
In PCHand FIDA and their variations, afixed time binwidth is used for analysis of

photons. Thenumber of photons counts per channel is calculated over the timebin.A
one- or two-dimensional histogram is formed, where the axis or axes are the number
of photons counted. Each point in the histogram counts the number of time bins in
the experiment with the specified number of photon counts. Fitting functions have
been obtained that allow for the concentration, molecular brightness, and back-
ground to be obtained for one or more fluorescent species. Extensions of FIDA and
PCH to two channels, to include temporal or fluorescence lifetime information have
been demonstrated.
In FCS, a time-correlation function is formed. The temporal cross-correlation

function is defined as CAB(t)�hIA(t)IB(t þ t)i/hIA(t)ihIB(t þ t)i, where IA(t) and
IB(t) are the detected intensities for channelsA andB, and t and t are continuous time
and time lag variables. The correlation function decay is used to determine the time
scales of fluorescence fluctuations, which is key formonitoringmolecular dynamics.
Often, correlations are calculated using hardware correlators, and only the correla-
tions are kept. For experiments at the single-molecule level, signal amplitudes are not
high enough to make this beneficial. Recording photon events allows flexibility to
perform other types of analysis, and, with proper algorithms [61–63], the correlations
can be calculated quickly. Extensions of FCS include the use of cross-correlations [64].
PAID extends FCS to include information about brightness, similar to the informa-
tion obtained from PCH and FIDA [59].
Generally, these methods are very useful for obtaining quantitative, unbiased

values for brightness and concentrations of fluorescent analytes. This is particularly
true for determining stoichiometry of binding partners (for example see [65]).
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However, these methods are limited to low numbers of dimensions (two or three).
This precludes their use in analyzing many multi-dimensional single-molecule
observables.

9.3.5.5 Analysis of Histograms of Single Molecules
The analysis of histograms of single molecules can be very similar to the histogram
analysis just described. The axes of the histograms may even be the same. The
difference is what is counted in the histogram. Whereas the histograms above
counted time intervals or photon pairs, here we count identified molecules.
For each molecule, several quantities are calculated, revealing information about

the molecule. For example, for alternating laser experiments, two important quanti-
ties may be calculated: Alternating excitation recovers distinct emission signatures
(Figure 9.3A) by calculating two fluorescence ratios: the FRET efficiency E which
reports on donor–acceptor distance [66–68], and the distance-independent ratio S
which reports on the donor–acceptor stoichiometry:

E ¼ FAem
Dexc

=ðFAem
Dexc

þ gFDem
Dexc

Þ
S ¼ FDexc=ðFDexc þ FAexc Þ

where FDem
Dexc

is the D-excitation-based D-emission,FAem
Dexc

is the D-excitation-based
A-emission, FDexc is a sum of D-excitation based emissions, FAexc is a sum of
A-excitation based emissions (Figure 9.2B), and g is a detection-correction factor
[68–70]; all emissions refer to singlemolecules. In addition to E and S, each burst can
be tabulated by the number of its photon counts (giving rise to a histogram of burst
size distribution), its duration (giving rise to a histogram of burst duration distribu-
tion), its polarization, and its lifetime – already defining a six-dimensional space.
Similar quantities and multi-dimensional histograms can be calculated using
multiparameter fluorescence detection (MFD) [43].

9.3.5.6 Single-molecule Sorting
Stoichiometry S provides information even without close proximity between fluor-
ophores; it allows thermodynamic and kinetic analysis of interactions, identification
of interaction stoichiometry, and study of local environment (as detected by changes
in fluorophore brightness). Combination of E and S on two-dimensional histograms
(Figure 9.3A) allows virtual molecule sorting [71]; we define this analysis as
Fluorescence-Aided Molecule Sorting (FAMS), and its implementation using alter-
nating-laser excitation as ALEX-FAMS.When applied on diffusingmolecules, ALEX-
FAMS is a homogeneous, �mix-and-read� assay, in which interacting species are
combined and optical readouts report simultaneously on their association status and
conformational status.
This sorting procedure allows the observer to determine to the number of sub-

poupulationsandtheirmeandistanceaswellas thedistancedistribution.Thedistance
distribution is time averagedover the� 1-msobservation time for eachmolecule, and
there is shot noise. Hence the distance distribution has limited resolution [72].
Single-molecule sortingmay also be used as just that – a way to sortmolecules into

different subpopulations for further study. Generally, the molecules switch states
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frequently, so a physical sorting into different solutions is impossible (unlike cell
sorting). However, it does allow a brief time of � 1ms to study the subpopulation
using other methods. In this way, we have used single-molecule sorting to facilitate
the measurement of fluorescence lifetime curves of individual subpopulations, and
to analyze them in order to determine distance distributions that fluctuate on
nanosecond time scales using time-resolved FRET [44].

9.3.5.7 Trajectory Analysis of Single Molecules
Themost striking data from single-molecule experiments show real-time conforma-
tional changes and transitions as a function of time. For transitions or changes on a
relatively slow time scale (� 10ms or longer), there are a sufficient number of
photons to produce a strong signal on time scales over which the system does not
change. At each of these time points, the state of the system may be determined
and followed as a function of time. All transitions or changes are observable
and determined. This simple analysis of time traces is commonly used for immo-
bilized molecules, and has produced striking results. Hidden Markov modeling [73]
and Bayesian models [74–76] may be used to obtain more precise results. For
marginal cases, where the signals are not so clear, these more advanced methods
are necessary to obtain proper results. Even in cases with strong signal to noise, these
methods are able to obtain more precise results with better defined error estimates.

9.3.6
Modeling and Simulations of Single-molecule Experiments

In order to properly understand the limitations of the experiments and determine
whether the analysis applied actually provides the information expected, modeling
and simulation of single-molecule experiments are necessary.
The modeling of nano-scale machines requires simultaneous modeling of deter-

ministic and random forces, as well as coupling to chemical reactions. Examples of
such modeling for molecular motors are reviewed in [4]. Polymer dynamics have
beenmodeled usingmolecular dynamics (MD) simulations [77], simple bead-spring
models [44] for analysis of single molecule data.
In addition to modeling the dynamics of interest, it is also necessary to model the

single-molecule fluorescence experiments themselves. Modeling of single-molecule
fluorescence measurements requires coupling of such models to photophysical
simulations that include effects such as FRET, triplet states, saturation, etc.Modeling
of all of these features has been lacking, but some initial attempts may be seen
in [44, 72, 78].

9.4
Examples

In the remaining sections of this chapter wewill discuss examples of single-molecule
experiments that relate to two classes of problems: intra-chain conformations i.e.
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protein folding and macromolecular interactions i.e. DNA processing enzymes
(protein-DNA interactions).

9.4.1
Single-molecule Fluorescence Studies of Protein Folding and Conformations

Proteins contain structural information in their sequence and fold spontaneously
into specific structures. In protein folding studies, folded, unfolded, and partially
folded species may be simultaneously present and rapidly inter-converting, obscur-
ing the properties of individual species. Due to the ability of single-molecule
spectroscopy to sort proteins into different conformational subspecies, single-mole-
cule fluorescence methods are beginning to impact the protein- folding field in a
substantial manner [8]. The properties of the unfolded, and folded, and intermediate
states can be studied individually even when both are simultaneously present. In
immobilized experiments, the timing and dynamics of the folding and unfolding
processes may be observed directly over extended periods.

9.4.1.1 Observables for Protein Folding
In order to apply single-molecule spectroscopy to protein folding, appropriate
observables and labeling schemes must be chosen. One of the main differences
between folded, unfolded, and intermediate states is the size of the overall protein.
FRET,with its ability tomeasure the distance between two points, is a primary tool for
single-molecule measurements of protein folding. Since folding of small proteins is
accomplished by each protein independently, all labels and immobilization attach-
ment pointsmust be on the same protein in order to provide a useful observable. So
far, almost all single-molecule protein folding studies use a scheme where each
protein has one donor and one acceptor attached (Figure 9.3). This has been
adequate for the simple two-state folders studied so far. However, more complex
situations can be imagined. For example, recently developed three-color single
molecule methods may find use in determining the ordering in folding of larger,
more complex proteins: how does the folding of domain 1 (measured by FRET from
donor D to acceptor 1) affect the folding of domain 2 (measured by FRET from
donor D to acceptor 2)?
For studies of short-range dynamics involved in protein folding, another possible

observable is electron transfer or fluorescent quenching of a single fluorophore.
Changes in quantumefficiency of afluorophorewould then indicate contact between
two sites of a protein. Using correlation analysis, even very fast dynamics may be
monitored in this way.

9.4.1.2 Labeling Schemes for Protein Folding
For protein folding studies at the single-molecule level, proteins must be site-
specifically labeled by donor and acceptorfluorophores, and, if immobilized, attached
at a specific point. Such extensive externalmodification requires careful planning and
extensive work. Several clever strategies have been used to accomplish this complex
labeling.
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In each of the examples discussed below, the labeling positions were chosen so
that FRETefficiency is high in the folded state, with D and A held very close to each
other, whereas, in the unfolded state, they are further away. For each protein
detected, the FRET efficiency E is calculated as a ratio between the number of
photons detected from the acceptor versus the number of photons detected from
both donor and acceptor channels. When E is high (close to 1), the distance R
between D and A is small, indicating a folded conformation of the protein. When
the protein is unfolded, the protein is in a more expanded conformation with
increased R, and decreased E.
In the first study of protein folding at the single-molecule level, Hochstrasser and

collaborators took advantage of the unique properties of GCN4, a transcription factor
from yeast [79]. The protein is a cooperatively folded coiled-coil dimerwith a disulfide
bond between the C termini of identical subunits. This arrangements allows for a
simple labeling scheme: a donor fluorophore (rhodamine 6G) was attached to the N
terminus of one sample, and an acceptor (Texas Red) was attached to the N terminus
of the other. These weremixed, and allowed to fold, forming disulfide bonds between
the C termini. After purification, a sample containing heterodimers labeled with one
D and one A remained, and was used for single-molecule experiments.
In our first study of protein foldingwith Chymotrypsin Inhibitor 2 [80], amino acid

positions 1 and 40were chosen since theywere fairly close in the folded structure, but
were well separated in the polypeptide chain. They were also not inside any major
secondary structural elements in the folded protein. The protein was synthesized in
two pieces using solid phase synthesis, and one piece was labeled first. The protein
was then assembled in refolding conditions, and spliced together using a ligation
reaction. Then, the other label was attached, and several purification steps were
required to obtain the final sample.
Some subsequent protein folding papers have used a less demanding scheme for

obtaining dual-labeled samples. Proteins, including CspTm [81] and CI2 [80], are
expressed as two-cysteine mutants. One fluorophore is used to label the protein, and
the singly-labeled protein is separated from unlabeled and dual-labeled protein. The
other fluorophore is added, and dual-labeled proteins were then separated from
single-labeled proteins. The problem with this scheme is that, even though the
protein is known to have one donor and one acceptor, these fluorophores may be at
either position. Careful controls are then required to ensure that any effects seen are
not due to the presence of two different labeled populations.
Our group introduced two other ways to site-specifically label a protein at two sites.

In Jager et al. [28], the procedure of labeling is the same as that described in the
previous paragraph, with one critical change: in the first labeling step, one of the
labeling sites is hidden using a protein that binds to the CI2. This prevents labeling at
that site, and, upon purification, allows the remaining site to be labeled site
specifically with the other fluorophore. This method may be employed in many
situations, as long as there is a protein that binds to and blocks a region of the protein
of interest. In Jager et al. [29], a short glutamine tag was added to the N terminus and
enzyme ligation was used to specifically tag CI2 at that position. This allowed site-
specific labeling in two positions
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9.4.1.3 Equilibrium Unfolding Studies on Simple Model Two-state Folders
In order to properly study protein folding, it is important to have access to informa-
tion on many time scales, from nanoseconds to seconds or longer. Since confocal-
based single-molecule measurements currently have detectors with much better
time resolution, most, if not all, single-molecule protein folding studies have used
this optical isolation technique. In the first protein-folding measurements described
in this section and the next, a focused, continuous-wave (cw; non-pulsed) laser was
used to excite the donor fluorophore. The fluorescence emission from single
molecules was collected and refocused onto a detection pinhole used to select the
small observation volume. The fluorescence emission is split using a dichroicmirror
and two bandpass filters into two detection channels, one for the donor and one for
the acceptor.
For the studies on freely diffusing molecules, time traces of donor and acceptor

emission were formed with 100-ms–1-ms time resolution, and intense, single-
molecule signals (or bursts) above the background were selected. For each selected
singlemolecule, the ratio E¼ IA/(IA þ gID) was calculated, where g is the ratio of the
quantum efficiencies and detection efficiencies of the fluorophores. In the initial
studies, this ratio was not precisely calibrated, although it was typically near 1.
Histograms are formed from these E ratios, showing how many proteins have a
specific value of E. In most of these studies, there was a large subpopulation of
proteins with a photobleached or inactive acceptor. For these proteins, only donor
emission is observed, and E is 0 (assuming that leakage of donor emission into the
acceptor channel is subtracted). Since this donor-only subpopulation is indistin-
guishable from a donor- and acceptor-labeled protein with dimensions too large for
FRET to occur, this limits the usable range of E to be well above 0 (generally 0.3 and
above).
In the first paper to demonstrate single-molecule measurements of proteins

undergoing folding and unfolding, the Hochstrasser group studied immobilized
GCN4 using FRET [79]; they constructed similar E histograms, where molecules
were searched in an image (rather than a burst in a time trace). Extended time
trajectories lasting several seconds were recorded for single molecules, allowing for
dynamical information to be accessed. Correlations calculated on these time trajec-
tories were used to provide information on the temporal dynamics. Adding denatur-
ant to the protein increases the fraction of proteins that are unfolded. Upon addition
of 7M of denaturant, all GCN4 molecules were unfolded, increasing on average the
distance between D and A, and lowering E. In this completely denatured state, a
variety of distances was seen, covering a large range in E. This was attributed to the
sticking of the unfolded protein to the surface. This prevented the authors from
making a strong correspondence between the results of the study with the results
from previous, ensemble level studies. Even so, the general pattern of increasing the
number of unfolded proteins with denaturant was seen at the single-molecule level.
In order to study proteins undergoing folding and unfolding in a less perturbative

environment, it was necessary to keep the protein (especially unfolded proteins) away
from glass surfaces. In [80], we introduced a method of studying protein folding on
freely diffusing molecules, and demonstrated it using the extensively studied two
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state model protein Chymotrypsin Inhibitor 2 (CI2). The ability tomonitor long time
trajectories (>� 1ms) was sacrificed, but the FRET efficiency E was calculated for
each protein as it diffused through the optically isolated detection volume. The
distribution at low denaturant contained a single peak at high E indicating a compact,
folded conformation. The distribution at high denaturant also contained a single
peak, but now at low E, indicating a more extended, unfolded conformation. At the
midpoint of the sigmoidal curve, when 50% of the protein is unfolded, both peaks
were present in the E distribution, indicated two interconverting subpopulations in
solution. A good correspondence between the denaturation curves from ensemble
and single-molecule measurements was found (Figure 9.5).
Simple proteins often have two states as extensively documented by many

experiments over the years. We chose a simple, a two-state model protein folder
precisely to demonstrate the validity of single-molecule levelmeasurements. Even so,
for many researchers we have talked to, the initial response to the single-molecule
experiments showing folded and unfolded subpopulations is satisfaction that there
really are two well-separated, interconverting subpopulations. The more direct

Figure 9.5 FRET efficiency distributions of chymotrypsin inhibitor
2 (CI2) at three different denaturant concentrations. Top: 3M
GdmCl (native conditions), middle: 4M GdmCl (close to the
midpoint of unfolding), bottom: 6M GdmCl (strongly denaturing
conditions). The bimodal distribution of the FRET-efficiency
clearly indicates the two-state nature of the unfolding process.
Reproduced with permission from [80].
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observations available using single-molecule spectroscopy have a power that should
not be underestimated.
The group that studied GCN4 also pursued studies of single molecules freely

diffusing in solution [82], and they found distributions in line with expectations. In
their case, the interconversion time between folded and unfolded states was shorter
than the observation time, so they were able to use correlation analysis to probe the
time scales of interconversion. For CI2, the time scales for unfolding and refolding
were longer than the observation time so that folded and unfolded populations were
well separated.
These initial experiments on protein folding helped form our opinion that new

experiments in single-molecule fluorescence spectroscopy should in general be first
approached with measurements on freely diffusing molecules. Suchmeasurements
are easier to initiate and optimize than immobilized experiments. Problems with the
biological system working at the single-molecule level and with fluorophores
attached are easier to address without the additional complications of immobiliza-
tion. Long time trajectories are sacrificed initially, but can be added later.
Wemade two additional observations in our initial experimentswithCI2. First, the

width of the distribution in energy transfer efficiency E is wider than what we
predicted based on shot noise. Second, the average distance between donor and
acceptor of the unfolded subpopulation decreases with decreasing denaturant; this
result was not very strong, but was outside the noise levels. Schuler et al. performed
similar single-molecule experiments on another protein, cold shock protein from
Thermotogamaritima (CspTm) [81].Most importantly, they compared thewidth of the
distribution in E found in their CspTm experiments with controls using polyproline
(approximating a rigid rod). They found that the widths of the E distributions from
CspTm were identical to widths found using polyproline, indicating that the wide E
distributions must originate from experimental noise rather than from structural
changes in the protein, contradicting our initial speculations. Based on this and the
measurement time per protein of (� 100ms), they were able to conclude that the
fluctuations of unfoldedCspTmmust be averaged out in less than 100ms. This in turn
allowed them to conclude that the free energy barrier between folded and unfolded
proteins must be greater than 2 kBT.
Schuler et al. also saw a decrease in the size of the unfolded proteinwith decreasing

denaturant similar to that seen with CI2. The decrease in size was more dramatic in
the case ofCspTm.They explained this shift in terms of a continuous expansion of the
unfolded protein with increasing denaturant, although this expansion does not fit
completely with the expectation that the unfolded state would continue to expand
with increasing denaturant. The next two sections describe two subsequent papers
that focused on elucidating the nature of the unfolded state in more native-like
conditions.

9.4.1.4 Single-molecule Protein Folding under Non-equilibrium Conditions
Lipman et al. [83] coupled a laminar flow mixer with the single-molecule measure-
ments in solution to trigger refolding of CspTm. They were able tomonitor E for both
the folded and unfolded subpopulations after diluting the denaturant to native
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conditions. They found that the unfolded population becomes more compact
rapidly (within 100ms), matching the size of unfolded protein in their previous
measurements. This validates the previous detection of change in size of the
unfolded protein at lower denaturant concentrations, and allowed the study of this
more compact unfolded state at denaturant concentrations down to 0M. Subsequent
to this fast compaction of the unfolded protein, the population of folded proteins
increases as the population of unfolded proteins decreases. Rather than a shift in the
position of the peak in the E distribution that accompanies the fast compaction of the
unfolded state, the folding process is seen as changes in the relative populations of
two states (Figure 9.6).
Such non-equilibrium studies hold great promise in elucidating the nature of the

protein folding process.

9.4.1.5 Monitoring Conformational Dynamics using Fluorescence Lifetime
In the protein-folding experiments described above, the only information recorded
from themolecules was the intensity of the signal from the donor and acceptor.What
is obtained from suchmeasurements is a distancemeasurement between donor and

Figure 9.6 Probing single-molecule protein
folding kinetics under non-equilibrium
conditions. (A) Top: view of the mixing region of
the microfluidic laminar mixing device, with the
denaturant concentration indicated by a false
color code. The laser beam (light blue) and
collected fluorescence (yellow) are shown
100mm from the center inlet. Bottom: cross-
section of the mixing region. (B) Histograms of
measured FRET-efficiency as a function of the

mixing time. Within the first 100ms of mixing,
the expanded chain collapsed into a more
compact coil structure, indicated by the slight
increase in mean E. The collapsed denatured
species reconfigure into the compact folded
state on a timescale of a few seconds. Note that
the mean E of the collapsed denatured
subpopulation does not vary with time (red line)
nor final denaturant concentration (data not
shown). Reproduced with permission from [83].
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acceptor time-averaged over the measurement time of 100ms to 1ms. As demon-
strated by Schuler et al. [81], this is insufficient time resolution to detect any structural
fluctuations of the unfolded protein. For a folded protein, there is in general one
structure, with only small fluctuations from this structure. There may be changes to
the structure due to interactions with other proteins, DNA, or small molecules, but
these are very different from the unfolded protein. The unfolded state of a protein is
an ensemble of many random conformations of the protein chain that are inter-
converting rapidly due to thermal fluctuations.
Measurements of fluorescence lifetime of FRET have been used for many years at

the ensemble level to monitor distributions of distances within unfolded and folded
proteins [84]. Using time-correlated single photon counting (TCSPC), the time
between a laser pulse and the fluorescence photon is timed to 4–50-ps accuracy.
Fluorophores generally exhibit single exponential lifetime fluorescence decays,
which are shortened by the process of FRET. Shorter lifetimes indicate higher FRET
efficiency, and longer lifetimes indicate lower FRETefficiency. If the donor exhibits a
single-exponential fluorescence lifetime decay with FRET, there is a single distance
between the donor and acceptor. Multi-exponential decays for the donor undergoing
FRET indicate multiple distances. By analyzing such decays, it is possible to resolve
distance distributions down to the nanosecond time scale.
In Laurence et al. [44], we introduced several methodological improvements to

single-molecule protein-folding studies that provide additional information on
fluorescence lifetime and polarization. In this study, we were able to combine
nearly all of the observables available for a single FRET pair, and use them
advantageously. Following Seidel and collaborators, we increased the number of
detection channels to four, further dividing the donor and acceptor fluorescence
emission by polarization, and we used TCSPC to measure the fluorescence lifetime
of the donor and acceptor. Lastly, we introduced alternating laser excitation (ALEX)
using two interlaced, pulsed lasers, one laser exciting the donor, and one laser
exciting the acceptor. For the acceptor, there are lifetime curves both for excitation
by the donor laser (via FRET) and by the acceptor laser (via direct excitation). Using
the ALEX procedure allows us to distinguish between subpopulations with donor-
only, acceptor-only, folded and unfolded proteins. After this procedure of �single-
molecule sorting,� we select all bursts emanating from the unfolded protein, and
form fluorescence lifetime decays for that subpopulation. We then globally fit all of
the lifetime curves, obtaining information on distance distributions along with the
polarization information.
Using this analysis, we determined the mean and width of the distance distribu-

tions of dsDNA, ssDNAwith various salt concentrations, and two unfolded proteins.
For random polymer fluctuations there is a limit to the possible widths of the
distributions. Distribution widths for the nucleic acids were below or at this limit,
but, interestingly, the unfolded proteins exhibited largerfluctuations than possible by
random polymer fluctuations. These �excess� fluctuations increased as the denatur-
ant decreased. We proposed that these fluctuations are due to transient formation of
residual structure, although transient compaction of the unfolded state is another
possible explanation [85] (Figure 9.7).
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There is one important methodological achievement that should be mentioned
with respect to ALEX-FRET. In [86], a methodology was developed to determine
accurate, unbiased energy transfer efficiency E values that proved inmany ways to be
more reliable than ensemble FRET. In the nsALEX paper, a secondmethodology was
developed using single-molecule selection and fluorescence lifetime fitting to obtain
accurate E values along with the width of the E distributions down to the nanosecond
time scale. The values obtained by both methods for the same samples matched very
well, even though themanner inwhich the valueswere obtainedwere quite different.
In the first measurements of FRETat the single-molecule level, it seemed that single-
pair FRET would only be useful for measuring dynamic changes in distance. Now,
however, the accuracy and reproducibility of FRETefficiency values now rivals, and,
in some cases, surpasses that of ensemble methods (Figure 9.8).

9.4.1.6 Single-pair FRET Studies on Immobilized Proteins
Asmentioned earlier, in order to monitor repeated folding and unfolding events it is
necessary to immobilize the proteins. This allows observations over several seconds.
In order to circumvent the difficulties of surface immobilization, two methods have
been used. First, encapsulation of the proteins in lipid vesicles, and attachment of
those vesicles to surfaces have been used tomonitor such transitions. In this way, the
protein that is folding and unfolding is not held in contact with any surface, and only
comes into contact with the lipid surface of the vesicle, which is relatively inert.
Folding and unfoldingwere clearly seen, which allowed the timing of these processes

Figure 9.7 Effects of denaturant concentration
on distance distributions of unfolded CI2 (blue)
and ACBP (orange). The width of the E
distribution DE is plotted versus the mean of the
distribution hEi. These values are extracted using
time-resolved FRET. Nanosecond ALEX-based
single-molecule sorting allows the exclusion of
signal from folded CI2 and ACBP. Note that all of

the measurements for the unfolded proteins are
at or above the Gaussian chain limit (green line).
For each data set (CI2 or ACBP), lowering the
denaturant concentration results in
measurements moving toward the upper-right,
indicating more compact states with increasing
fluctuations. Reproduced with permission
from [44].
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to be timed. By comparing the observed folding and unfolding trajectories for
proteins exhibiting complex [88] and simple two-state [87] folding pathways, the
roughness of the free energy surfaces can be probed using single-molecule spec-
troscopy (Figure 9.9).
A second approach to facilitating immobilized protein-folding studies of single

molecules was to passivate the surface in a better way. Nienhaus and colleagues
introduced surface coatings made of ultrathin networks of isocyanate-terminated
�star-shaped� polyethylene oxide (PEO)molecules, cross-linked at their ends via urea
groups tominimize the intertwining of a denatured polypeptide chain with the PEO-
polymer. Immobilizing proteins on this surface allowed single-molecule protein-
folding trajectories to be monitored [89]. Repeated changes in denaturant concen-
trations demonstrated that folding and unfolding were completely reversible on the
specialized surface.

9.4.1.7 Probing Biomolecular Dynamics via Fluorescence Quenching and Electron
Transfer
Fluorescence quenching by electron transfer or other processes promises to provide a
method of measuring contacts between two sites at short distances at the single-
molecule level. Correlations calculated from these fluctuating signals would reveal
the time scales of the fluctuations directly. Folding and unfolded of DNA hairpins
were monitored using FCS on a donor-quencher system [90]. An ensemble method
was used to provide information on time scales of unfolded protein and nucleic acid
fluctuations [91, 92]. Electron transfer from native fluorophores was used to monitor
the fluctuations of an enzyme at the Angstrom scale [93]. The greatest weakness in

Figure 9.8 Accurate E measurements may be
performed at the single-molecule level. hEi
measured by nsALEX versus distance between
attachment points forD andA for dsDNAwith 7-,
12-, 17-, 22-, and 27-base pair separations (black
squares). hEi calculated from calibrated single-
molecule intensity ratios rather than
fluorescence lifetime information are shown as

cyan crosses. FRET model (E¼ 1/1 þ (R/R0)
6)

with measured R0¼ 69Å and hk2i¼ 2/3 (solid
red) and simulation accounting for linkers and
the measured slower rotational diffusion
(tDr ¼ 3:0 ns and tAr ¼ 1:3 ns; solid black) are
shown. Simulations were adjusted to R0¼ 62Å
to match gray squares. Reproduced with
permission from [44].

9.4 Examples j223



Figure 9.9 Probing conformational dynamics
within single, surface-immobilized molecules.
(A) Encapsulation of single molecules in lipid
vesicles. Immobilization of the trappedmolecule
is achieved indirectly by tethering the biotinylated
vesicle to a streptavidin-coated polymer coating.
As the diameter of the encapsulating vesicle
(� 100 nm) is considerably larger than the
diameter of the trapped molecule, the trapped
molecule can diffuse freely, thus minimizing a
perturbation of the energy landscape due to
confinement and non-productive interactions of
the trapped protein within the vesicle interior.

(B) Representative single-molecule folding
trajectories of encapsulated adenylate kinase
(AK) at denaturant concentrations around the
midpoint of unfolding, conditions at which the
native and denatured subpopulations are equally
populated. The top panel shows time traces of
the D- and A-emission (green and red,
respectively), employing 20-msec bin times.
D- and A-emission are anticorrelated, indicative
of conformational transitions within the
polypeptide.Notice however that theD-emission
continues to increase after bleaching of the
acceptor (t� 3 s), suggesting a variable
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these methods is that only one channel is monitored, preventing the use of
ratiometric variables that are so beneficial in FRET measurements. However, for
monitoring such short distances at the single-molecule level, there is no current
alternative to designing these more challenging experiments.

9.4.2
Single-molecule Measurements of DNA-processing Enzymes

The methodologies we have discussed in this chapter so far have been mainly
applicable to DNA–protein interactions rather than protein–protein interactions.
One reason is their importance: maintaining the fidelity of DNA replication is
necessary for cell survival, and transcription is a primary point at which gene
expression is regulated. Another reason is practical: these methods require the
labeling of twomacromolecules in order to observe bothmovement and interactions.
Compared to proteins, DNA is relatively easy to label site specifically. Having DNA as
one of the labeled macromolecules lessens the work involved in getting the bio-
chemical system working.
We focus this section on the example of our measurements on RNA polymerase.

Themethods can be generalized to other DNA-processing enzymes. Transcription is
the process of copying a gene from a DNA template to RNA, which in turn serves as
the template for protein synthesis. It is one of the main steps used in regulating the
expression levels of proteins, and thus maintaining the proper level of protein. RNA
polymerase (RNAP) is the protein machine that copies DNA into RNA. In collabora-
tion with the Ebright group, we set out to investigate the initiation of transcription.
Our initial measurements of RNAP were attempted with a surface-immobilized

format. Thesemeasurements proved to be an exercise in frustration. A donor-labeled
RNAP was supposed to bind to an acceptor-labeled DNA, and, upon adding the
required nucleotides, transcription would proceed in a controlled manner. The

environment (e.g. diffusion within the vesicle).
Two types of fluctuations are visible in the
E-trajectory: fast, step-wise fluctuations that
cannot be resolved and slow, continuous
transitions that can take > 1 s to complete. The
middle panel depicts a FRET-efficiency trajectory
calculated from the signals in the top panel,
whereas the interprobe distance trajectory
(calculated according to F€orster theory) is shown
in the bottom panel. (C) Schematic of a one-
dimensional energy landscape for AK and CI2 at
denaturant concentrations close to themidpoint
of folding, obtained by averaging of the folding
landscape over many degrees of freedom and
projection onto the FRET-efficiency axis. Both
energy landscapes exhibit two global free energy
minima separated by a free energy barrier, as

suggested by the bimodal FRET-efficiency
distributions. The landscape of AK is
characterized by local free energy barriers and
traps, resulting in fluorescence time-trajectories
that can start and end at any FRET-efficiency
value (the population weight of the folded
species is indicated by green bars, while the
unfolded conformers are color coded red). The
landscape of CI2 is smoother, and time
trajectories exhibit fluctuation between two
relatively constant levels of FRET-efficiencies. A
reproduced with permission from [87].
(Copyright� 2004 American Chemical Society).
C reproduced with permission from [8].
(Copyright � 2002 National Academy of
Sciences USA).
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Figure 9.9 (Continued )
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RNAP was attached to the surface, and the DNAwas not. Initial encouraging results
showing activity were found to be photophysical in origin. At the timewewere unable
to determine whether RNAP was functioning properly on the surface. An additional
problem was that the single-molecule FRETmethodology, as then constituted, was
unable to tell the difference between a molecule with only the donor attached and a
moleculewith the donor bound to amoleculewith the acceptor, but too far away to see

Figure 9.10 ALEX-FRET on single diffusing
complexes allows simultaneous monitoring of
movement of RNAP on DNA and association of
transcription factor s70 with RNAP core. Two-
dimensional E-S histograms of single molecule
fluorescence bursts are shown. E is the FRET
efficiency (low for larger D–A distance, high for

smaller D–A distance), and S is the
stoichiometric ratio (S¼ 1 for D-only, S¼ 0 for
A-only, and S¼ 0.5 for both D and A present).
(A) Subpopulations identified using ALEX-FRET
may be followed as a reaction progresses.
Reproduced with permission from [95].
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FRET. If the donor-labeled RNAP moved away from the acceptor-labeled DNA it
would be impossible to tell whether RNAPwas attached to the DNA or not. We knew
that cross-correlation methods with two lasers would allow us to determine whether
both donor and acceptor were present within the optically isolated detection volume.
However, this would obscure FRETmeasurements since we would be unable to tell
which photons from the acceptor were due to FRET and which were due to direct
excitation from the acceptor excitation laser. We concluded that a quick alternation
between a laser exciting the donor and a laser exciting the acceptor while recording
the arrival time of every photon would solve the problem. This initiated the
development of alternating laser excitation (ALEX) for single-molecule spectros-
copy [26]. The development of thismethodology rapidly accelerated our efforts in this
area. We will first discuss our results in the area of DNA–protein interactions, and
then discuss briefly other important single-molecule work.

9.4.2.1 RNAP – Retention of Sigma
In E. coli, RNAP initiates transcription at specific (promoter) DNA sequences after
binding s transcription factors. The primary transcription factor of exponentially
growing E. coli iss70. Initial studies indicated that after initiation of transcription, the
s transcription factor dissociated from RNAP and DNA. A model for initiation of

Figure 9.11 Direct evidence that DNA is
�scrunched� during initiation of transcription by
RNA polymerase. Upon addition of nucleotides
(which allow transcription to progress), the
distance between D and A on DNA is seen to
decrease. The peak in the E histogram shows an
increase in E, corresponding to a shorter

distance between D and A. Othermeasurements
using LE-FRET and TE-FRET (as in Figure 9.10)
show that the back end of RNAP does not move
on the DNA during initiation of transcription,
whereas the front end of RNAP does move with
respect to DNA. Reproduced with permission
from [1].
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transcription was suggested that required release of s70 before continuation of
transcription. There were however, steps in the purification process that could have
taken off weakly bound s70 even if there were no obligatory release. Because of this,
there was an alternativemodel proposed that release of s70 was not necessary, but the
interactions were only weakened.
Recently, FRETmeasurements between the donor on s70 and acceptor on DNA

were used to determine whether there is obligatory release of s70. Ensemble-level
experiments were performed first [94], followed up by single-molecule measure-
ments using the same system [95]. This provides a good opportunity to compare
directly the information content of single-molecule and ensemble-level
measurements.
In both papers, a labeling scheme was used to monitor via FRET themovement of

RNAP. With trailing edge FRET, a donor label on s70 toward the back of the
RNAP–s70 complex undergoes FRET to an acceptor behind the RNAP (upstream
of the promoter). FRET efficiency starts high, and decreases as transcription
progresses. With leading edge FRET, a donor label on s70 toward the front of the
RNAP–s70 complex undergoes FRET to an acceptor in front of the RNAP (down-
stream of the promoter). FRET efficiency starts low, and increases as transcription
progresses. In [94], ensemble FRET measurements were used to establish that a
significant fraction of the s70 remained attached to RNAP even to mature elongation
complexes. This contradicted some earliermodels thatmaintained that the release of
s70 was necessary to continue transcription. In this paper, the leading-edge FRET
measurements were critical, because they were able to differentiate between release
and non-release ofs70; if FRET increased with the progress of transcription, then s70

was still attached. However, the trailing-edge FRET measurements predicted a
decrease in FRET efficiency with or without release of s70.
A primary advantage of single-molecule FRET measurements (with ALEX) over

ensemble FRETmethods is the ability to detect association of molecules even when
outside the range of FRET. This allows the detection of non-release of s70 even with
the trailing edge FRET measurements. We were able to determine the fraction of
complexes that retained s70 as a function of elongation.
This was an example of the power of single-molecule spectroscopy to determine

ordering of events, directly visualizing the heterogeneity of the system under study.
Even in this case, where ensemble measurements are able to answer some of the
basic questions, the single-molecule measurements provided significant, quantita-
tive information thatwas otherwise unavailable. These tools have nowbeen applied to
a problem whose answer has remained elusive for over 25 years as we see next.

9.4.2.2 RNAP – Abortive Initiation
During the initiation of transcription, it takes several attempts to get started, to
�prime the transcription pump�. Abortive products (short RNA transcripts) are
formed in these initiation attempts, giving the name �abortive initiation� to the
process. Interestingly, DNA footprinting experiments indicating that during abortive
initiation, the RNAP was protecting the upstream boundary of the promoter (the
upstreamDNAelement preceding the transcription start site, the binding site for the
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core enzyme), even as it was synthesizing the � 9–11 nucleotide abortive RNA
transcripts. Three models were proposed to explain these observations. In the first
model, the DNA is pulled into the RNAP during initiation of transcription,
�scrunching� the DNA (model 1). In the second model, there is a flexible element
in the RNAP that needs to stretch to another part of DNA in order to continue
transcription (inchworming). The third model explains the footprinting results
dynamically. TheRNAP transientlymoves downstreamon theDNAuntil the abortive
transcript releases, and then backs up once the abortive transcript is released,
spending more time at the retracted position (Figure 9.11).
By using single-molecule leading- and trailing-edge FRET ALEX experiments on

freely-diffusingmolecules,wehave been able to determine conclusively that theDNA
scrunching model is correct [1]. The single-molecule methods were able to obtain
these results in a simple, direct manner.
Similar solution-based measurements of DNA–protein interactions were per-

formed on HIV reverse transcriptase (with fluorescence lifetime information, but
no ALEX), revealing heterogeneity in the reverse transcriptase/primer–template
complexes [43]. These measurements demonstrate the use of fluorescence
lifetime information to obtain structural information regarding DNA–protein
interactions.

Observation of abortive initiation with immobilized molecule As seen in the previous
section, single-molecule spectroscopy on freely-diffusing molecules has been able to
answer several questions in the dynamics of DNA-processing machines. Even so,
single-molecule spectroscopy using an immobilized format is necessary to watch an
entire process over an extended period. We were able to adapt previously successful
immobilization strategies to RNAP, to watchmovement of RNAPwith respect to the
DNA as a function of time [96]. The immobilization strategy was the same as that
used forHelicase experiments described by ProfessorHa elsewhere in this book [97].
The measurements on Helicase are an important example of measurements of
immobilized DNA-processing enzymes. We were also able to extend the ALEX
techniques to the TIR excitation/CCD imaging approach to single-molecule spec-
troscopy. In this way, themovement of RNAPwith respect to theDNAwasmonitored
during abortive initiation. The time scales could not be determined due to limitations
of the CCD frame rate. However, the system was clearly working on the surface
(Figure 9.12).
Wewould like to note that comparison of the results using immobilizedmolecules

with those from freely-diffusing molecules helped immensely in getting these
experiments to work.

9.4.2.3 Future Directions
There aremany possiblemethodological directions for this research; wemention two
examples. First, the interactions of additional proteins, or additional distances, may
be monitored with three-color methods [45–47]. Second, intracellular labeling
techniques may allow monitoring of transcription in vivo. If combined with the
high concentration methods outlined earlier, an extremely powerful methodology
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will have been developed for monitoring protein dynamics and interactions in their
native environment.

9.5
Conclusion

Single-molecule fluorescence spectroscopy has come far in the last several years, and
promises to continue to reveal a large amount of new information about biological
systems that would otherwise remain hidden. Some of the more established single-
molecule fluorescence methodologies are now being used by those whose main
expertise is in biology rather than in optics. We expect this trend to accelerate, and
hope we have encouraged those interested in single-molecule fluorescence spectros-
copy to enter this exciting field.
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10
Two Rotary Motors of ATP Synthase
Ryota Iino and Hiroyuki Noji

10.1
Introduction

10.1.1
ATP Synthase: a Significant and Ubiquitous Enzyme in the Cell

Adenosine triphosphate (ATP) is one of the most important compounds for living
organisms and serves as an energy carrier to drive many biological reactions that
support the activity of life. For example, in many enzymes, an energetically unfavor-
able chemical reaction is coupled to the energetically favorable ATP hydrolysis
reaction. ATP also powers many biological molecular machines such as molecular
motors, ion pumps, molecular chaperones, and proteasomes. ATP synthase is
responsible for the generation of ATP. It synthesizes ATP from adenosine diphos-
phate (ADP) and inorganic phosphate (Pi). ATP synthase is one of themost abundant
proteins found in nature from bacteria to plants and animals; however, its reaction
mechanism is unique and different from those of the other enzymes. ATP synthase
uses physical rotation of its own subunits for catalysis. Prior to the discovery of ATP
synthase as a rotary motor, the bacterial flagella motor – a large complex of many
proteins – was the only known rotary motor.
ATP synthase is composed of two rotary motors, namely, F1 and Fo, and it is also

termed FoF1-ATP synthase (Figure 10.1, left) [1–3]. F1 is a water-soluble component
and rotates uponATPhydrolysis.When isolated, F1 catalyzes only the ATPhydrolysis
reaction and is often termed F1-ATPase (Figure 10.1, lower right). Bacterial F1 has the
subunit structure, a3b3gde. The a and b subunits have noncatalytic and catalytic
nucleotide-binding sites, respectively, and form a ring-shape structure. The g subunit
rotates in the a3b3 ring, and the d and e subunits connect the a3b3 ring and g to Fo,
respectively. Bacterial Fo has the subunit structure, ab2c10–15, and is embedded in
the cell membrane (Figure 10.1, upper right). Although direct observation has not
yet been possible, it is widely accepted that the central c10–15 ring rotates against
the peripheral ab2 complex, with the proton flow across the membrane driven by
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the electrochemical potential gradient of the protons (or Na ions in several
species). This potential gradient, which is often termed the proton motive force,
is generated by respiratory chain or photosynthesis [4]. The rotational direction of
Fo is opposite to that of F1 driven by ATP hydrolysis. Generally, the proton motive
force is large in vivo, and Fo generates a larger torque than F1 and forcibly rotates F1 in
the reverse direction, thereby catalyzing the reverse chemical reaction, i.e. ATP
synthesis.

10.1.2
Boyer�s Proposal and Walker�s Crystal Structure

Approximately three decades ago, the rotational catalysis of F1 (and ATP synthase)
was first proposed by Paul Boyer, as a result of his studies on �binding change
mechanism� for ATP synthase [5]. His model had two central features. First, the
energy required for ATP synthesis is mainly used to promote the binding of
substrates (ADP and Pi) and the release of the tightly bound product (ATP). Second,
the three catalytic b subunits of ATP synthase participate in the reaction in a highly
cooperativemanner. According to these features, each of the catalytic sites alternately
changes the affinity to nucleotides and Pi, coupled with energy input/output. To
substantiate this model Boyer proposed that the asymmetric central gde subunit of
ATP synthase rotates against the surrounding catalytic b subunits to cause sequential
change. To date, in addition to the g subunit, rotation of the e subunit has also been
observed.

Figure 10.1 Schematic structure ofATP synthase.
ATP synthase (left) is composed of two rotary
motors. Fo (upper right) is embedded in the cell
membrane and rotates with the translocation of
proton, and is driven by proton motive force. The
protonmotive force is formed by the difference in

proton concentration (DpH) and membrane
potential (DY) across the membrane. F1 (lower
right) rotates with ATP hydrolysis. Note that the
rotational direction of Fo is opposite to that of F1.
The rotor and stator subunits are shown in red and
green, respectively.
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Boyer�s novel idea did not gain much support until John Walker and colleagues
revealed the crystal structure of the a3b3g subcomplex of F1 from bovine mitochon-
dria in 1994 (Figure 10.2) [6]. Asmentioned above, in this crystal structure, the a and
b subunits are alternately arranged and form a ring. A significant feature of this
structure was the conformations of the three b subunits (Figure 10.3). Each of the

Figure 10.2 A crystal structure for the a3b3g
subcomplex of F1. The a, b, and g subunits are
shown in yellow, green, and red, respectively. The
catalytic sites are located at the interface between
the a and b subunits (arrows); however, most of
the residues responsible for catalysis are

associated with the b subunit. The noncatalytic
nucleotide-binding site on the a subunit is
located at the opposite interface to the b subunit.
Three a subunits bind ANPPNP (non-
hydrolyzing ATP analog). Each of the three b
subunit binds ANPPNP, ADP, or none.

Figure 10.3 Three different conformations of the
b subunit. One of the threea and b subunits and
the g subunit are shown in yellow, green, and red,
respectively. In the 1994 structure, one b subunit
that does not bind nucleotide is shown in �open�
conformation (right), and two b subunits that

bind nucleotide are shown in �closed�
conformation (left). In the 2001 structure, one b
subunit that corresponds to the b subunit
without nucleotide in the 1994 structure, binds
ADP and sulfate and is shown in �half closed�
conformation (center).
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three b subunits exhibited different �open� and �closed� conformations and bound
different nucleotides – AMPPNP (a non-hydrolyzing ATP analog), ADP, or none.
Later, an intermediate �half-closed� conformation that binds ADP and sulfate
(mimicking Pi) was also reported [7]. The catalytic sites are located at the interfaces
of the a and b subunits; however, most of the residues responsible for catalysis are
associated with the b subunit. In contrast to the b subunits, the three a subunits
exhibited almost the same conformations. Furthermore, the amino- and carboxyl-
terminal residues of the g subunit formed an asymmetric coiled-coil structure and
extended into the central cavity of the a3b3 ring. These structural features strongly
supported Boyer�s proposal.
Once rotation of F1 was considered to be plausible, many researchers attempted to

prove it. Although the results of chemical cross-linking exchange experiments and
fluorescence polarization measurements proved the relative motion of the g subunit
against the three b subunits and were consistent with the rotation hypothesis, these
results were not the direct evidence of unidirectional rotation [8, 9]. Finally, in 1997,
single-molecule imaging by Yoshida and Kinosita�s group directly demonstrated
unidirectional successive rotation driven by ATP hydrolysis [10]. The direction of
rotation was counterclockwise when viewed from Fo, which is consistent with the
expectation from the crystal structure.

10.2
Rotation of ATP Synthase

10.2.1
Single-molecule Imaging of Rotation of F1 Driven by ATP Hydrolysis

10.2.1.1 Strategy for Visualization of Rotation
The a3b3g subcomplex of F1 suffices for ATP hydrolysis, and direct observation of
rotation was first carried out using this subcomplex [10] (hereafter, unless specified
otherwise, the a3b3g subcomplex is referred to as F1). To visualize rotation, Yoshida
andKinosita�s group executed the following strategies (Figure 10.4A) [11]. First, rapid
lateral and rotational Brownianmotion of F1 (10 nm in diameter) in aqueous solution
was suppressed by fixing it on a Ni-nitrilotriacetic acid-modified glass surface via a
polyhistidine tag introduced into the amino terminus of the b subunit. Next, the
small turning radius (approximately 1 nm) of the central g subunit was magnified by
attaching a fluorescent-labeled actin filament – a large probe having a length of
several microns. Using these strategies, the rotation of F1 from thermophilic Bacillus
PS3 was first visualized under an optical microscope. Instead of the actin filament,
latex beads have often been used as a rotational probe in recent experiments.

10.2.1.2 Large Torque Generated by F1
Due to the hydrodynamic friction against the large probe, the rotational speed
depends on the length of the actin filaments (Figure 9.2B) [12]. Long filaments rotate
slowly, while short ones rotate rapidly.However, the torque generated by F1 calculated
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from angular velocity and the drag coefficient was constant and approximately
40 pNnm. If we assume that the torque is generated at the interface between the
b and g subunits in a radius of 1 nm, it corresponds to a force of 40 pN. This value is
considerably larger than that generated by most of the known nucleotide-driven
molecular motors such as kinesin (�6 pN) [13], myosin (�4 pN) [14], and RNA
polymerase (�14 pN) [15]. The only known nucleotide-drivenmotor stronger than F1
is the portal motor of bacteriophage (�57 pN) which packages DNA inside the virus
against a large internal pressure [16].
In addition to ATP, the rotation of F1 was also supported by other purine

nucleotides (guanosine triphosphate and inosine triphosphate) that generated torque
comparable to that of ATP but not by pyrimidine nucleotides (cytidine triphosphate
and uridine triphosphate) [17]. This result suggests that the mechanical character-
istics of rotation are inherent in the F1 structure, and purine nucleotides but not
pyrimidine nucleotides can trigger and maintain the rotation. Truncation of the
carboxyl-terminal 21-amino acid residues of the g subunit decreased the torque by
50% (20 pNnm), indicating that the torque is actually generated by mechanical
interaction between the b and g subunits [18]. The reconstitution of the e subunit to
the a3b3g subcomplex did not affect the torque [19].

10.2.1.3 Steps in Rotation
At low [ATP] in which ATP binding was rate-limiting, the rotation became stepwise
(Figure 10.5A) [12]. The step size was 120�, which was consistent with the pseudo-
threefold symmetric structure of F1. The 120� stepping rotation is an intrinsic feature
since the angle-resolved imaging of a singlefluorophore attached to the g subunit also

Figure 10.4 The experimental system for single-molecule
observation of the rotation of F1. (A) The a3b3 ring is fixed on the
glass surface to suppress the lateral and rotational Brownian
motion of the F1 molecule. A large probe, for example, actin
filaments and latex beads, was attached to the g subunit to
visualize rotation. (B) Example of the dependence of the rotational
speed on the length of the actin filament at 2mM ATP.
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revealed 120� steps [20]. At low [ATP], the rotational speed is proportional to
concentration down to 200 pM, suggesting that the same rotary mechanism is
functional even at very low [ATP] [21]. The histogram of the dwell time between
the steps was well fitted by a single exponential function, indicating that each step is
driven by one ATP molecule (Figure 10.5B). This conclusion was further supported
by the comparison of the rotational speed with the turnover rate of ATPase at low
[ATP]; the value of the former was in good agreement with the one-third value of
the latter.
The large probe limited themaximum rotational speed of F1 to 6–8 revolutions per

second (rps). When the large probe of rotation was replaced with a smaller one such
as a colloidal gold particle with a diameter of 40 nm, the viscous load became
negligible and faster rotation was observed [22]. At high [ATP], the rotational speed
reached 130 rps,which is comparable to that expected from themaximumrate ofATP
hydrolysis (�300 s�1 at 25 �C). At a recording rate of 8000 frames/s, 120� steps were
observed even at 2mM ATP. These steps are not driven by ATP binding since the
binding rate (kon) of ATP is around 2–3� 107M�1 s�1 (this corresponds to a binding
dwell time of 17–25ms at 2mM) and they could not be detected at the above-
mentioned recording rate. When [ATP] was decreased, 120� steps were resolved
into �90� and �30� substeps. While the dwell time before the 90� substep was
inversely proportional to [ATP], no change was observed in the dwell time before the
30� substep. This implies that the 90� substep is driven byATP binding, while the 30�

substep is driven by other events. Statistical analysis of the dwell time before the
30� substep indicated that at least two events, each of 1ms duration, occur before
substepping.
When the rotation of an F1 mutant with a very low maximum ATP hydrolysis rate

(2�3 s�1) was driven by high [ATP], 120� steps were observed at the video rate of

Figure 10.5 Steps in the rotationof F1. (A) Rotationof F1with 120�

steps observed at 20 nM ATP. (B) Histogram of the dwell time
between 120� steps at 20 nM ATP. The histogram was fitted by a
single exponential function (solid line). (C) Rotation of a mutant
F1 (E190D) with 120� steps at 2mM ATP. (D) Rotation of F1
(E190D) with 80� and 40� substeps at 2mMATP. The dwells at the
80� substep are indicated by arrows.
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30 frames/s [23]. The rotation of this mutant driven by low [ATP] was easily resolved
into �80� and �40� substeps (Figure 10.5D). Furthermore, when F1 rotation was
driven by slow hydrolyzing ATP analogs such as ATP-g-S or Cy3-ATP, the dwells
before �40� substeps were longer than those driven by ATP [23, 24]. These results
indicate that one of the two events that occur before the 30� substeps is ATP
hydrolysis. The slight difference in the angle may be due to the experimental error
or a fast 10� substep that may occur during ATP hydrolysis.
The other event that initiates a 30–40� substep is less clear. However, several

experiments have suggested some candidates. When F1 lapses into the so-called
�MgADP-inhibited state�, in which MgADP that is tightly bound to the catalytic b
subunit inhibits catalysis, it pauses the rotation at the position after the 80–90�

substep [25]. This is consistent with the assumption that the 30�40� substep is
induced by the release of ADP from the b subunit. Alternatively, Pi release may
induce this substep since it has been reported that Pi release induces a conforma-
tional change in the b subunit [26].
Although the existence of substeps is a striking feature when considering the

rotation scheme, it is not essential for a nucleotide-driven rotary motor. V1, the
soluble component of V-ATPase and a relative of F1, is also an ATP-driven rotary
motor and hydrolyzes threeATPmolecules per turn [27].However, in the case of V1, a
buffer exchange experiment indicated that the stepping positions of ATP binding and
ATP-g -S hydrolysis were almost identical [28].

10.2.1.4 A Model of Cooperative Chemo-mechanical Coupling in Rotating F1
F1 has three catalytic b subunits. How does each subunit cooperate during ATP
hydrolysis and achieve unidirectional rotation? One topic that has been debated for
decades is whether F1 operates under bi- or tri-site mode (Figure 10.6, top and
middle) [29, 30]. Simply defined, bi- and tri-sitemodes are those inwhich one and two
and two and three nucleotides, respectively, alternately occupy the three catalytic sites
during rotation. Simultaneous observation of Cy3-ATP binding/dissociation and
rotation revealed that after the binding, Cy3-ATP or the hydrolyzed product Cy3-ADP
remains bound at least for 240� rotation of the g subunit [24]. This result supports the
tri-site scheme since two additional nucleotides bind before the release of Cy3-ADP.
The crystal structure of F1 showing that three nucleotides bind to the b subunits also
supports the tri-site scheme [7].
In contrast, the measurement of fluorescence resonance energy transfer (FRET)

between a single pair of donor and acceptor molecule introduced into the b and g
subunitsmay support the bi-site scheme [31] since the orientation of the g subunit in
the ATP-waiting position estimated by FRETanalysis was approximately 40� greater
than that in the structure that binds two nucleotides [6]. In addition to bi- and tri-site
schemes, an alternative in which ATP binding promotes the release of ADP can also
be assumed (Figure 10.6, bottom). Recent computer simulation of the rotation and
our preliminary experimental results are consistent with thismodel [32]. Our current
assumption is that Pi release induces the 30–40� rotation and ATP binding induces
the concomitant release of ADP. However, further research should be carried out
before drawing the final conclusion.
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10.2.2
Single-molecule Manipulation of F1 Rotation

10.2.2.1 Mechanical Activation of Pausing F1
As described above, the rotating F1 occasionally lapses into the MgADP-inhibited
state at the position after an 80� substep [25]. Usually, this inhibition lasts for several
tens of seconds, andpresumably, after the dissociation of the inhibitoryMgADP from
the catalytic b subunit, F1 spontaneously restarts its rotation. When the g subunit of
MgADP-inhibited F1 is pushed and stalled in the forward (rotational) direction by
using magnetic tweezers (Figure 10.7A and B), the time constant for activation
became shorter [33]. However, the same result was not observed when the g subunit
was pushed and stalled in the backward direction (Figure 10.7C). The probability of
activation after stalling was strongly dependent on the angle (Figure 10.7D), and the
rate of activation was increased exponentially. The Arrehenius activation energy of
the mechanical activation decreased to�1.3 kBT/10�. This strongly suggests that the
mechanical energy input through the g subunit shifted the energy state of the
MgADP-inhibited F1 to a higher state and lowered the activation energy. The potential
of the MgADP-inhibited F1, which was estimated from the Brownian motion of the
beads attached to the g subunit, was linear at >20� and had a slope of 1.5 kBT/10�. This
energy increment with the angle coincides well with the decrement in activation
energy, suggesting that 85% of the mechanical energy input was transferred to the
catalytic site to weaken the binding energy of MgADP. This result is consistent with

Figure 10.6 Models of chemo-mechanical coupling of F1. Top,
bi-site scheme. Middle, tri-site scheme. Bottom, an alternative
scheme. The nucleotide states of F1 that may correspond to the
1994 and 2001 crystal structures are enclosed in squares.
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the tight mechanochemical coupling between the rotation of the g subunit and the
chemical reaction on the catalytic b subunits.
Themost important result obtained from this experiment is that the angle of the g

subunit determines the rates of ADP dissociation from the catalytic b subunit. This
angle dependency is expected to be applicable to ADP release during the rotation of
active F1. Our preliminary results indicate that not only the rate of ADP release but
also that of ATP binding and hydrolysis are also angle dependent. The angle
dependency of the affinity of ATP is also suggested by the constant torque generation
(40 pNnm)byATPbinding, thereby indicating a linear downhill potentialwith a slope
of 1.7 kBT/10� which corresponds to the affinity being increased by a factor of 5.5 per
10�. The angle dependency of the rate of each chemical reaction step appears to be the
fundamental mechanism that supports the unidirectional rotation of F1. This

Figure 10.7 Mechanical activation of pausing F1
by external force. (A) Schematic representation
of the experimental set-up. Orientation of the g
subunit was manipulated by rotating the
magnetic field. (B) Mechanical activation by
pushing in the forward direction. F1 that lapsed
into the MgADP-inhibition state at 280� was
pushed at þ 10�, þ 20�, þ 30�, and þ 40� and
stalled for 3 s (red). After being pushed and
stalled at þ 40�, F1 restarted its rotation. (C) Trial

of mechanical activation by pulling in the
backward direction. F1 was not activated when
pulled and stalled at �20�, �40�, and �80� but
was activated when pushed and stalled at þ 80�.
(D) Angle dependence of the probability of
activation. MgADP-inhibited F1 was pushed or
pulled and stalled for 3 s in the presence of
0.2mM ATP (blue); 0.2mM ATP and 30mM Pi
(green); 0.2mM ATP and 1mM ADP (red); and
0.2mMATP, 30mM Pi, and 1mM ADP (purple).

10.2 Rotation of ATP Synthase j245



property may also be required for the efficient ATP synthesis catalyzed by FoF1 in the
physiological composition of ATP (�1mM), ADP (�0.1mM), and Pi (�1mM). If the
affinity of ATP and ADP is dependent on the angle of the g subunit and reversed
during the rotation, F1 would be able to bind ADP efficiently even in the presence
of high [ATP], when forced to rotate by Fo. This also facilitates the dissociation of
synthesized ATP from the catalytic sites.

10.2.2.2 Highly Coupled ATP Synthesis by F1 Forced to Rotate in the Reverse Direction
The physiological function of F1 is ATP synthesis and not hydrolysis. As described
above, when F1 hydrolyzes ATP, the rotation of the g subunit is tightly coupled to the
chemical reaction, and three ATP molecules are hydrolyzed per turn (3 ATP/turn).
Then, how efficiently does F1 synthesize ATP when the rotation is reversed? ATP
synthesis by the reverse rotation of F1 was proved in 2004 [34]. In this experiment,
many F1 molecules enclosed in an observation chamber were forced to rotate in the
reverse direction by usingmagnetic tweezers, and the synthesized ATP was detected
by a conventional bioluminescence method using the luciferin–luciferase system.
However, quantitative estimation of the ratio of mechanochemical coupling was
difficult because the number of active F1 molecules in the chamber was unknown.
The coupling ratio can be directly estimated if the number of ATP molecules

synthesized by a single F1 molecule during the forced rotation can be measured.
Usingmagnetic tweezers, forced rotation of F1 could be easily achieved.However, the
quantitative measurement of ATP generated by a single F1 molecule was not easy
using conventionalmethods. For example, even if we assume 100% coupling (3 ATP/
turn), the rotation of F1 at 10Hz for 1minwould result in the generation of only 1800
ATP molecules (3.0� 10�21 mole). To overcome this problem, we developed a very
small reaction chamber having a volume of 1 fl (¼ [1mm]3) by using conventional
microfabricationmethods (Figure 10.8A) [35]. If 1800 ATPmolecules are enclosed in
this chamber, [ATP] would reach 3mM, which is sufficiently high to be detected by
conventionalmethods. In the actual experiment, we did not use the bioluminescence
assay; instead, we used an enzymatic property of F1 for the estimation of the number
of ATPmolecules synthesized after forced rotation usingmagnetic tweezers. In other
words, we estimated [ATP] in a femtoliter chamber from the rotational speed of an
enclosed F1 molecule since the speed (or ATP hydrolysis activity) is proportional to
the [ATP] below micromolar level.
After the forced rotation in the reverse direction in the femtoliter chamber, the

rotational speed of F1 drivenbyATPhydrolysis actually increased (Figure 10.8B). This
result indicates that ATP was actually synthesized by reverse rotation (Figure 10.8B);
however, the ratio of coupling catalyzed by the a3b3g subcomplex was unexpectedly
very low and only 10% (0.3 ATP/turn) of that of ATP hydrolysis (3 ATP/turn)
(Figure 10.8C) [36]. However, when the e subunit was reconstituted with the a3b3g
subcomplex, the ratio significantly increased. Some molecules exhibited an almost
100% coupling ratio, and the average value was 77% (2.3 ATP/turn) (Figure 10.8D).
The difference in the coupling ratio between each a3b3ge subcomplex was relatively
large; this can be attributed to the difference in the volume of chamber and the error
in the estimation of the rotational speed.
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The above experiment revealed a novel function of the e subunit as a coupling
factor of the ATP synthesis reaction. Then, how does the e subunit support the highly
coupled ATP synthesis? The e subunit is a small subunit with a molecular mass of
14 kDa and is known to be an endogenous inhibitor of the ATP hydrolysis activity of
F1. In the case of bacterial F1, its inhibitory effect is reduced in the presence of high

Figure 10.8 ATP synthesis by a single F1molecule
forced to rotate in the reverse direction.
(A) Schematic representation of the experimental
set-up. F1 enclosed in the femtoliter chamber
was forced to rotate in the ATP synthesis direction
by using magnetic tweezers in the presence of
ADP, Pi, and a small amount of ATP. The newly
synthesized ATP was accumulated in the
chamber. (B) After the forced rotation, the
rotational speed by ATP hydrolysis increased
(1 to 4). When F1 was released from the chamber,

the rotational speed decreased and returned to
the level before the enclosure. The number of
synthesized ATP molecules was estimated from
the increment in rotational speed. (C and D) The
number of ATP molecules synthesized by the
a3b3g (C) and a3b3ge (D) subcomplexes of F1
after the forced reverse rotation. Each trace
represents the data from individual F1. Dotted
lines indicate the slopes where the coupling ratio
was expected to be 0% (0 ATP/turn), 50% (1.5
ATP/turn), and 100% (3 ATP/turn).
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[ATP], and the e subunit rotateswith the g subunit [19]. In contrast, the e subunit from
the chloroplast or cyanobacteria inhibits ATP hydrolysis activity regardless of [ATP]
and inhibited the ATP-driven rotation [37]. In the crystal structure, the e subunit
stabilizes the residues of the g subunit protruding from thea3b3 ring and disordered
in the a3b3g subcomplex [38]. Since these stabilized residues include the contact
interfaces with the b subunits, this may support the highly efficient mechanical
coupling between the g subunit rotation and the conformational change of the b
subunits, which results in a highly coupled ATP synthesis reaction.
Furthermore, recent studies on the e subunit suggested another possibility. Crystal

structures of the F1 subcomplex from different species revealed that at the carboxyl-
terminus two a-helices of the e subunit assume different conformations, namely,
�retracted� (Figure 10.9, left) and �partly-extended� (Figure 10.9, right) [38–40]. These
results suggested that the e subunit was able to change its conformation. Conforma-
tional change of the e subunit was supported by chemical cross-linking studies, and
the alternative �fully-extended� and �extended-hairpin� conformations were also
suggested [41–44]. Cross-linking studies further revealed that F1 and FoF1 with the e
subunit fixed in partly- and fully-extended forms exhibited a significant suppression
of ATP hydrolysis activity, but those with the retracted form of the e subunit did not.
In contrast, the extended forms of the e subunit did not affect the ATP synthesis
activity of FoF1 driven by the proton motive force. Based on these results, it is
suggested that the e subunit acts as a �switch� that changes the FoF1 activity between
ATP hydrolysis and synthesis mode [43]. In addition to the cross-linking experiment,
the measurement of FRET between the dye molecules introduced into the g and e
subunits directly revealed that the e subunit in F1 actually undergoes nucleotide-
dependent, large, reversible conformational change [45]. Furthermore, the isolated e
subunit can bind ATP with relatively low affinity [46, 47], and the bound ATP
stabilizes the retracted form of the isolated e subunit (H. Yagi et al., personal

Figure 10.9 Structural models of the e subunit in F1. F1 from
Escherichia coli (right) and bovinemitochondria (left) are shown in
blue. Here, the d subunit of mitochondrial F1 is referred to as e
because it is equivalent to the bacterial e subunit. The positions of
carboxyl-terminal residues of the e subunit are indicated by
arrowheads.
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communication). The e subunit in the FoF1 complex is also likely to bind ATP since
the binding site is outside the contact interfaces between the e and other subunits.
Considering the above-mentioned results, the conformational dynamics and states

of the e subunit are likely to affect the coupling ratio of ATP synthesis. The rotational
direction of the gec10–15 complex, i.e. the direction of force applied to the e subunit,
may affect its conformation and function under non-equilibrium conditions. Further
insights will be gained by single-molecule FRETmeasurement of the conformations
of the carboxyl-terminal helices of the e subunit during forced rotation of F1. With
regard to the amino-terminal b-sandwich moiety of the e subunit in FoF1 from
Escherichia coli, no conformational change was detected between ATP synthesis and
hydrolysis conditions [48].

10.2.3
Rotation of FoF1 or Fo

10.2.3.1 Steps in the Rotation of FoF1 driven by ATP hydrolysis
When the rotation of FoF1 from thermophilic Bacillus PS3 solubilized with a
detergent was driven by ATP hydrolysis, 80� and 40� substeps were observed [49].
Fo from thermophilic Bacillus PS3 has a subunit structure of ab2c10. The rotor c-ring
consists of 10 c subunits and has 10 times symmetry [50]. However, the smaller
substeps reflecting the structure of the c-ring (36� for c10) were not observed. This
indicates that the �friction� between the rotor and stator in Fo is not rate-limiting and
does not slow down the ATP-driven rotation.
The number of c subunits in a ring varies among species, and a total of 10, 11, 14,

and 15 subunits have been reported [50–54]. Each monomer has a single proton (or
sodium ion)-binding site, and the number of c subunits in a ring determines the
number of ions transported per turn. Since three ATPmolecules are synthesized per
turn in the F1 component, the stoichiometry of ions/ATP becomes 3.3, 3.7, 4.7, and
5.0. Therefore, except for one example, most species exhibit non-integer stoichiome-
try between ions and ATP. This non-integer ratio or symmetrymismatch between F1
and Fo may have advantage for the smooth rotation because such mismatch would
avoid the formation of deeppotentialminima. Furthermore, the importance of elastic
power transmission between F1 and Fo was suggested for the smooth rotation under
the symmetry mismatch condition [55, 56].

10.2.3.2 Ratchet versus Power Stroke as the Driving Force of Fo Rotation
In the case of F1, it is widely accepted that the conformational changes in the b
subunits coupled to the ATP hydrolysis reaction generate the torque for rotation of
the g subunit. With regard to the rotational mechanism of Fo, there are two
controversial models, namely, �power stroke� and �Brownian ratchet� [57–59]. The
power strokemodel assumes the conformational change of the c subunit in the rotor
c-ring. This model was proposed based on the result of structural analysis by
NMR [60, 61]. In the c subunit monomer from E. coli dissolved in a water/
methanol/chloroform mixed solvent, one of the two a-helices of the c subunit
swiveled relative to the other at a different pH. Based on this result, Rastogi and
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Girvin proposed that (de)protonation of the critical asparagine acid residue of the c
subunit induces the swiveling of the helix at the interface with the a subunit and
generates the torque for rotation of the entire c-ring [60].
In contrast, the Brownian ratchet model does not assume the swiveling of the c

subunit as a driving force of rotation. Instead, this model assumes the presence of a
barrier for rotation at the interface between the a subunit and c-ring. The c-ring can
overcome this barrier and rotate onlywhen the critical asparagine acid residue of the c
subunit is deprotonated. In the absence of the proton motive force, the c-ring
undergoes rotational Brownian movement [62], and the proton motive force biases
the direction of rotation by modulating the frequency of binding and release of
protons from the two aqueous phases separated by the membrane.
Recently, the power stroke model that assumes the rotation of the helix in the c

subunit has been challenged. The helix of the c subunitmonomer from thermophilic
BacillusPS3 did not swivel at a different pH [63]. Furthermore, the crystal structure of
the c-ring from Ilyobacter tartaricus (Figure 10.10) [64] didnot support the swiveling of
the carboxyl-terminal helix of the c subunit since the ion-binding site was located at
the interface of the two monomers and near the outer surface of the ring, and ions
would be transferred to and from the a subunit without swiveling. In addition, the
crystal structure of the K-ring of V-ATPase from E. hirae did not support swiveling of
the helix [65]. At present, the Brownian ratchet model is more plausible, although
critical evidence is yet to be provided.

10.2.3.3 Rotation of FoF1 Driven by the Proton Motive Force
In 2004, the rotation of FoF1 driven by the proton motive force was first detected by
Diez et al.; they measured FRET between single donor and acceptor molecules
introduced into the g subunit of F1 and the b subunit of Fo [66]. They reconstituted
FoF1 fromE. coli into a liposome and applied the protonmotive force generated by pH
transition and additional electric potential difference. This method revealed a

Figure 10.10 Structure of the c-ring of Fo from Ilyobacter tartaricus.
Among the 11 monomers that form the ring, four are shown
in red, orange, yellow, and green. Sodium ions (Naþ ) are shown
in blue.
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repetitive change in three FRET levels (H,M, and L), indicating the 120� step rotation
during ATP synthesis; this result is consistent with the very low friction of the Fo
component reported in another study [49]. The order of the threeFRET levels (L-H-M-
L)was reversedwhen the rotationwas driven byATPhydrolysis (L-M-H-L), indicating
that the rotational direction is reversed in ATP synthesis.
Although the above experiment proved that the rotation of FoF1 is driven by the

proton motive force, many issues remain to be resolved. For example, the depen-
dence of the rotational speed on the proton motive force and the composition of
nucleotides and Pi, and the conditions under which the rotational direction is
reversed have not yet been examined. Furthermore, the 80� and 40� substeps found
in the rotation drivenbyATPhydrolysis remain to be observed, and the reversibility of
the reaction schemebetweenATPhydrolysis and synthesis has not been investigated.

10.3
Perspectives

As a biological molecular machine, ATP synthase has always been a topic of interest
in basic and applied research. Although extensive analysis using single-molecule
measurements has revealed various properties of F1, many issues remain to be
resolved; these include the determination of how the three b subunits cooperate in
the ATP-driven rotation of F1, and particularly how the protonmotive force drives the
rotation of Fo and FoF1. Direct observation can provide valuable insights and needs to
be achieved as soon as possible. Structural information relating to Fo and the FoF1
complex at the atomic scale and computational study of conformational and rota-
tional dynamics are also indispensable.Manymore studies will be needed in order to
understand this splendid molecular machine.
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11
Single-molecule FRET Studies of Helicases
and Holliday Junctions
Taekjip Ha

11.1
Introduction

Singlemolecule fluorescence detection is a powerful tool for probing biological events
directly without the temporal and population averaging of conventional ensemble
studies (reviewed in [1, 2]). We are mainly using one incarnation, single-molecule
FRET (fluorescence resonance energy transfer). FRET is a spectroscopic technique for
measuring distances in the 30–80-A

�
range [3, 4]. Excitation energy of the donor is

transferred to the acceptor via an induced-dipole, induced-dipole interaction. The
efficiency of energy transfer, E, is given by (1 þ (R/R0)

6)�1 where R is the distance
between the donor and acceptor and R0 is the distance at which 50% of the energy is
transferred and is a function of the properties of the dyes. A small change in distance
between the two sites of a biological molecule where donor and acceptor are attached
can result in a sizeable change in E. Therefore, structural changes of biological
molecules or relative motion between two different molecules can be detected via
FRETchanges [5]. R0 contains a contribution from the relative orientation between the
two dyes, known as k2. It is often assumed that the dipole moments of donor and
acceptor are free to rotate in all directions, on a time scale much faster than their
radiative lifetime. In this case, a geometrical averaging of the angles yields k2¼ 2/3.
Often, conformational changes are very difficult to synchronize or occur too

infrequently to detect using ensemble FRET. smFRET (reviews in [1, 2, 6–9]) opens
up new opportunities to probe the structural changes of biological molecules in real
time. In addition, smFRET readily determines not just average conformations, but
also the distribution of distances. SmFRET is also relatively insensitive to incomplete
labeling of host molecule with donor and acceptor. Donor-only species simply show
up as a FRET¼ 0 peak while acceptor-only species are excited only very weakly if the
probes are selected with a large spectral separation. smFRET, first introduced by
us [10], has beennowwidely adoptedbymany laboratories around theworld to study a
variety of biological systems including DNA [11–18], RNA [19–31], proteins [32–40]
and large macromolecular complexes [41, 42].
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In this chapter, I will discuss two different biological systems that we have been
studying using smFRET over the last few years, the DNA unwinding enzyme,
�helicase�, and the key intermediate in DNA combination known as �Holliday
junction�.

11.2
Single-molecule FRET

FRET efficiency is given by IA/(IA þ hID) where IA is the sensitized emission
intensity of the acceptor, ID is the donor intensity, and h is a parameter representing
relative detection efficiencies and quantum yields of the two dyes, and can be
determined from photobleaching events [43]. Our data using Cy3 and Cy5 show
that h� 1. Thus E� IA/(IA þ ID) is an excellent approximation for FRET efficiency
and all our data are presented in this form. While this FRETvalue cannot be smaller
than 0 or larger than 1 in principle, in practice IA can be very small for FRET
approaching 0 and noise around the background level can make IA negative after
background subtraction, leading to calculated FRET values smaller than 0. For the
same reason FRET values larger than 1 can be obtained if it is close to 1. For this
reason our FRET histograms sometimes contain data points below 0 or above 1, but
this is simply due to a finite signal-to-noise ratio. In almost all of our studies, we do
not need absolute distance information because other control experiments can
unambiguously assign FRET values to corresponding states. For certain cases, it
can be ambiguous, evenwith control experiments, whether anobservedFRETchange
is due to distance change or the change in dipole orientations of the dyes, hence in k2.
In such cases we canmeasure polarization anisotropy of the dyes at the same time as
FRET from single molecules so that we can determine whether or not the FRET
changes are mere artifacts [44, 45]. Therefore in all of our experiments, we do not
need to convert E to distance in order to answer questions of biological interest. The
distance information can still play a supporting role to determine whether the signal
we obtain is consistent with what is known about the structural properties of the
molecules [37, 38].

11.2.1
Non-perturbative Immobilization: BSA and PEG Surfaces, and Vesicle Encapsulation

To study the dynamic changes of individual molecules over extended time periods,
molecules need to be localized in space. This is often achieved by surface immobili-
zation (Figure 11.1). An ideal surface would allow specific immobilization of nucleic
acids or proteins while rejecting non-specific adsorption. For nucleic acids studies,
we prefer to use a quartz slide coated with biotinylated BSA and streptavidin because
of the simplicity of this system. We can immobilize DNA and RNA with high
specificity (>500 : 1, compared to control experiments that exclude biotin or strepta-
vidin) and were able to faithfully reproduce their bulk solution activities [19, 20, 31].
This is likely because all three surface constituents (BSA, streptavidin and quartz) are
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negatively charged in neutral pH, repelling nucleic acids. For studies involving
proteins, BSA surfaces are too adhesive. Therefore, we developed a PEG (polyethyl-
ene glycol)-coated surface that reduces the protein adsorption to an undetectable
level [46–48]. Surface passivation using PEG, first introduced by us for single-
molecule studies [48], has now been used successfully by several other groups as
well as our own [37, 38, 41, 42, 49–56]. If a dense layer of PEG is formed on a quartz
surface (we use amino-silane coating followed by conjugation with PEG modified
with NHS-ester at one end), it forms a polymer brush that prevents protein
adsorption to the underlying surface. We incorporate a small fraction of PEG
polymers that are end-modified with biotin to facilitate the immobilization of
biotinylated macromolecules. Proteins interact specifically with DNA immobilized
to the PEG surface and their bulk solution activities are well reproduced in all the
systems we have tested [37–39, 48, 57]. We have also developed a vesicle encapsula-
tion technique that can measure conformational dynamics of biomolecules free of
surface tethering [58].

11.3
smFRET Studies of Rep Helicase

Helicases are highly efficient, processive motor proteins, which are powered by the
hydrolysis of nucleotide co-factors such as ATP. For instance, RecBCD protein can
unwind tens of thousands of base pairs in one run at a speed of �500 bps per
second [59, 60]. Most DNA helicases show directionality in DNA unwinding. Polar
binding to ssDNA and the ability to translocate uni-directionally appear to be its
origin even though the exact relation between ssDNA translocation and unwinding is
not yet clear. Helicases need to couple the conformational changes induced by ATP
binding and hydrolysis to directional motion along a DNA track and unwinding of

Figure 11.1 Three different methods of immobilizing
biomolecules for single-molecule fluorescence studies. Adapted
from [45].
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thermodynamically stable, duplex DNA. Recent crystal structures provide valuable
insights, but exactly how this is achieved is not known.
We have developed new single-molecule fluorescence assays to study various

aspects of a helicases. smFRETapproaches have already revealed many surprises in
what was considered the simplest of helicases, E. coli Rep helicase. For example, we
discovered that DNA unwinding catalyzed by Rep stalls if one of the two monomers
within the functional unit dissociates and that unwinding reinitiates only if another
protein is added to reassemble the functional unit [48]. In addition,we discovered that
a Rep monomer undergoes a series of acrobatic movements to reinitiate ssDNA
translocation when it encounters a physical blockade [38].

11.3.1
Helicase: Essential Motor Proteins on the Nucleic Acid Highway

Since its original discovery in 1976 as the �DNA unwinding enzyme� [61, 62], it has
become clear that helicases participate in virtually all cellular processes that involve
nucleic acid. This includesDNAmetabolism, such as replication, recombination and
repair, as well as RNA processing, such as ribosome assembly, RNA interference,
translation initiation and mRNA splicing [63–68]. Helicases are found in all
three kingdoms of life and are extremely numerous: 1–2% of eukaryotic genes
are helicases. Helicase studies have important biomedical implications. Several
severe human genetic diseases (Xeroderma pigmentosum, Werner�s, Bloom�s,
and Rothmund–Thomson syndromes) have been linked to mutations in heli-
cases [69–73]. In particular, Werner�s syndrome results in premature aging as well
as a high propensity to cancer. Since DNA replication and repair are fundamental to
cell growth in all organisms, an understanding of such a basic process as enzyme-
catalyzed DNAunwinding will undoubtedly have an impact on our understanding of
some cancers that result from defects in replication or repair.
The most fundamental property of all helicases is their �translocation� ability to

move along nucleic acids [74]. This translocation is powered byATPhydrolysis, hence
helicases are motor proteins. How this motor works remains a mystery. Even the
most elementary issue of the step size of translocation is not yet clear. Also unknown
is why some helicases move in one direction on ssDNA while others move in the
opposite direction. For example, Rep helicase is a 30-50 ssDNA translocase and its
DNA unwinding activity requires a 30 ssDNA tail on the DNA. Unwinding and
translocation are two defining features of helicase, but their relationship is poorly
understood. Helicase must couple its conformational changes resulting from ATP
binding and hydrolysis to its unwinding and translocation action, but exactly how
this is achieved is not known. The long-term goal of our efforts is to measure
helicase function and structural changes simultaneously to probe the core of the
structural–function relationship.
We are using E. coli Rep helicase as a model system for this type of fluorescence

study since (i) its crystal structure is known allowing the rational choice of
labeling sites [75], (ii) its structural homolog PcrA has been crystallized in a number
of different states regarding bound DNA and nucleotides [76], (iii) extensive
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biochemical information is available [63, 77–79], (iv) it can bind to DNA andmove on
DNA as a monomer [79] thus simplifying the interpretation of FRET data, and
(v) none of the five native cysteines are conserved among superfamily I helicase.
Although the crystal structures of many other helicases have been determined, most
of these do not quite fit the bill. For example, HCV NS3 [80], E. coli RecQ [81], and E.
coli RecBCD [82] have many more cysteines than Rep, some of which are highly
conserved. Hexameric ring helicases [83, 84] are more difficult to study and
interpretation of single-molecule data would be more complex because of multiple
labeling sites.

11.3.2
Single-molecule Techniques Applied to Helicase Studies

Many different single-molecule approaches have been developed to study helicase
mechanisms (see Table 11.1 for comparison of their capabilities) [85]. The first two
single-molecule studies were performed on the highly processive RecBCD via
fluorescence imaging of intercalating dyes on DNA stretched in a microfluidic
device [60] and via tethered particle assay [59] with relatively low resolution
(100–300 bp). An optical tweezers apparatus was used tomeasure RecBCD-catalyzed
DNA unwinding with 6-bp resolution [86] and NS3-catalzyed unwinding with 2-bp
resolution [87].Magnetic tweezers techniquewas used to detectUvrD-catalyzedDNA
unwinding with 10–30-bp resolution [88]. Branch migration activity of RuvAB was
measured via tethered particle assay [89] and magnetic tweezers [90, 91]. We have
detected ssDNA translocation, dsDNA unwinding, and conformational changes by
Rep with a few bp resolution using single-molecule FRET (smFRET) [37, 38, 48].
Techniques such as tethered particle assay andmicrofluidics are suitable for studying
highly processive enzymes because of their limited spatial resolution. SmFRETand
optical tweezers provide in principle the highest possible temporal (milliseconds)
and spatial (a few bps) resolution. SmFRET is relatively insensitive to themechanical
noise since it reports on the internal motions within the center of the mass frame of
the system under study. However, because the distance range that can be probed by
FRET is between approximately 2 and 8 nm, smFRETcannot be used to measure the
extended movements of a highly processive helicase. Other single molecule tech-
niques do not have such limitation on the dynamic range but because they measure
the motion in the laboratory frame; mechanical noises and thermal drift have to be

Table 11.1 Time and base-pair resolution of published single-molecule unwinding assays.

Technique Base-pair resolution Time resolution Helicase studied

Optical trap 2–6 bp 20ms RecBCD, NS3
Magnetic tweezers 10�30 bp 0.4–1.0 s UvrD, RuvAB
Tethered article assay �100 bp �0.5 s RecBCD, RuvAB
Microfluidic assay �200 bp �0.3 s RecBCD
Single-molecule FRET <5 bp 15ms Rep
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dealt with. Using the external force as an additional knob is very useful in under-
standing the mechanochemistry of motor proteins [92], but the functional para-
meters at the zero force limit can be obtained only through extrapolation because the
resolution deteriorates when the force is reduced.

11.3.3
Different Types of smFRET Approaches to Probe Helicase Mechanisms

11.3.3.1 DNA–DNA FRET
In this study [48], we detected, in real time, DNA binding of a Rep protein and Rep-
catalyzed DNA unwinding by measuring FRET between dyes attached to defined
DNA locations. The DNA was a duplex with a 30-ssDNA tail denoted as �30-tailed
DNA�. The major findings are summarized below and shown diagrammatically in
Figure 11.2.

(i) In the unwinding experiment, protein and ATP were simultaneously added to
surface-immobilized 30-tailed DNA labeled at the junction with a donor and an
acceptor. FRET, initially near 100%, drops when unwinding initiates. Complete
unwinding is seen as the total disappearance of fluorescence because the donor
strand which is not directly tethered to the surface diffuses away quickly. The
unwinding initiation rate reflects the assembly of the functional helicase unit
and exactly matched the rates determined from bulk phase kinetic studies
without dye labels or surface tethering [77].

(ii) In the binding experiment, the two dyes were attached to the extremities of the
ssDNA tail. Remarkably, the binding of a Rep monomer in the presence of ATP
was detected as a burst of FRET fluctuations and the binding saturated at 10 nM
protein concentration. In contrast, the unwinding initiation rate was linearly
dependent on protein concentration above 20 nM, strongly indicating that the
binding of another Rep monomer to a monomer-occupied DNA is the rate-
limiting step in unwinding initiation. That is, a Rep dimer is likely the active
species for unwinding.

Figure 11.2 Initiation and re-initiationof unwindingbyRep. Based
on extensive smFRET data from 30-tailed DNA tethered to a PEG
surface via biotin–streptavidin. Adapted from [48].
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(iii) Unwinding of a 40-bp duplex often paused, resulting in either DNA rezipping
(FRETrecovery) or the restart of unwinding; the latter required free proteins in
solution. We interpreted the results as unwinding stalls when a monomer
dissociates from the functional dimer. DNA rezips if the remaining monomer
also dissociates. If instead another monomer comes to the rescue, they can
form a functional dimer and continue to unwind (Figure 11.2).

11.3.3.2 Protein–DNA FRET
In a subsequent study [37], we carried out site-directed mutagenesis to create single-
cysteine Rep mutants that were fully functional both in vivo, tested through the phage
replication assay [93], and in vitro, tested by bothmultiple turnover and single turnover
unwindingwithandwithoutdye label.Weshowedthat thePEGsurfaceeliminatednon-
specific binding of labeled protein to the surface and we could detect the moment of
singleRepproteinbindingtoanimmobilized30-tailedDNAasthesuddenappearanceof
a fluorescence signal. By working with sub-nanomolar protein concentrations (KD is
about 5–10nM [48]) and with over 90% labeling efficiency, single protein binding
events were predominant and could be easily distinguished from raremultiple protein
binding events which showed higher fluorescence signal and multi-step binding and
dissociation (or photobleaching). We measured FRET from a donor on the protein to
an acceptor on the DNA junction for each of the eight single cysteine mutants in the
absence of ATP. Importantly, we obtained highly similar FRET efficiencies when the
donor and the acceptor locations were swapped or when different donors with similar
spectral properties were used. Our data confirmed the crystallographic binding orien-
tationof ssDNArelative toRepandshowed that theproteinobtainsprimarily the closed
conformationwhen it is bound to a 30-tailed DNA in solution, consistent with the PcrA
structure bound to a 30-tailed DNA [76]. This study validated the smFRET approach
using the labeled protein and laid a firm foundation for functional studies such as
DNA translocation [38] and unwinding powered by ATP hydrolysis.

11.3.3.3 Repetitive Shuttling
In a recent article [38], we showed that the 30 to 50 ssDNA translocation of a Rep
monomer can be detected as gradual change in FRET between the protein and
the DNA. ssDNA is highly flexible so FRET here is averaged over conformations of
the intervening ssDNA. Surprisingly, when the protein encountered an insurmount-
able blockade, either the dsDNA that it cannot unwind as amonomer or a streptavidin
attached to a 50-biotin, it snapped back to near the 30 end abruptly within a time
resolution of 15ms and repeated the gradual translocation followed by another
snapback and so on. This was observed in the data as the �sawtooth pattern� of the
smFRET time traces (Figure 11.3A). We termed this novel behavior �repetitive
shuttling�. Several lines of evidence strongly indicated that a single monomer was
doing the repetitive shuttling, not multiple monomers in succession [38], and
repetitive shuttling was observed over a wide range of salt concentrations and
temperature, and also on DNA with mixed sequences. The repetition period was
proportional to the tail length, insensitive to the DNA sequence, and was longer at
lowerATP concentrations.Weproposed its physicalmechanismas blockage-induced
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conformational change of the protein that enhances the affinity on its secondary
binding site for a 30 end, forming a transient ssDNA loop before snapback and
repetition of translocation (Figure 11.3B). Supporting evidence includes: (1) periodic,
transient FRET increase when the two extremities of the ssDNA are labeled with the
FRETpair, (2) no repetitive shuttling when the 50 end is free, and (3) evidence of 2B
domain closing as the protein approaches the blockage . Repetitive shuttling was also
observed on ssDNA bounded by a stalled replication fork and an Okazaki fragment
analog, a DNA structure highly relevant to the function of Rep in vivo [94, 95], and it
was shown that Rep can interfere with RecA filament formation on ssDNA. It is
possible that one of the in vivo functions of Rep is to shuttle repetitively on ssDNA
thereby keeping it free of unwanted proteins.

11.3.3.4 ssDNA Flexibility
In a separate study [13], we sought to understand the conformational properties of the
primary substrate of helicases by performing a systematic FRET study of ssDNA of
various lengths ((dT)N where N¼ 10–70) over a wide range of NaCl concentrations
(0.025–2M). FRET increasedwith decreasing length andwith increasing salt.Using a

Figure 11.3 (A) Repetitive shuttling of a Rep monomer revealed
by smFRET. (B) Physical mechanism of repetitive shuttling
involving transient loop formation via binding to the 30 end.
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Monte Carlo simulation of the worm-like chainmodel we deduced that the persistent
length of poly-dTranges from 1.5 nm in 2M NaCl to 3 nm in 25mMNaCl. We were
not able to observe any temporal changes in smFRETeven with 1ms time resolution
and therefore concluded that ssDNA conformation is rapidly averaged over a time
scale much faster than 1ms. Thus, smFRET detected during ssDNA translocation
andDNAunwindingmust report on the temporally averaged values over the range of
allowed ssDNA conformations.

11.4
SmFRET Studies of Holliday Junction

Homologous recombination is an essential process inmaintaining genomic stability
and its defects can lead to serious human diseases including cancer [96–99]. To cope
with DNA damage encountered during genome duplication, a four-way (Holliday)
junction (HJ) is formed by joining two nearly identical DNA molecules. Although
conventional ensemble tools such as gel electrophoresis, fluorescence resonance
energy transfer (FRET) [100–102], transient electric birefringence [103], chemical
probing [104–106], X-ray crystallography [107–111], atomic force microscopy [112–
114], small-angle X-ray scattering [115] and NMR [116–121] have provided crucial
insights into theHJ lifecycle,many of its dynamic aspects remain poorly understood.
We have developed smFRET assays to study the structural dynamics of the HJ.

Many of these properties are difficult to address unambiguously using conventional
ensemble techniques. Our studies provide the firm baseline for future studies on the
various enzymes that participate in homologous recombination and how their
activities are modulated by the intrinsic properties of the HJ.

11.4.1
Structure and Function of HJ

The HJ is a four-way DNA junction in which four helices are connected by the
covalent continuity of the four single strands (see Figure 11.4 for conventions used
here). The HJ structure has been extensively studied using non-migratable (i.e.
sequence prohibits branch migration) HJs built from oligonucleotides [122–124].
In the absence of divalent ions such asMg2þ , theHJ is unfolded and takes on a so-

called �open structure�, where each of the four helices points to a corner of a square
(Figure 11.4A) [101]. In physiologically relevant conditions, for instance with 1mM
Mg2þ , the HJ folds into the �antiparallel stacked-X structure� (Figure 11.4B and
C) [100, 105]. A pair of helices is stacked against each other (that is, two helices form
an essentially continuous helix, much like a regular B-DNA). For instance, helix X in
Figure 11.4B can stack with helix R forming a �super-helix� XR while helices H and
B can stack to form a super-helix HB. These super-helices can be considered as
cylinders that are arranged in anX shapewith an inter-helical angle of�60� [125–127].
An alternative stacking conformer is also possible where helix X stacks on helix R
and helix H stacks on helix B (Figure 11.4C).
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There are two alternative conformers [100, 105, 106] known as crossover isomers
(isoI and isoII, for example). The relative populations of these conformers were
determined using time-resolved FRET and NMR [121], and it was also shown that
these conformers interchange with each other [128–130]. Equilibrium populations of
the two conformers are determined by the junction sequence [105, 106, 121, 130] but
not by solution conditions [14, 131]. Therefore, it has not been possible to study the
stacking conformer transitions using bulk solution techniques which require syn-
chronization. Below, we will show that conformer transitions can be detected from
singleHJmolecules and their rates canbedeterminedunder a variety of conditions.An
important question remains as towhether a non-migratableHJ is a goodmodel system
since HJs in vivo would mostly consist of homologous sequences that allow spontane-
ous branch migration in which the branch point can hop forward and backward in a
stochastic way. Our single-molecule approaches can measure structural properties
even in a migratable junction, allowing us to tackle these issues for the first time.

11.4.2
Conformer Transitions of Non-migratable HJ

We assembled non-migratable HJs from four component strands of 22 nucleotides
each such that the four helical arms (B, H, R and X, see Figure 11.4 for nomenclature
convention) consist of 11 bp each. Three of the four helices were conjugated at the

Figure 11.4 Open- and stacked-X structure of HJ. Two folded
forms (isoI and isoII) are expected to interconvert via an
unstacked intermediate resembling the unfolded open form.
Attaching dyes andbiotin to various arms can provide information
on HJ conformations via FRET.
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50-termini by various species: for instance, helix X by Cy3 (donor), helix B by Cy5
(acceptor), and helix H by biotin (Figure 11.4). In one stacking conformer (isoI), helix
B stacks on helixH,minimizing the inter-fluorophore distance (high FRET), while in
the other conformer (isoII), helix B stacks on helix X, maximizing the distance (low
FRET). These assignments were independently verified by comparison with gel
mobility assays [105]. Three different sequences named junctions 1, 3 and 7 were
used. smFRET time records show two-state fluctuations between isoI and isoII
(Figure 11.5A). The bias between the two conformers is a function of sequence but
not of ionic conditions [14]. The conformer bias observed in smFRET experiments
(isoI over isoII for junction 1 shown in Figure 11.5B for instance) exactlymatched the
bias deduced from the gel mobility assay of unlabeled DNA. In addition, switching
the dye positions or biotin position to different arms did not change the transition
rates [131]. Therefore surface-immobilization and dye-labeling do not significantly
perturb the HJ dynamics.

Figure 11.5 (A) Single-molecule FRET time trace of junction 1.
(B) FRET efficiency histogram from 25 junction-1 molecules.
(C) The sum of the two rates (isoI to isoII and isoII to isoI) for a
variety of ionic conditions.
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The rates of conformer transitions, kI! II and kII! I, averaged over several
hundred transitions, strongly depend on the type and concentration of metal ions.
Figure 11.5C shows that (kI! II þ kII! I)) increases with de creasing metal ion
concentration for Naþ , Mg2þ and hexaminecobalt [131]. These rates were obtained
via cross-correlation analysis [31] as described in detail in the introduction to this
revised application. Higher valence ions make the transitions slower at the same
concentration. These observations suggest that the open structure, stable in the
absence of metal ions, may be an intermediate in conformer transitions. Metal ions
stabilize the stacked structures and HJ opening (or unfolding) necessary for the
conformer transitions, and tend to be less frequent at higher cation concentrations.
The characteristics of HJ conformer dynamics such as a relative bias between two
conformers are essentially the same in Mg2þ concentrations ranging from sub-
millimolar (physiological free Mg2þ level) to 50mM, except for changes in the
absolute rates.

11.4.2.1 Single-molecule Three-color FRET on HJ
Since regular smFRET cannot obtain information on more than one inter-dye
distance at a time, we developed three-color FRET using the HJ as a model
system [132]. First, an alternative acceptor (Cy5.5) was attached to the free arm of
junction 1 (helix R in Figure 11.4) so that the donor would transfer energy
alternatively to Cy5 or Cy5.5 upon conformer transitions (Figure 11.6A). With a
judicious choice of fluorescent filters and careful correction for crosstalk between

Figure 11.6 First demonstration of three-color FRET.
Conformational transitions of Holliday junction were seen as
alternating FRET to two distinct acceptors. Adapted from [132].
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detection channels, we succeed in measuring Cy5 and Cy5.5 alternatively lighting
up with identical transitions rates as measured via two-color FRET. These anti-
correlated fluctuations of FRET to Cy5 and to Cy5.5 were fully synchronized
within the 20-ms time resolution used, demonstrating that the Cy5 arm is
moving toward the Cy3 arm at the same time as the Cy5.5 arm is moving away
from the Cy3 arm. While this was not a surprising result, such a conclusion
cannot be drawn from regular two-color FRET studies. In the second experiment,
we moved the dye positions so that strong FRET to Cy5 occurs only if a parallel
conformation is populated (Figure 11.6B). The data show anti-correlated signal
fluctuations of Cy3 and Cy5.5 but no change in Cy5, proving that the parallel
conformations are not even transiently populated within the 6-ms time resolu-
tion used [132].

11.4.3
Spontaneous Branch Migration Observed with a Single Step Resolution

In a more recent study [15], we modified the central base sequence of the non-
migratable HJ, junction 7, to obtain a mono-migratable junction with two possible
branch points (Figure 11.7A). In one branch point (U) all four arms are 11 bp in
length. In the other branch point (M), the vertical arms are 12 bp long and the
horizontal arms are 10 bp long. In the presence of Mg2þ , each branch point would
have two stacking conformations; hence four different states are expected. This was
indeed confirmed from smFRET traces (Figure 11.7B). The molecule shows slow
two-state fluctuations interrupted by a brief period with much more rapid two-state
fluctuations (zoom-in shown in Figure 11.7C). In comparison, we have never
observed more than two FRET states from non-migratable junctions. In the rapid
fluctuation phase E values for the higher FRETstate are lower than those of the slow
fluctuation phase (Figure 11.7D). Since simple geometric considerations suggest that
the E in the high FRETstates should be higher for the branch pointU, we tentatively
assigned the slowlyfluctuatingmode toUand the rapidlyfluctuatingmode toM. This
assignment was confirmed by a hydroxyl radical cleavage experiment that located the
dominant branch point. This result shows that we have the FRETresolution to detect
even a single base-pair branchmigration and that multiple conformer changes occur
in each branch point before branch migration. The lifetime of each conformer
decreased at lower Mg2þ concentrations with no change in relative bias. Similar
behavior was observed from four other sequences and no parallel states were
observedwhen dyesweremoved to two opposing arms. Thus thesemono-migratable
HJs behave verymuch like non-migratableHJs when they are residing in one branch
point, implying that the migratability is only a small perturbation in the dynamic
structural properties of the HJ.
The average number of conformer transitions before a branch migration step

remained constant as we varied Mg2þ . Consequently the lifetime of each branch
point is directly proportional to the average lifetime of stacked conformerswithin that
branch point, indicating that the stability of stacked conformations, determined by
the DNA sequences, governs the branch migration kinetics. Similar observations
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Figure 11.7 Mon-migratable HJ. (A) Each of the
two brabch points (U and M) will fold into two
conformations. For this particular sequence one
branch point (U) is 20 times more populated
than the other (M) due to sequence-dependent
stability. (B) Single-molecule FRET trace shows
two phases, a slowly fluctuating phasewith a bias
to the high FRET state (U) and a rapidly
fluctuating phase without a bias (M, detail is

shown in C). (C) 50mMMg2þ was used to slow
down the reactions here but measurements at
lower concentrations showed that only the
absolute rates increased without any change in
relative populations of branch points and
conformations. (D) FREThistogramswithin slow
and rapid phases show that two branch points
have distinct FRET values for the high FRET
conformations. Adapted from [15].
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weremade from five different DNA sequences implying that the result is not specific
to a particular sequence. The bias between the two adjacent branch points can be as
high as 40-fold, a surprising result considering the number of base pairs and their
nature (GC versus ATetc.) do not change after branch migration. This suggests that
local branch migration may be much faster than previously thought, and the
ensemble estimate of the branch migration rate must be affected greatly by the
presence of ultra-stable branch points. This also raises the possibility that spontane-
ous branchmigration of a transiently protein-freeHJ in vivo can be substantial so that
these stable branch points are preferentially accessed by junction-resolving enzymes
or other recombination machinery.

11.5
Outlook

I have summarized some of the key findings from our single-molecule FRETstudies
of helicase andHolliday junction.Wewere very lucky in that previous biophysical and
biochemical studies, for example by our collaborators Tim Lohman and David Lilley,
guided the design and interpretation of our single-molecule experiments to place our
results on firm ground. Despite the extensive knowledge base previously available,
our single-molecule data provided some remarkable surprises, for example that a
helicase protein can repetitively shuttle on the same DNA segment. One immediate
extension would be to study the interaction between the helicases and Holliday
junctions. In fact,many recombination proteins that catalyze branchmigration ofHJ
are classified as helicases and it will be very interesting to investigate how the unique
properties of the HJ revealed by the single-molecule studies can influence the
activities of enzyme that recognize and act on the HJ.
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12
High-speed Atomic Force Microscopy for Nano-visualization
of Biomolecular Processes
Toshio Ando, Takayuki Uchihashi, Noriyuki Kodera, Daisuke Yamamoto,
Masaaki Taniguchi, Atsushi Miyagi, and Hayato Yamashita

12.1
Introduction

Single-molecule observations by fluorescence microscopy provide us with transla-
tional or rotational information about individual fluorescent spots emitted from
fluorophores attached to molecules. Such information is valuable for dissecting
the dynamic behavior of the labeled biomolecules at work. However, it must be
inferred from the observed fluorescent spots how the labeled molecules are in fact
behaving. In order to understand biomolecular behavior, we should directly observe
single molecules at nanometer spatial and millisecond temporal resolution.
The atomic forcemicroscope (AFM) [1]made it possible to observe the nanometer-

scale world in liquids. Although it can visualize the structure of unstained
biomolecules under physiological solution conditions, it takes minutes to get an
image, far too slow to observe dynamic biomolecular processes. This slow imaging
rate is due to the fact that AFM employs mechanical scanning to detect the sample
height at each pixel. It is quite difficult to quickly move a mechanical device of
macroscopic size with sub-nanometer accuracy without producing unwanted
vibrations. Various efforts carried out in the past decade have improved the imaging
rate of AFM (e.g. [2–8]). Current high-speedAFMcan capture images on video at�30
frames/s with a scan range of�250 nm and scan lines of�100, without significantly
disturbing weak biomolecular interactions [9]. Recent studies have demonstrated
that this new microscope can reveal biomolecular processes such as myosin
V walking along actin tracks (N. Kodera et al., unpublished data) and association/
dissociation dynamics of chaperonin GroEL-GroES that occurs in a negatively
cooperative manner (D. Yamamoto et al., unpublished data). These studies clearly
indicate that high-speed AFM has great potential to reveal how and what structural
changes in individualmolecules occurwhen exercising their physiological functions.
However, high-speed AFM technology is still immature. The imaging rate needs to
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be increased further and the tip-sample interaction force has to be reduced in order to
expand the scope of biomolecular processes towhichhigh-speedAFMcanbe applied.
Because high-speed AFM is rather new, its technical issues are not commonly

known while only a few successful imaging experiments have been performed.
Therefore, in this chapter, we focus mainly on the fundamental issues of high-speed
AFM and the various techniques involved, which will, we hope, facilitate the entry of
young researchers to this new field. In addition, some descriptions on substratum
preparations required for imaging biomolecular processes are given. Examples of
image data are also presented (video images can be seen at http://www.s.kanazawa-u.
ac.jp/phys/biophys/roadmap.htm).

12.2
AFM Set-up and Operation

A general AFM set-up is given in Figure 12.1. AFM forms an image by touching the
sample surfacewith a sharp tip attached to the free end of a soft cantilever beamwhile
the sample stage is being scanned horizontally in two dimensions. This contact
causes the cantilever to deflect. The deflection is often detected by an optical lever
method where a collimated laser beam is focused onto the cantilever and reflected
back into closely spaced photodiodes whose photocurrents are fed into a differential
amplifier. The output of the differential amplifier is proportional to the cantilever
deflection.During raster scan of the sample stage, the stage ismoved in the z-direction
to maintain a constant deflection of the cantilever (hence, a constant tip-sample

Figure 12.1 Schematic of tapping mode AFM set-up.
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interaction force), which is performed by feedback operation. The resulting three-
dimensional movement of the sample stage traces the sample surface. A computer
constructs the topography image, usually from electric signals that are used to drive
the sample stage scanner in the z-direction. In the operation mode described above,
the cantilever tip is always in contact with the sample, exerting a relatively large,
undesirable lateral force on the sample due to a large cantilever spring constant in the
lateral direction.To avoid this problem, tapping-modeAFMwas invented [10] inwhich
the cantilever is oscillated in the z-direction at (or near) its resonant frequency. The
oscillation amplitude is reduced by a repulsive interaction between the tip and sample.
The amplitude signal is generated usually by an rms-to-dc converter and ismaintained
at a constant level (set point) by feedback operation.

12.3
Imaging Rate and Feedback Bandwidth

The frame acquisition time (T) is expressed by

T ¼ 2NL=Vs ð12:1Þ
where L is the scan size, N the number of scan lines, and Vs the scan speed of the
sample stage in the x-direction. The maximum scan speed is limited by feedback
bandwidth. Suppose that the sample has a sinusoidal shape with a periodicity l.
Then, the sample stage is moved in the z-direction at a feedback frequency f (¼Vs/l )
tomaintain the cantilever�s oscillation amplitude.Due to the �chasing after� nature of
the feedback operation, there is always a time delay in the feedback loop. Feedback
bandwidth ( fB) is usually defined by the feedback frequency at which the sample
topography is traced with a 45� phase delay. For a feedback bandwidth fB, the shortest
possible frame acquisition time, Tm, is approximated by

Tm ¼ 2NL= lf B
� � ð12:2Þ

Of course, this is just a rough estimate as the very fragile samples are disrupted by
extra tip-sample interactions resulting from the 45� phase delay.
The 45� phase delay corresponds to a closed-loop time delay Dt¼ 1/(8f ). In the

feedback loop, there are various devices with finite time delays (see Figure 12.1).
In tappingmode AFM, the delaymainly consists of the time (ta) required tomeasure
the cantilever�s oscillation amplitude, the response time (tc) of the cantilever, the
response time (ts) of the z-scanner, the integral time (tI) of error signals in the
feedback controller, and the parachuting time (tp). Here, �parachuting� means that
the cantilever tip detaches completely from the sample surface at a steep down-hill
region of the sample and cannot quickly land on the surface again. The minimum ta
is given by 1/(2fc), where fc is the cantilever�s fundamental resonant frequency.
Cantilevers and the z-scanner are second-order resonant systems. Therefore tc and ts
are expressed byQc/(pfc) andQs/(pfs), respectively, where fs is the resonant frequency
of the z-scanner, andQc andQs are respectively the quality factors of the cantilever and
the z-scanner. tI and tp are functions of various parameters, of which approximate
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analytical expressions will be given later. From these quantities, and from a fact that
the closed-loop phase delay is approximately twice the open-loop phase delay
feedback bandwidth, fB, is approximately expressed by

f B ¼ af c
8

= 1þ 2Qc

p
þ 2f cQs

pf s
þ 2f cðtI þ tpÞ

� �
ð12:3Þ

where a is a factor by which the derivative operation contained in feedback control
compensates for a phase delay in the feedback loop. According to our experience,
a¼�2.8. From Equation 12.2 and the relationship Dt¼a/(8f ) (here, the compen-
sation effect is taken into consideration), we can estimate the feedback bandwidth
and the minimum time delay for a given imaging condition. For video-rate imaging
(30 frames/s) with L¼ 200 nm,N¼ 100, and l¼ 10 nm,we require fB¼ 121 kHz and
Dt¼ 2.89ms.

12.4
Feedback Operation and Parachuting

To maintain the amplitude of an oscillating cantilever at a constant level while the
sample stage is being raster-scanned in the xy-directions, the detected amplitude is
compared with the set point amplitude. Their difference (error signal) is fed to a
proportional-integral-derivative (PID) feedback controller. The PID output is fed to a
voltage amplifier to drive the z-piezoactuator. This is repeated until the error signal is
minimized. To reduce the tapping force exerted by the oscillating tip onto the sample,
the set point amplitude should be set close to the cantilever�s free oscillation
amplitude. However, under this condition, the tip tends to detach completely from
the sample surface, especially at a steep down-hill region of the sample. Once
detached, the error signal is constant (i.e. saturated at a small level) irrespective of
how far the tip is separated from the sample surface. The gain parameters of the PID
controller can be increased to reduce the parachuting time.However, such large gains
in turn produce an overshoot in an up-hill region of the sample, which promotes
parachuting around the top region of the sample and leads to instability in the
feedback operation.
As seen above, parachuting is problematic, especially for high-speed bioAFM in

which the tapping force has to beminimized.During parachuting, the information of
sample topography is completely lost. The parachuting time is a function of various
parameters such as themaximumsample-height, h0, the peak-to-peak free oscillation
amplitude, 2A0, of the cantilever, the amplitude set point, r, the cantilever�s resonant
frequency and the phase delay, j, in the feedback operation.
Let us find a condition under which parachuting occurs. When the phase of the

feedback operation is delayed by j, a cantilever tip senses the �residual sample
topography� DS(t) as a function of time. DS(t) is expressed as

DS tð Þ ¼ h0
2

sin 2pf tð Þ�sin 2pf t�jð Þ½ � ¼ h0sin
j
2
cos 2pf t�j

2

� �
ð12:4Þ
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Parachuting occurs when the maximum height of the residual topography, h0 sin
(j/2), is larger than the difference between the cantilever�s peak-to-peak free
oscillation amplitude and the set point amplitude, i.e. h0sin(j/2)> 2A0(1� r).
An analytical expression for the parachuting time has been derived [6]:

tp � tanbð Þ=b�1½ �=f c ð12:5Þ

where b is cos�1[2A0(1� r)/3h0sin(j/2)], and the feedback gain is set to a level
at which an error signal corresponding to the separation distance, 2A0(1� r),
diminishes roughly in a single period of the cantilever oscillation. For example, for
h¼ 4A0, r¼ 0.9, j¼p/4, and fc¼ 1MHz, tp is estimated to be 1.21ms, which
significantly reduces the feedback bandwidth.
The main component of PID control is integral. It is difficult to estimate

theoretically the integral time constant (tI) with which the optimum feedback control
is attained. We obtained experimentally tI¼ 4h0 sin (p/8)/A0 fc. The feedback band-
width as a function of the set point, r, and 2A0/h0 is shown in Figure 12.2.

12.5
Key Devices for High-Speed AFM

Equations 12.3 and 12.4 give us a quantitative guideline for developing a high-speed
tapping mode AFM. In order to achieve high-speed AFM, we need the following
devices and techniques: small cantilevers with a high-resonant frequency and a small
spring constant, a fast amplitude detector, a sample stage scanner with high resonant
frequencies, active damping techniques for reducing the quality factor of the scanner,
and a technique to minimize the parachuting time. In addition, we have to optimize
the optical lever method for detecting deflection of a small cantilever.

Figure 12.2 Dependence of the amplitude set point on the
feedback bandwidth of tappingmode AFM. The number attached
to each line is the ratio of the cantilever�s peak-to-peak oscillation
amplitude to the sample height. This dependence is theoretically
derived.
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12.5.1
Small Cantilevers and Related Devices

The small cantilevers that have most recently been developed by Olympus are
manufactured from silicon nitride and have dimensions of 6mm long, 2mm wide,
and 90 nm thick. The resonant frequency is 3.5MHz in air and 1.2MHz inwater, the
spring constant is about 0.2N/m, and the quality factor is 2� 3 in water. The tip has a
beak-like shape. The apex radius, �17 nm, is not small enough to produce a high-
resolution image.We usually use electron-beam-deposition (EBD) to form a sharp tip
extending from the original tip. Small pieces of naphthalene crystals are placed into a
small container, the top of which is perforated with holes of �0.1mm in diameter.
The container is placed in the scanning electronmicroscope chamber and cantilevers
are placed just above the container�s holes. The spot mode electron beam irradiates
the cantilever tip to produce a needle on the tip with a growth rate of�50 nm/s. The
EBD tip is further sharpened by plasma etching in argon gas, which reduces the apex
radius to�4 nm. Sometimes it is heated further at�600� in a vacuum to strengthen
the EBD tip. We use the optical lever system developed in 2001 [2] for detecting
deflection of a small cantilever. The previous photodiode was replaced with a four-
segmented Si PIN photodiode (3 pF, 40MHz). The photodiode amplifier has a
bandwidth of 20MHz. We also use the fast amplitude detector developed in
2001 [2]. The peak and bottom voltages of the input sinusoidal signals are held by
a sample/hold circuit for every half-oscillation cycle. Their difference is output as an
amplitude signal. The sample/hold timing signals are usually derived from the input
signals themselves. However, external signals that are synchronized with the
cantilever excitation signals can be used, which is sometimes useful for maximizing
the detection sensitivity of the tip-sample interaction. Since the amplitude signals are
produced at every half-cycle of oscillation, the amplitude read time is 0.42ms.
The cantilever�s response time is about 0.66ms in water.

12.5.2
Scanner

The scanner is the device that is most difficult to optimize for high-speed scanning.
High-speed scans of mechanical devices with macroscopic dimensions tend to
produce unwanted vibrations. Three techniques are required to minimize
unwanted vibrations: (a) a technique to suppress the impulsive forces that are
produced by quick displacement of the actuators, (b) a technique to increase
the resonant frequencies, and (c) an active damping technique to reduce the quality
factor .
Thefirst issuewas solved by a counterbalancing technique [2, 3]. For example, for a

z-scanner that moves at much higher frequencies than the x- and y-scanners, two
identical piezoactuators are placed at a supporting base in the opposite direction and
displaced simultaneously with the same length. An alternativemethod is to support a
piezoactuator at both ends with flexures. This method was recently and effectively
applied to the x- and z-scanners (unpublished data).

282j 12 High-speed Atomic Force Microscopy for Nano-visualization of Biomolecular Processes



The resonant frequency of a piezoactuator is determined almost solely by its
maximumdisplacement (in other words, by its length). However, it can be effectively
extended by an inverse compensation method as described later. The structural
resonant frequency is enhanced by the use of a compact structure and amaterial that
has a large Young�s modulus to density ratio. However, a compact structure tends to
produce interferences between the three-scan axes.Aball-guide stage [2] is one choice
for avoiding such interferences. An alternative method is to use flexures (blade
springs) that are flexible enough to be displaced but rigid enough in the directions
perpendicular to the displacement axis [11, 12]. It should be noted that the scanner
mechanics, except for piezoacutators, has to be produced bymonolithic processing in
order to minimize the number of resonant elements.
Active damping of the x- and y-scanners is easy as their scan speed is not high

and their scan waves are known beforehand. Therefore, feedforward control for
active damping can be implemented in a digital mode. The Fourier transform of
the x-scanner displacement in an isosceles triangle, X(t), with a periodicity of Tx is
given by

Fx wð Þ ¼ 2pX0
1
2
d wð Þ� 2

p2
Xþ¥

k¼�¥

1

k2
d w�kw0ð Þ

" #
ðk : oddÞ; ð12:6Þ

where X0 is the maximum displacement and w0¼ 2p/Tx. Suppose that the transfer
function, Gx(iw), of the x-scanner is experimentally measured, then, the inverse
Fourier transform of Fx(w)/Gx(iw) gives the driving signal, X 0(t), to move the
x-scanner exactly in X(t). However, in practice, we need only the first �15 terms
of Fx(w). Thus, the driving signal is expressed as

X 0 tð Þ ¼ X 0

2Gx 0ð Þ�
4X 0

p2
X29
k¼1

1

k2
1

jGx ikw0ð Þj cos kw0t�F kw0ð Þ½ � ðk : oddÞ;

ð12:7Þ
where F(w) is the phase of the transfer function Gx(iw). This feedforward damping
method works very well.
The above feedforward control method used to dampen the x-scanner cannot be

applied to the z-scanner since its scanwaves are unpredictable. The activeQ-control is
well known as an active damping technique and has been often used to control the
quality factor of cantilevers [13–16]. When this control is applied to the z-scanner, its
displacements have to be detected. However, it is difficult to do so. Kodera et al. [5]
developed a new method in which instead of detecting the displacements, output
signals from an electric circuit characterized with the same transfer function as the
z-scanner were used to dampen the z-scanner. With this technique, we achieved a
bandwidth of 150 kHz and a quality factor of 0.5, which resulted in a response time of
1.1ms.Thismethodworkedwell foraz-scannerwithasimple transfer functionbutnot
foronewithmultipleresonantpeaks.Foractivedamping,analternativemethodcanbe
used.Thez-scanner isdriventhroughacircuitwithatransfer function1/G(s),whereG
(s) is the transfer function of the z-scanner. However, for a complicated G(s), it is very
difficult to design an electric circuit characterized by 1/G(s). Instead, we invented a
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circuit that can automatically produce a transfer function that is approximately the
same as the inverse transfer function of a given transfer function [9, 17]. This
approximation becomes better with the use of operational amplifiers having higher
bandwidths. This method works not only for reducing the quality factor but also for
extending theapparent resonant frequency, so longas thedriver for thepiezoactuators
has enough gain at high frequencies. Using thismethod and holding a piezoactuator
(resonant frequency, 370 kHz) at its corners,weachievedabandwidthof 500 kHz for a
z-scanner which can be maximally displaced by 1mm (unpublished data).

12.5.3
Dynamic PID Control

Various efforts have beenmade to increase the AFM scan speed. However, not much
attention has been directed towards reducing the tip-sample interaction force. This
reduction is quite important forbiologicalAFMimaging.Themost ideal scheme is the
use of non-contact AFM (nc-AFM) but, to date, high-speed nc-AFM has not been
exploited.Itisunknownifthehigh-speedandnon-contactconditionscanreconcilewith
eachother.Wediscussthismatter later.Thereareseveralmethodstoreducetheforce in
tapping mode: (a) using softer cantilevers, (b) enhancing the quality factor of small
cantilevers, (c) using a shallower amplitude set point (i.e. r is close to 1) . However,
none of these methods appear compatible with high-speed scanning. Softer
cantilevers can be obtained only by sacrificing the resonant frequency. The most
advanced small cantilevers developed seem to have reached their limit in balancing
high resonant frequency with a small spring constant. Although the tapping force
decreases with increasing Q in the cantilever so too does its response speed.
The last possibility, a shallower amplitude set point, promotes �parachuting�

during which the error signal is saturated at 2A0(1� r), and therefore, the parachut-
ing time is prolonged with increasing r, resulting in decrease in the feedback
bandwidth. This difficult issue was resolved by the invention of a new PID controller
known as a �dynamic PID controller� whose gains were automatically changed
depending on the cantilever�s oscillation amplitude [6]. Briefly, a threshold level is set
between the peak-to-peak free oscillation amplitude, 2A0, and the set point amplitude,
2A0r. When the cantilever oscillation amplitude exceeds this threshold level, the
feedback gain is increased, which either shortens the parachuting time or avoids it
entirely. The dynamic PID controller can avoid parachuting in fact even when r is
increased to�0.9. Therefore, the feedback bandwidth becomes almost independent
of r so long as r is set at less than�0.9 (Figure 12.3). Thus, high-speed scanning and
gentle handling of the sample do not necessarily conflict.

12.6
Bioimaging

Various attempts to capture biological processes have been made in order to test
high-speed AFM. Imaging studies have also been undertaken to establish

284j 12 High-speed Atomic Force Microscopy for Nano-visualization of Biomolecular Processes



sample and substratum preparation methods necessary to image biomolecular
processes. These efforts have steadily improved the quality of captured images,
the imaging rate, and the magnitude of the tip-sample interaction force. Imaging
experiments performed most recently captured dynamic protein–protein inter-
actions on video with an imaging performance capable of revealing molecular
mechanisms. We describe below some imaging experiments in chronological
order.
In 2001, we reported the first image data successively captured at 80ms/frame.

The sample was myosin V weakly attached to a mica surface in a solution containing
ATP [2]. Although the images were noisy, the swinging-lever-like movement was
visible. Since the ATPase rate of myosin V in the absence of ATP is low, this
movement was not observed repeatedly, which made interpretation of the data
inconclusive. Soon after, we attempted to observe the gliding movement of actin
filaments on a myosin V-coated surface. However, actin filaments did not appear in
the scanning region. The reason was that actin filaments were easily detached from
anchored myosin V by the scanning cantilever tip. In 2002, we developed a method
to combine UV-flash photolysis of caged-compounds with high-speed AFM. A
strong UV-flash bent a cantilever significantly, resulting in a strong impact between
the tip and the substratum and hence damaging the tip. Therefore, many flashes of
attenuated UV were applied while the sample stage was being scanned in �y-return�
after its slight withdrawal from the cantilever in the z-direction. We applied this
method to observe conformational changes in myosin V that occurred synchro-
nously with UV irradiation. Because of the synchronicity, the observed changes can
be interpreted as those really induced by ATP binding. In fact, immediately after UV
irradiation, the head portion bent around the head–neck junction and returned to its
original straight form (Figure 12.4a). This technique was also applied to the

Figure 12.3 Effect of dynamic PID control on the feedback
bandwidth of tappingmode AFM. These data were experimentally
obtained. Solid lines: a conventional PID controller was used;
broken lines: a dynamic PID controller was used. The solid-line
curves and the dotted-line curves are aligned from top to bottom
according to the ratios 2A0/h0¼ 5, 2, 1, and 0.5. A z-scanner with a
bandwidth of 150 kHz was used.
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observation of GroES binding to GroEL. In this observation, GroEL was densely
coated onto a mica surface in an end-up orientation with GroES floating in an
ATP-contained solution. We were able to observe GroES binding immediately after
UV flashes (Figure 12.4b).
In 2003, we developed the first version of the dynamic PID controller to reduce

the tapping force. Using this controller, we imaged at 0.5 s/frame unidirectional
movement of a chimera kinesin along a microtubule in an ATP-containing
solution [18]. For this kinesin, the C-terminal tail ends were replaced with gelosolin
to avoid strong attachment of its intrinsic tail ends to the mica surface. The observed
kinesin moved unidirectionally along a microtubule while attaching weakly to the
mica surface (Figure 12.4c). Kinesin moving along a microtubule without touching
the mica surface was not observed. This is because tip-sample interaction was still
too strong even when applying the first version of our dynamic PID controller.
The tip removed kinesin attached only to the microtubules. In the absence of the

Figure 12.4 Various biological processes
captured by high-speed AFM. The number
attached to each image indicates the frame
number (F#). (a) Myosin V head bending upon
UV-flash photolysis of caged ATP. F#86: before
UV flash; F#87–105: after UV flash. Scale bar,
30 nm; imaging rate, 80ms/frame. (b) GroES
binding to GroEL upon UV-flash photolysis of
cagedATP. F#11: beforeUV flash; F#13: after the

first UV flash; F#22: after the second UV
flash. Scale bar, 100 nm; imaging rate, 1 s/frame.
(c) Movement of kinesin–gelsolin along a
microtubule. Arrow heads indicate
kinesin–gelsolin. Scale bar, 100 nm; imaging
rate, 0.64 s/frame. (d) Actin filaments gliding
over a surface that is densely coated with myosin
V. Scale bar, 200 nm; imaging rate, 1 s/frame.
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dynamic PID controller, microtubules were destroyed. Similar results were seen
with actin and myosin. With the dynamic PID control, actin filaments gliding on a
mica surface densely coated with myosin V were captured on video
(Figure 12.4d) [4, 12], whereas a low myosin V density resulted in minimal
observation of the gliding movement.
With an improved dynamic PID controller together with a newly-developed

optical deflection sensor with low noise, the set point could be set at >0.9 and
thus actin filaments gliding on a surface sparsely coated with myosin V were
successfully imaged [4, 12]. By chance, a short actin filament entered the observed
region. Its entire length was within the region allowing all myosin V molecules
interacting with this filament to be identified. The interacting myosin V heads were
oriented in one direction, similar to the well-known arrow-head structure in
muscles. From this oriented structure, the polarity of the actin filament was
identified. The filament moved towards the minus (pointed) end, which was the
natural direction (Figure 12.5). However, conformational changes in the interacting
myosin V heads were not evident during the unidirectional movement of the
filament.
Recently, a prototype high-speed AFM, an improved version of our first

design [2, 3], has become commercially available (Nano Live Vision�manufactured
by Olympus and distributed by RIBM). Its users recently filmed the ATP-

Figure 12.5 Three-dimensional images of actin filament sliding
movement captured by high-speed AFM. The number on each
image indicates the frame number. Scale bar 30 nm, imaging rate,
180ms/frame.
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dependent binding of GroES to GroEL immobilized onto a mica surface in an end-
up orientation [19]. Additionally, they observed the formation and dissociation
of a streptavidin-biotinylated DNA complex [20] and the one-dimensional
diffusion of a restriction enzyme along a DNA strand followed by DNA
cleavage [21].
The dynamic processes mentioned above were already known or expected from a

series of biochemical and biophysical studies, meaning these filmed images did not
offer extremely new insights into the respective molecular mechanisms. Neverthe-
less, because this technique is new and unproven, known or expected biological
processes need to be confirmed by high-speed AFM imaging before applying the
technique to broader studies. In addition, techniques to prepare samples and
substrates for their attachment need to be developed. These are often different from
their static imaging counterparts. Upon proving its utility for known molecular
processes, high-speed AFM will become a reliable tool for unexplored biological
processes.
Using high-speed AFM, we have been seeking to image single myosin V

molecules walking along actin filaments. Single myosin V molecules move proces-
sively along actin tracks [22]. The hand-over-hand walking of myosin V is already
established [23–26] but its detailed behavior is still unknown. For AFM studies, the
myosin V tail was removed by digestion [27] because it tended to attach to the mica
surface. However, in a low ionic solution, the truncated myosin V (HMM) still
tended to attach to the mica surface. Therefore, we elevated the ionic strength,
although this lowered the myosin V affinity for actin. Due to the weak affinity, the
oscillating cantilever tip with the usual free amplitude (�5 nm) disturbed the
actin–myosin V interaction. Therefore, we reduced the free amplitude to �1 nm,
sacrificing the feedback bandwidth. Under these conditions, we successfully
captured the walking movement of myosin V on video at 0.1 s/frame and
observed that during the process the leading and trailing heads altered their
positions with a walking stride of �72 nm (N. Kodera et al., unpublished data).
However, some level of myosin V affinity for the mica surface still remained in
the high-ionic solution. Its affinity acted as a mechanical load against myosin V
walking, and therefore, reduced the probability of observing myosin V moving
processively.
We have also been seeking to image GroEL–GroES interaction dynamics in an

ATP-containing solution where biotinylated GroEL [28] is immobilized on strepta-
vidin 2D-crystal sheets in a side-on orientation. Due to this orientation, both the
GroEL rings were accessible to GroES floating in the solution. Because floating
GroES did not interfere with imaging, a high concentration of GroES could be used,
in contrast to the situation with single-molecule fluorescence microscopy.
The negative cooperativity between the two GroEL rings (e.g. [29]) was confirmed.
GroEL alternated its rings between the GroES-associated and -dissociated states.
However, interestingly, releasing one GroES-associated complex and forming
another did not necessarily occur simultaneously. Two controversial intermediates
(e.g. [30]), bare GroEL and GroEL–(GroES)2, were detected just prior to the switching
(D. Yamamoto et al., unpublished data).
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12.7
Other Type of Imaging

12.7.1
Phase-contrast Imaging

Tappingmode AFM (also known as amplitude-modulation AFM (AM-AFM)) has the
capability of imaging compositional variations in heterogeneous surfaces in addition
to surface topography [31–33]. The phase difference between the excitation signal and
the cantilever oscillation is affected by several surface properties. With energy-
conservative tip-sample interaction, the resonant frequency shifts by approximately
�0.5kfc/kc. The frequency shift results in a phase shift as the excitation frequency is
fixed. For a given frequency shift, the phase shift increases withQ.With conventional
cantilevers, the frequency shift is generally around 50Hz. Therefore, phase-contrast
imaging had been possible only with a large Q (hence only at a low imaging-rate).
Because the ratio fc/kcwith themost advanced small cantilevers is�1000 times larger
than that with conventional cantilevers, we can expect a large shift of �50 kHz.
Therefore, even with a smallQ, a relatively large phase shift occurs. Thus, we do not
need to detect the phase shift using very sensitive yet slow phase detectors such as
lock-in amplifiers. In order to explore the possibility of high-speed phase-contrast
imaging, a fast phase detector was developed by Uchihashi et al. [34] based on a
previous design [35]. This can detect phase shifts within a single oscillation cycle and
importantly at any time within a cycle. Images of styrene-butadiene-styrene block
copolymerfilms having different contrastswere obtained in liquids depending on the
detection timing within the oscillation cycle. Remarkably, this phase imaging
was carried out at �80ms/frame (Figure 12.6) [34]. This new technique for

Figure 12.6 High-speed phase-contrast imaging. (a) Topography
image (left) and phase contrast image (right) of a commercial test
sample captured simultaneously at an imaging rate of 78ms/
frame. The nature of the sample is unknown. Scale bar, 100 nm.
(b) Phase contrast imageofGroEL attached to amica surface in an
end-up orientation. Scale bar, 10 nm; imaging rate, 0.5 s/frame.
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phase-contrast imaging will allow us to study dynamic changes in the physicochemi-
cal nature of protein molecules in action.

12.7.2
Recognition Imaging

By attaching to the cantilever tip a molecule that binds specifically to complementary
molecules contained in a multi-component sample, phase-contrast imaging can
reveal the arrangement of specific molecules in the sample. However, to date the
studies for this type of recognition imaging is minimal. Hinterdorfer and his
colleagues recently developed a recognition imaging technique using a different
approach [36, 37]. A cantilever tip that is functionalized with a probe molecule
through a flexible short-linker is oscillated at a frequency below resonance.
Its oscillation is split into lower and upper components. The lower-component
oscillation signals reflect the repulsive tip-sample interaction and provide topography
images. The upper-component signals reflect the association events between
the probe molecule and its counterpart and provide recognition images. Thus,
topographic and recognition images can be obtained simultaneously, which has
been demonstrated with systems such as antibody–antigen and biotin–avidin. This
method is very useful to identify locations of specific molecules in the topography
image of a multi-component sample.

12.8
Substratum

The choice of the substratum on which a sample is placed is very important for AFM
observation of biomolecular processes. Preparations of substrata with very low
roughness have been explored extensively for observing still images by AFM.
However, these preparations have been devised to attach samples firmly onto them
and are therefore inapplicable for studying biomolecular processes. For our interests,
various properties are required for a substratum including (a) appropriate
binding affinity for the sample, which ensures the retention of its physiological
function, (b) selective attachment of a specific component in a multi-component
sample, (c) attachment ofmolecules in a desired orientation.Mica (naturalmuscovite
or synthetic fluorophlogopite) has been frequently used as a source substratum
because its surface is flat at the atomic level over a large area . It has net negative
charges and is therefore quite hydrophilic. Bare mica surfaces adsorb various
proteins by electrostatic interaction. Except for some cases (such as GroEL attach-
ment in an end-up orientation), its binding orientation is not unique, meaning that
selective attachment of a specific species cannot be expected. Furthermore, its use
sometimes compromises the sample.
If possible, it is best to have a surface to which the sample never attaches. Thus,

the surface can be modified so that only a specific species of molecule attaches
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through a linker in a desired orientation. Amembrane surfacewith zwitterionic polar
head groups such as phosphatidyl choline (PC) and phosphatidyl ethanolamine (PE)
is known to resist protein adsorption (e.g. [38, 39]). Streptavidin is also useful for
specific attachment of biotinylated protein because it also resists non-specific protein
adsorption. Mica surface-supported planar lipid bilayers [40] can be easily formed
from liposomes because their strong hydrophilic interaction disrupts the lipo-
somes [41]. Various lipids with functional groups that are attached to polar groups
(e.g. biotin attached to PE; Ni-NTA attached to PS) are available and can be used to
accomplish the specific attachment of proteins labeled with biotin or his-tags to
planar lipid bilayers. DOPC lipids are useful for preparing streptavidin 2D crystals
when used together with biotinylated lipids [42, 43]. These lipids contain an
unsaturated hydrocarbon on each of the two alkyl chains, which causes bending
of the chains, and therefore weakens the interaction between neighboring DOPCs.
This weak interaction lowers its phase-transition temperature to ��20�C, which
affords a large fluidity to the planar bilayer at room temperature and thus facilitates
2D-crystal formation of streptavidin (Figure 12.7a). The densely packed streptavidin
does not diffuse easily. If less diffusion is necessary, the packed streptavidin can
be crosslinked with glutaraldehyde, which does not affect its ability to bind to biotin.
We used this surface for the selective attachment of biotinylated GroEL in a side-on
orientation. DPPC contains no unsaturated hydrocarbons in the alkyl chains,
therefore its phase-transition temperature is high (�41 �C) making DPPC appropri-
ate for preparing planar bilayerswith a lowfluidity. For example, whenplanar bilayers
are formedwithDPPCat a high temperature (�60 �C) togetherwith a certain fraction
of DPPE–biotin, streptavidin that is sparsely attached to the surface barely diffuses at
room temperature (Figure 12.7b). When DOPE–biotin is used together with DPPC,
the sparsely attached streptavidin diffuses at a moderate speed (Figure 12.7c).

12.9
Future Prospects

High-speed AFM imaging studies are a nascent field. Therefore, the number of
researchers and imaging data that have been successfully captured on video are quite
limited. However, it seems very certain that this newmicroscopy will be used widely
in the biological sciences. High-speed AFM will become commercially available
probably in 3–5 years. Presently, though, the force exerted between the oscillating tip
and sample is barely able to preserve weak protein–protein associations. Moreover,
the imaging rate is not high enough to study fast biological processes. For high-speed
AFM to become truly useful for a wide variety of biological systems, reduction in the
force and increase in the imaging rate are essential.
How much better can the imaging rate and tip-sample interaction force be? The

cantilever is the factor limiting both requirements. Generally, to improve the
resonant frequency the rigidity must be compromised and vice versa. High-speed
nc-AFMwill allow the use ofmore rigid cantilevers with higher resonant frequencies
without concerns about disrupting delicate samples. It also has the potential to image
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dynamic nanostructures on living cells, currently an impossible task due to the
extremely soft nature of living cell membranes. To date, nc-AFM has been realized
only in a vacuum where cantilevers can have a large Q. However, the cantilever�s
response speed decreases with increasingQ. Therefore, it is incompatible with high-
speed imaging. We require a non-contact condition that is compatible with canti-
levers having a small Q. Although still unproven, one possibility is the use of
ultrasonic interference between the cantilever tip and the sample by exciting them
ultrasonically at different frequencies f1 and f2 (f1, f2� fc). The difference, |f1� f2|, is
set close to the cantilever�s resonant frequency. This configuration (Figure 12.8) is
the same as that employed for scanning near-field ultrasound holography (SNFUH)
that has recently been developed for high-resolution sub-surface imaging [44].

Figure 12.7 Streptavidin on mica-supported planar lipid bilayers.
(a) Streptavidin 2D crystals formed on bilayers of
DOPC þ DOPE–biotin. Scale bar, 30 nm. (b) Streptavidin on
bilayers of DPPC þ DPPE–biotin. Scale bar, 40 nm; imaging rate,
0.18 s/frame. (c) Streptavidin on bilayers of
DPPC þ DOPE–biotin. Scale bar, 40 nm; imaging rate,
0.18 s/frame.
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When the sample in a solution consists only of protein molecules attached to a
uniform substratum, the wave-front of the ultrasound propagated through the
substratum may trace the sample topography. This wave front can probably be
detected by the cantilever tip, which is close to but not in contact with the sample
surface.
A second possibility for high-speed, non-contact imaging may derive from ion-

conductance scanning probe microscopy (ICSPM), which has already satisfied the
non-contact condition [45]. Due to the progress in fabrication techniques to produce
very sharp glass capillaries with a small pore at the end, the spatial resolution has
reached a few nm [46]. Immobile protein molecules of �14 nm on living cell
membranes have been successfully imaged [47]. However, in order to materialize
high-speed ICSPM, we need to find a method to increase the bandwidth of ion-
conductance detection because ionic currents through a small pore are very low.
Is high-speed recognition imaging even possible? The effective concentration of a

probemolecule attached to a cantilever tip depends on the tether length.With a tether
length of 2 nm, the concentration becomes �50mM, which is high enough for the
association reaction to take place in 20ms for a system with a typical association rate
constant of 1� 106M�1 s�1. This suggests that recognition imaging at a moderate
rate (�0.1 s/frame) is possible, so long as the cantilever oscillation amplitude is small.
At present, wehave no technology that allows us to study the structural dynamics of

intracellular organelles at high spatial and temporal resolution. Recently, a far-field
fluorescence imaging technique (STED microscopy) with diffraction-unlimited
resolution has been developed based on stimulated emission depletion of fluor-
ophores [48, 49]. Its high spatial resolution has been demonstrated by resolving the
arrangements of densely packed 40-nm beads and supramolecular aggregates in a
cell membrane. However, it is unlikely that this new microscopy will attain a high
temporal resolution without sacrificing the spatial resolution because of the limited
number of photons collected in a short time bin. The recently demonstrated

Figure 12.8 Schematic of proposed high-speed
ncAFM set-up. Ultrasonic waves are launched
from the bottom of the sample as well as from
the cantilever. The frequencies, f1 and f2, are
much higher than the fundamental resonant
frequency, fc, of the cantilever, and their
difference, Df� | f1� f2|, is similar to fc. The two

ultrasonic waves interfere with each other and
produce acoustic waves with a frequency of Df,
which excites the cantilever. The wave front of
ultrasonic waves with frequency f1, is formed at
the sample surface and sensed by the cantilever
which is not in contact with the surface but is
close to it.
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intracellular imaging by SNFUH [44] may be a possibility for 3D imaging of
intracellular structures at high spatial and temporal resolution. It seems easy to
combine SNFUHwith the high-speed scanning techniques developed so far. It is still
unclear whether this new imaging mode has the necessary resolution in the z-
direction. However, the images obtained with ultrasonic waves launched at different
angles should contain information along the z-axis. Therefore, there may be a
method to reconstitute a 3D image from multiple images obtained using different
launching angles.
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13
Force-clamp Spectroscopy of Single Proteins
Lorna Dougan, Jasna Brujic, and Julio M. Fernandez

13.1
Introduction

On a fundamental level, in order to investigate the properties of any physical system,
from crystalline materials to glasses and even single molecules, the system needs to
be perturbed and its response subsequently observed over time. The resulting
relaxation phenomena carry the most important information about the intrinsic
properties of the system. In our experiments, we use mechanical force to drive the
systemandobserve the end-to-end length of a protein in response to the perturbation.
In response to an applied stretching force, a wide variety of proteins are known to
unfold and refold [1]. Since force is present in many biomechanical processes, it is a
natural variable for probing the protein�s physical properties and even further, its
energy landscape [2]. For example, the biological activity of proteins is closely
connected to their mechanical properties, particularly in proteins with a mechanical
function, such as the immunoglobulin andfibronectin-likemodules found inmuscle
fibers [3]. It is therefore probable that forced unfolding of proteins occurs in vivo, for
example in the extension of titin [4, 5] and during the action of chaperones [6–8].
While it is clear that living organisms and their components are precisely adapted to
mechanical environments by evolution, the mechanisms of supporting stress on the
microscopic scale are less well understood due to the complexity of the systems.
By contrast, in bulk biochemistry experiments, folded proteins are typically per-

turbedout of their native states by a variety of denaturants, including chemicals such as
urea and/or large temperature changes. Unlike mechanical forces, these denaturants
do not occur naturally in biological settings. Bulk experiments measure the average
rates of the unfolding or refolding reactions from an ensemble of molecules. In these
conventional experiments the pathways are averaged out in the ensemble andmodeled
by simple two-state reactions, such that the details of the underlying energy landscape
are smeared out. An important consideration when investigating protein unfolding
and refolding is the reaction coordinate along which the measurements are taken and
interpreted. Molecules undergoing thermal or chemical bulk denaturation explore a
wide range of unfolded, molten globule structures without a well-defined reaction

Single Molecule Dynamics in Life Science. Edited by T. Yanagida and Y. Ishii
Copyright � 2009 WILEY-VCH Verlag GmbH & Co. KGaA, Weinheim
ISBN: 978-3-527-31288-7

j297



coordinate, but are nevertheless close in size (radius of gyration) to the native states of
the protein. The native contacts therefore remain relatively close to one another, which
may explain the apparent two-state cooperativity in the folding reactions in bulk
biochemistry experiments. Since both thermal and chemical perturbations drive the
proteins to very different initial unfolded states, it is difficult to examine the diversity of
folding reactions. Interestingly, even in the bulk some experiments have broadly
characterized the heterogeneity of the protein landscape, revealing that different
pathways become dominant depending on the folding conditions [9–18]. What is still
lacking is a consideration of the microscopic unfolding and refolding pathways under
the sameexternal conditions toprobe thedynamicdiversity of the states exploredby the
same protein. Single-molecule AFM techniques are used to apply a denaturing force
along a well-defined reaction coordinate (end-to-end length) driving proteins to a fully
extended unfolded state. This level of control allows us to examine statistically the
folding pathways of the protein in question.
It should be noted that there is already a body of single-molecule literature showing

evidence of dynamic disorder onmultiple timescales that is explored by proteins and
enzymes in solution in their native states [19–23]. These results are obtained using
fluorescence and infrared spectroscopy to investigate the conformational changes of
the individualmolecules over time, or the activity in enzymes. The observed complex
kinetics are signatures of multiple energy minima in the protein landscape, corre-
sponding to slightly different conformational sub-states of the molecule. The details
of the energy fluctuations in the landscape can therefore be determined by following
each individual reaction by single-molecule experimentation and performing a
statistical analysis of the obtained distributions [24–29].
In this chapter we first introduce the technique of force spectroscopy AFM and

the single-molecule fingerprint achieved using polyprotein engineering. We then
present the recently developed constant force mode of the AFM (force-clamp
spectroscopy) as a tool to explore the force-dependent protein unfolding kinetics in
Section 13.3. A novel statistical analysis of such force-clamp data reveals deviations
from two-state kinetics and is discussed in terms of a disordered free energy
landscape in Section 13.4. Using this insightful technique in Section 13.5 we next
present protein refolding trajectories that reveal the complexity in the folding
pathways explored under a stretching force. We relate these results to simplistic
physical models of protein folding and uncover the need for the development ofmore
sophisticated theoretical frameworks for the understanding of this important process.
Finally, we expand the capabilities of the force-clamp technique to observe individual
chemical reactions in a single protein in Section 13.6, revealing both the effect of force
on chemical kinetics as well as the structure of the reaction transition state.

13.2
Single-protein AFM Techniques

The advent of single-protein Atomic Force Microscopy (AFM) techniques combined
with protein engineering techniques has made it possible, for the first time, to
examine the mechanical properties of both native and engineered tandem modular
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Figure 13.1 Construction of 10FNIII fibronectin
polyprotein. (A) Agarose gel stained with
ethidium bromide showing cDNAs of the
digestedmonomer construct (10FNIII-I27) in the
first lane, the dimer in the second lane
(10FNIII-I27)2 and the tetramer in the third lane

(10FNIII-I27)4. The top band always shows the
pT7 Blue vector. The last lane shows the size
standard. (B) Diagram of the b-sandwich
structure of the 10FNIII fibronectin module.
(C) Schematic representation of the final
polyprotein (10FNIII-I27)4.

proteins. Thefirst force spectroscopyAFMexperimentswere performedusing single
proteins [30], however, these experiments lacked anyfingerprint for an unambiguous
unfolding event. This problem was solved by ligating multiple copies of a single
protein module and expressing the resultant gene in bacteria (Figure 13.1). The
engineering of proteins made from tandem repeats of an identical module, poly-
proteins, has then permitted a module-by-module investigation of the mechanical
properties of native proteins. Polyproteins provide a consistent fingerprint, which
then allows us to identify the molecule of interest from other background interac-
tions [31]. Furthermore, the construction of engineered polyproteins makes it
possible to carry out extensive mutagenesis experiments [32–34]. More recently, a
simpler approach has been demonstrated where pairs of cysteine residues are
introduced by mutagenesis at various locations throughout the protein structure,
thereafter, polyproteins are simply obtained through the spontaneous oxidation of
the cysteine residues between protein monomers [35, 36]. There are many modular
proteins that perform their function in tandem, such as the immunoglobulin
modules in the muscle protein titin [37] or multiple ubiquitin modules in protein
degradation [38].While the use of polyproteins over the past 8 years has permitted the
rapid development of single-protein AFM techniques, their use is not without
controversy [39–42] and ideally, the single-protein AFM techniques will evolve to
a point where the use of protein monomers can be reliably recorded.

13.2.1
Force-extension Spectroscopy

In a force extension experiment a single polyprotein is stretched between the tip of a
cantilever and a flat substrate (gold) that is mounted on a piezoelectric positioner
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(Figure 13.2A). As the distance between the tip and substrate increases with constant
velocity, extension of the molecule generates a restoring force that is measured from
the deflection of a pre-calibrated cantilever. This system allows spatial manipulation
of less than a nanometer and can measure forces of only a few picoNewtons up to
hundreds of picoNewtons.
The resulting force-extension curve of a polyprotein has the characteristic appear-

ance of a saw-tooth pattern (Figure 13.2B). This pattern results from the sequential
extension and unfolding of the proteinmodules, which serves as a fingerprint for the
individual single molecules. The peak force reached before an unfolding event
measures the mechanical stability of the protein module, while the spacing between
peaks is a measure of the increased contour length of the protein as it unfolds. The
saw-tooth pattern is described by the worm-like chain (WLC) model of polymer
elasticity, although it is unlikely that this simple polymer picture applies to proteins.
This model expresses the relationship between the force and extension of a protein
using two fitting parameters: its persistence length (protein stiffness) and its contour
length (maximum end-to-end length).
Force-extension experiments have been used extensively in probing the mechani-

cal behavior of many different proteins and have begun to challenge some of the
simplified thermodynamic descriptions of proteins obtained from bulk experiments
that are prevalent in the literature [1, 33, 34, 43–53]. However, force-extension
experiments lack the ability to accurately measure force-dependent parameters since
the force varies dynamically throughout the experiment. Computational studies have
served as an important guide to the experiments, and have made significant
contributions to our understanding of protein folding [49, 54–62]. Nevertheless,
there was a need to develop an experimental tool which could probe force-dependent
parameters. The development of a new force spectroscopy technique in which the
force can be kept constant was crucial to gain real insight into the folding process in
proteins. Therefore, in this chapter, we have focused on the force-clamp technique
and highlighted some of the key breakthroughs it has allowed in our understanding
of the physics and chemistry of protein folding.

13.2.2
Force-clamp Spectroscopy

In force-clamp spectroscopy a single proteinmolecule is held at a constant stretching
force, such that the unfolding and refolding processes can be observed as a function
of time [28, 50]. The cantilever is kept at a constant deflection (force) for a few seconds
with a feedback response time of 4–6ms. Stretching a polyprotein at a high constant
force results in a well-defined series of step increases in length, marking the
unfolding and extension of individual modules in the chain (Figure 13.2C). The
size of the observed steps is directly correlated to the number of amino acids released
by each unfolding event, which corresponds to 20 nm in the case of ubiquitin at a
constant force of 100 pN (Figure 13.3A). The observed staircase therefore serves as a
fingerprint of the single molecule. The cantilever picks up molecules at random
points on the surface, such that the number of modules in the chain, N, exposed to
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Figure 13.2 Twomodes of single-molecule force
spectroscopy. (A) A simplified diagram of the
AFM, showing the laser beam reflecting on the
cantilever, to a photodiode detector. The
photodiode signal is calibrated in picoNewtons
of force. A polyprotein is pulled at constant
velocity by means of a piezoelectric actuator the
increasing pulling force triggers the unfolding of
a module. Continued pulling repeats the cycle

resulting in a force-extension curve (B) with a
characteristic �sawtooth pattern�. (C) When
pulling is done under feedback, the piezoelectric
actuator abruptly adjusts the extension of the
polyprotein to keep the pulling force at a constant
value (force-clamp). Unfolding now results in a
staircase-like elongation of the protein as a
function of time.
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force can be anything up to the engineered protein length (N¼ 12), resulting in a
number of unfolding trajectories (Figure 13.3B). An ensemble of such trajectories
allows for accurate investigation of the force and time dependency of protein
unfolding, independent of the length of the chain.
Averaging a few unfolding trajectories provides a measure of the unfolding

probability as a function of time for each stretching force (Figure 13.3C) which can
be approximated by a single exponential fit analogous to bulk measurements.
Moreover, the linear relationship observed in the semi-logarithmic plot of the unfold-

Figure 13.3 Unfolding of a ubiquitin polyprotein
at a constant stretching force. (A) A typical length
versus time recording (red trace) obtained by
stretching a ubiquitin polyprotein at a constant
force of 110 pN. The polyprotein elongates in
steps of 20 nm, marking the unfolding of
individual ubiquitins in the chain. The dwell time
(Dtk) of each unfolding event of order k
(numbered 1–7 in this example) can be
accurately measured. (B) Unfolding trajectories
over time for protein chains of different lengths,
N, at constant force. In a stochastic process, the
dwell times on average depend on the total
number ofmodules in the chain and on the order
k in the sequence. (C) Averaging andnormalizing

several trajectories such as those in B, at each of
the three forces shown, gives the overall
probability of unfolding as a function of time
(black traces), independent of protein length.
The blue lines correspond to single exponential
fits with unfolding time constants ofau¼ 7.7 s�1

at 140 pN, 1.9 s�1 at 120 pN and 0.4 s�1 at
100 pN, respectively. (D) The unfolding rate
depends exponentially on the stretching force.
A semi-logarithmic plot of the unfolding rate, au,
as a function of the stretching force F is shown.
A fit to the data using an Arrhenius term [63],
where au(F)¼a0 exp (FDx/kBT), gives values of
the unfolding rate at zero force, a0¼ 0.015 s�1

and Dx¼ 1.7 Å.
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ing rate, a, as a function of the pulling force, F (Figure 13.3D) directly demonstrates
that theunfolding rate of polyubiquitin is exponentially dependent on thepulling force.
AnArrhenius term can be fit by the data to quantify the time to rupture a bond under a
mechanical stretching force [63]. This approximationmodels a two-state processwith a
single unfolding energy barrier in the reaction coordinate of the end-to-end length.
Thismodel then yields a measure of the distance to the transition state along the force
induced reaction coordinate, Dx¼ 0.17 nm, beyond which the mechanical stability of
the protein is lost. The distance is comparable to the length of a hydrogen bond in
water, which is in excellent agreement with the result of computer simulations that
identify the crucial hydrogen bonds that stabilize the protein�s transition state under
force [62]. It should be noted that the Arrhenius term [63], while currently used widely,
assumes a force-independent distance to the transition state. Other models have
recently been proposed which offer a more detailed analysis of the force-induced
transitions [24, 64].
In rare instances in the unfolding trajectory we are able to capture mechanically

stable intermediate structures that add up to the expected step size of 20 nm,
suggesting some diversity in the unfolding energy barriers. Interestingly, collecting
a much larger data set also begins to show important deviations from the fits to the
two-state behavior, as the less-traveled unfolding pathways become statistically
significant. We investigate the stochastic dynamics of unfolding and the success of
the two-state model in the next section.

13.3
Order Statistics in Unfolding

Using the force-clamp technique we are able to test the diversity in the pathways and
the correlation between the protein modules in each chain by investigating the
kinetics of unfolding in further detail.
We first develop an analysis method for analyzing the unfolding dwell times

from the force-clamp technique. Since the number of modules in each chain varies
up to the engineered protein length (N¼ 12) (Figure 13.3B) and the dwell times
depend on the order of the event k we need to apply order statistics to the data
to investigate correlations between the modules and the heterogeneity in the
pathways.
Even without correlations (Markov process) and given a single reaction pathway,

statistics deems that the dwell times, t, to the unfolding events depend on the order
number of the event, k, and the chain length,N. Indeed, the probability of observing k
unfolding events out ofN folded protein modules in time t should follow a binomial
distribution,

Pðt;N; kÞ ¼ a
N!

ðk�1Þ!ðN�kÞ! ð1�e�atÞðk�1Þðe�atÞðN�kþ 1Þ ð13:1Þ

where a is the unfolding rate constant for the ensemble. With an extensive pool of
data we showed that this distribution could not account for all the unfolding events of
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ubiquitin. In order to investigate the source of the outliers in the obtained distribu-
tion, we next devised a maximum likelihood method at the single-molecule level.
If the unfolding process is Markovian, implying that the unfolding events are

independent of one another, yet involve different unfolding pathways (i.e. non-
homogeneous), the diversity in the pathways can be estimated using the maximum-
likelihood method (MLM) [65] to allocate a rate constant, a, to each single molecule
chain (Figure 13.4). The probability of a singlemodule unfolding in time t is assumed
to be p¼ 1� e(�at) as supported by the observation that each unfolding event takes
place in a single step on the timescale of the experiment. Therefore, for a given a,
from the experimental trajectory of a sequence of k events unfolding at times tk
(Figure 13.4) and the appropriate binomial counting shown in Equation 13.1, the
unfolding probability is given by the product of probabilities,

Pðt1; . . . ; tkmax ja;NÞ ¼ akmax N!

ðN�kmaxÞ! e
�aðN�kmax�1Þtdet

Ykmax

k¼1

e�atk : ð13:2Þ

The probabilitymap for each unfolding trajectory is calculated over a wide range ofa,
from 0.01 to 100 s�1, as well as over the possible range of N (Figure 13.4) for the
particular trace shown. Since molecules detach from the cantilever at random times,
Nmust lie between the number of observed steps and the engineered protein length.
The maximum likelihood method uses the unfolding probability, P(t1. . .tkmax) in

Figure 13.4 Maximum Likelihood Method for
analyzingprotein unfolding. A typical polyprotein
unfolding trajectory that exhibits six consecutive
unfolding events under a constant force of
110 pN is shown here. From the measured dwell
times, tk, and the detachment time, tdet, we

estimate the most likely rate constant, a, and
length of the chain, N, using the equation for the
probability of unfolding as a function of time. The
inset shows the shape of the probability function
and the peak isolated for N¼ 10 and a¼ 0.5 s�1

for this trajectory.
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Equation 13.2 to predict the most likely a, N as the maximum in the obtained
probability map. Themaxima of the probability maps for all trajectories give rise to a
distribution of Pmax(a) for the whole set of data (Figure 13.5).
We obtained a very broad distribution of unfolding rates that follows a power law

overmore than two decades [27]. Such a broad distribution could not be explained by
the errors in the MLM or by the noise in the constant force. Rather, this result is
indicative of an unanticipated degree of complexity in the unfolding pathways of
ubiquitin, supporting the view that the energy landscape ismuchmore complex than
was previously thought. It is the rare events that dominate the shape of the
distribution, which implies that only a large statistical ensemble of unfolding events
could reveal this complex physical picture.

13.4
Disordered Free Energy Landscape

The system�s complex kinetics, as observed in the power law decay of the rate
constants, is a consequence of the underlying roughness of the free energy land-
scape [66]. Therefore, a plausible explanation for the observed heterogeneity is to
consider the diversity in the conformations within the native state ensemble [67, 68]
under a constant force. Thermal motion of the folded protein explores local
fluctuations in the secondary structure on an energy scale of a few kBT [29, 69],
where kB is theBoltzmann constant, which is crucial to the optimal functioning of the
protein [19]. Understanding these fluctuations is therefore of fundamental biological

Figure 13.5 Power law distribution of unfolding
rates: a histogram of the most likely unfolding
rates for each polyprotein chain in the ensemble
plotted on a log-log plot. Beyond the peak, the
rates are distributed in a power law with a decay
coefficient g ¼ 1.8. The rates slower than the peak

carry a larger error as the molecules often detach
from the cantilever at long times. The inset shows
the tentative energy landscape with multiple
energy minima in the native state ensemble,
which could give rise to such broad kinetics
according to the Trapp model for glasses [74].
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importance [70], yet the details of the underlying distribution of conformations is
experimentally challenging.
Both X-ray crystallography and NMR structures bias the results towards the

average structure of the minimum energy conformations [71], such that the less-
visited metastable states are overlooked. The diversity in conformational energies of
the native state is further neglected by solution studies of protein folding/unfolding,
which use the two-state model to distinguish between the average pathways under
different experimental conditions using phi-value analysis [72].
On the other hand, the scale-free nature of the measured rate distribution, P(a),

characterized by the power law coefficient, can be interpreted by a rough energy
landscape in which the energy states, E, are distributed with an exponential
distribution P(E), where the energy scale �E ¼ 6:7 kBT. This result is based on the
assumption that the

PðEÞ ¼ t�:15
0

kbT
e�E=E� ð13:3Þ

protein is hopping over a multitude of unfolding energy barriers via an Arrhenius
process [73]. This broad energy distribution reveals a wealth of conformational states
available to the protein which is not observed in the reaction coordinate of the end-to-
end length. Relatively small perturbations (below 1 nm) in the length of the protein
seem to have significantly different free energies within this model. This interpreta-
tion, analogous to many other complex glassy systems [74], has previously been
encountered in the literature examining folded-protein dynamics at the single-
molecule level, including enzyme kinetics and activity [19–23, 75]. Structurally,
more detailed NMR relaxation experiments reveal deviations from the two-state
model for individual residues in a protein [76], and a separate work detects more
spatially diverse structures in the same protein ubiquitin than was previously
anticipated [18].Using force-clampAFMwehave provided thefirst detailed signature
of such complex behavior encountered in the unfolding process [27]. In the next
sectionwe reveal the exciting newbreakthroughs in protein folding achieved through
force-clamp spectroscopy.

13.5
Protein Folding

A major goal of biomolecular science has been to understand the protein folding
problem. In the last few decades, significant progress has been made, both from the
fundamental biochemical perspective [72, 77–79] and from the practical aspect of
predicting protein structure from sequence data [80], and even designing artificial
proteins [81]. From the physics perspective, there has also been a growing apprecia-
tion of the need to use appropriate statisticalmechanical tools to characterize the free
energy landscape of a protein [25, 26, 82, 83].
Many theories have emerged as a result, largely supported by numerical simula-

tions of model protein systems [84–91]. However, what has been lacking is an
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experimental tool which can probe protein folding at the single-molecule level and
has the ability to test the physical models proposed. For the first time, unique insight
into the folding trajectory of a single protein can be gained using force-clamp
spectroscopy, marking the beginning of rigorous tests of the microscopic physical
mechanisms involved in protein folding. In the next section we will introduce the
force quench experiment, followed by a discussion of one particular physical model
for protein folding.

13.5.1
The Force Quench Experiment

The �force quench� experiment monitors the end-to-end length of a single poly-
protein during reversible unfolding–folding cycles [28]. In the example shown
(Figure 13.6A) the polyprotein is composed of nine repeats of the small protein
ubiquitin, held at a constant force of 110 pN for a fixed time of 4 s. This applied force
results in the probabilistic unfolding of individual ubiquitinmodules, as described in
Section 13.2.2. After 4 s we reduce or �quench� the force from 110 to 15 pN. The

Figure 13.6 Force quench experiment reveals
the folding trajectory of a single polyprotein. (A)
The folding pathway of ubiquitin is directly
measured by force-clamp spectroscopy. The end-
to-end length of a protein is shown as a function
of time. The folding trajectory can be divided into
four distinct regions. The first stage (1) is due to
the elastic recoil of the unfolded polyprotein as
the force is reduced. The second stage (2) in the
folding trajectory begins at the end of the rapid
elastic recoil and is marked by a noticeable
increase in length fluctuations. This stage

relaxes with a slow rate of collapse. The
beginning of the third stage (3) is observed by an
abrupt change in the slope of the trajectory,
where the molecule contracts to a conformation
of an end-to-end length comparable to the
native state. Stages (2) and (3) vary greatly
between trajectories and cannot always be
distinguished. The final stage (4) is where the
protein acquires its mechanical stability through
the formation of the native contacts [28]. (B) The
corresponding applied force is also shown as a
function of time.
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spontaneous contraction of the protein down to the folded end-to-end length
corresponds to the folding trajectory of the mechanically unfolded polyprotein. To
confirm that the protein has folded, we again raise the force to 110 pN and the
polyprotein again unfolds to its initial unfolded length in steps of 20 nm
(Figure 13.6A).
The folding trajectories we observe can be divided into four distinct regions,

marked by abrupt changes in the slope of the collapse (Figure 13.6A). Furthermore,
we have determined that the collapse time of a protein is highly dependent on
the quenching force [28]. Figure 13.7A illustrates the variation in trajectories for the
polyprotein ubiquitin when quenched from a high force (trajectory 1), where the
protein fails to fold on the timescale of an experiment, to a low force (trajectory 5)

Figure 13.7 Complexity of the folding energy
landscape. (A) The folding pathway of ubiquitin at
a number of different quench forces is directly
measured by force-clamp spectroscopy. The end-
to-end lengthof aprotein is shownasa functionof
time. As the force is quenched to lower forces
(trajectories 1–5 where trajectory 1 corresponds
to a high quench force of 50 pN while trajectory 5
corresponds to a lower quench force of 23 pN),
the time taken to refold becomes smaller on
average. At a high quench force (1–2) the protein
may fail to foldon the timescale of the experiment.

(B) The folding pathway is probabilistic. The three
folding trajectories shown begin from the same
initial conditions and are quenched to the same
force, however very different trajectories are
clearly observed. The blue trace illustrates a
protein which failed to fold on the timescale of the
experiment, the green trace shows aproteinwhich
attempted to fold while the red trace shows a
successfully folded protein. (C) Average folding
times are exponentially dependent on the quench
force with aa0¼ 100 s�1 andDxf¼8.2 Å, using an
Arrhenius term [63].
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were folding is successful. These force-clamp experiments have provided evidence
that the probability of observing a folding event aswell as its duration is strongly force
dependent. Additionally, it should be noted that even under the same experimental
conditions different folding trajectories are observed. For example, in Figure 13.7B,
three distinct folding trajectories are shown for the polyprotein ubiquitin which have
been unfolded and then quenched to the same force. In the majority of cases the
protein fails to fold on the timescale of the experiments (blue trace), while in
some cases the protein attempts to fold (green trace). Only in a small percentage
of cases is the protein observed to fold (red trace). Therefore the application of force
greatly reduces the folding probability of the protein on the timescale of the
experiment.
To observe the force dependency of protein folding we grouped the experimental

data frommany force quench experiments at the longest range of contour lengths, for
which the effect of force is most evident (150 to 200 nm). We observed that the
duration of the folding collapse is exponentially dependent on the quench force
(Figure 13.7C), as observed in the unfolding process (Figure 13.3C). An Arrhenius
term can again be fit by the data to model a two-state process with a single folding
energy barrier in the reaction coordinate of the end-to-end length [63]. The distance to
the folded transition state, Dxf¼ 8.2Å, is a distance comparable to the length-scales
expected for long range hydrophobic forces [92] which are widely believed to play a
crucial role in protein folding [93]. It should be noted that his length is considerably
longer than that in the unfolding process (Dxu¼ 1.7Å).
Another important difference between the unfolding and the refolding process is

that the modules unfold stochastically, independently of one another, while the
contraction in the protein length during folding appears cooperative between the
modules. This asymmetry has been the topic of much debate in the literature,
suggesting protein aggregation [40] or entropic masking [39]. Aggregation was ruled
out by the second unfolding of the samemodules in response to the second pull [41].
Entropic masking of stepwise folding was rejected by the fact that the folding
trajectories scale with the number of modules in the chain N [42]. In other words,
a singlemodule refolding trajectory has the same end-to-end length profile as a chain
ofmodulesmultiplied byN. We can therefore consider the different stages in folding
as being present for any number of modules in the chain and compare them with
theories for even single monomer proteins.

13.5.2
Developing a Model for Protein Folding

Many theoretical models have been developed which attempt to explain the pathways
of protein folding [54, 84–91]. The generally acceptedmodel for folding of proteins in
the bulk is a two-state picture, in which intermediates are only rarely encountered
under specific folding conditions. These data predict the height of the energy barrier
to folding and the structures associated with the energy minima in this simple
landscape deduced from point mutation experiments. They also predict the relative
position of the transition state and since the reaction coordinate is not known this
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relative position is dimensionless. It should be noted that the trajectory of a protein
that folds after chemical denaturation involves changes in the end-to-end length of
only a couple of nanometers, very close to the radius of gyration of the native state. For
example, in the presence of 5M urea, small angle X-ray scattering has shown that a
protein chain�s radius of gyration expands from �16 to 35Å, an expansion of only
2.1 nm [94]. A further study revealed the high persistence of native-like topology in a
denatured protein in 8M urea [95]. Therefore, force quench experiments monitor
folding trajectories over much longer length-scales, exploring new regions of the
folding landscape.
Since themechanical and thermal/chemical studies of protein folding involve very

different endpoints they are not directly comparable. At present a number of physical
models exist which attempt to explain the folding timescales observed in thermal
denaturation experiments. For example, multipathway folding mechanisms, discov-
ered using minimal protein models in conjunction with scaling arguments, have
been used to obtain timescales for protein folding [91]. These scaling laws have been
derived for proteins in bulk solution which have undergone a temperature pertur-
bation. While we would expect that similar phenomena may be at work in a
mechanically perturbed system, we anticipate that the timescales predicted using
these scaling laws will be incorrect. There is therefore a need to develop physical
models which consider force as a perturbation in the unfolding and subsequent
refolding of proteins.
Nonetheless, it is interesting to compare the relative timescales of the distinct

stages observed in the force quench folding trajectory (Figure 13.6) with that of the
scaling laws discovered usingminimal proteinmodels [91]. The predicted timescales
describe the stages of folding as a function of the number of amino acids, formulated
in analogy with the principles of polymer physics together with an imposed directed
search for native contacts. According to thismodel there are two distinctmechanisms
by which proteins reach the native state [91]. The first route is a direct pathway which
involves a specific collapse followed by a direct pathway or nucleation to a native state
conformation. The alternative route or the �indirect route� involves three key stages,
each with a particular timescale. These scaling laws can now be compared with
experimental protein folding trajectories for the first time.
The first stage in the force-clamp folding trajectory of the polyprotein ubiquitin

(Figure 13.6) is observed to have a timescale of �10ms. According to entropic
recoil [91] this stage is the non-specific collapse of the protein to a compact
conformation on a timescale tNSC given by

tNSC / ha
g
N2 ð13:4Þ

where h is the viscosity of the solution, a is the persistence length of the protein, g is
the surface tension andN is the number of amino acids in the protein. For the protein
ubiquitin in aqueous solution this predicts tNSC¼ 0.032ms, which is too fast to be
detected by the 10-ms time resolution of the force-clamp technique. It is clear that the
non-specific collapse of the protein is the fastest stage in the folding trajectory
(Figure 13.6), in agreement with the scaling laws predictions. According to this
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minimal model [91] the second stage in the folding mechanism involves the kinetic
ordering of the foldable chain, describing the protein�s search among the space of
unfolded structures, such that the sequence directs the folding reaction towards
structures that are native-like. The search among the compact structures leading to
one of theminimumenergy structures is thought to proceed by a diffusive process in
the rugged energy landscape. The timescale for diffusion, tKO, and the subsequent
kinetic ordering is given by

tKO � tDNz ð13:5Þ

where z is a dynamical folding exponent and tD is a time constant. Numerical analysis
has found that a good estimate for z is 3 for heteropolymers while the exponent is
much higher, up to z¼ 6 for model proteins with native interactions [96]. The time
constant tD is thought to correspond roughly to the timescale for local dihedral angle
transitions, which is obtained from simulations to be �10�8 s [91]. The search for
a structure close to the native state corresponds to combined stages 2 and 3
(Figure 13.6), during which the protein attains the end-to-end length of the folded
protein under a low stretching force. The timescale for folding of ubiquitin for this
stage of the folding trajectory is then predicted to be 0.4ms from Equation 13.5.
Clearly this timescale is vastly different from the timescales observed in the force-
clamp trajectory (Figure 13.6) in which a diffusional search for a native-like
conformation can take of the order of seconds and is highly dependent on the
magnitude of the applied force (Figure 13.7A).
The final stage in this minimal model is the activated transition from one of the

many native-like minimum energy structures to a native-state conformation [91].
The timescale for the barrier activated transition, tAT, is given by

tAT � tcorr e0:6
ffiffiffi
N

p
ð13:6Þ

where tcorr is defined as the correlation time for harmonic fluctuations in the
measured reaction coordinate [97]. This equation is based on a model in which the
protein diffuses through a rough energy landscape with multiple energy minima.
These transitions, involving the formation and rupture of native and non-native
contacts to establish the folded transition state, are presumed to take place during
stage 4, below the length resolution of our force-clamp technique. We therefore turn
to force-extension experiments to directly investigate the N dependence on the
folding times at zero force in the same proteinmolecule since the scaling laws for the
multipathway mechanism have been derived in the absence of force [91].
We have utilized protein engineering to control the contour length and therefore

the number of amino acids unraveled in a single protein [98]. Force extension curves
were obtained for a polyprotein for repeated unfolded and refolding cycles. In each
cycle the protein was first unfolded, resulting in a sawtooth pattern of unfolding
peaks. The force was then dropped to zero and the protein was given a period of time
to refold. Subsequently, the protein was againmechanically unfolded. The fraction of
refolded proteins was obtained for a particular delay period, for a wide range of
waiting times. From this experimental data the average refolding time at zero force
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could then be found, as well as its dependence on the number of amino acids. These
experiments revealed that the exponential scaling law for a barrier-activated process,
where tf¼ tcorr exp(0.6 N0.57/kBT), fits the data very well (Figure 13.8) with tcorr¼ 2
ms [98]. It is interesting tonote the similarity between the formof the experimentally-
derived scaling law for the activated transition and that from the mutipathway
mechanism model (Equation 13.6). These force-extension refolding experiments,
performed at zero force, are therefore in good agreement with current physical
models.
The trend observed in the force extension experiments supports the view of

protein folding in a complex energy landscape, in which the conformational degrees
of freedom are affected by the size of the protein chain. This result has been
confirmed by numerous numerical simulations on model proteins of varying
lengths. However, previous ensemble folding experiments from bulk studies have
argued that the folding times are solely determined by the native state topology,
exhibiting little or no correlation with chain length [99]. These experiments were
performed on a wide variety of proteins, where the distinct amino acid sequence and
topology of the native structure may have played a dominant role in the folding
timescales.
These results emphasize the importance of single-molecule experiments in

improving our understanding of the physical picture underlying the folding
process. Physical models provide clear theoretical predictions for the folding me-
chanisms of proteins. There is an urgent requirement for the development of
physical models which incorporate force as a perturbation along a well-defined
reaction coordinate. It is also evident that the folding process is not simply driven by
entropy but rather is a result of a subtle interplay between the enthalpic contributions
of residues in the protein chain and the entropy of the surrounding solvent
environment [92, 100–103]. By studying how the folding trajectories respond to a
variety of physical–chemical conditions and protein engineering it will be possible to
uncover the physical phenomena underlying each stage in the protein folding
trajectories.

Figure 13.8 Folding time dependence on chain length. A plot of
the folding time, tF, versus the number of amino acids, N, is
shown here. The solid blue line shows the fit to a barrier-activated
process, tF¼Aexp(0.6Ng), where A¼ 0.002 s and g ¼ 0.57 [98].
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13.6
Force as a Probe of Protein Chemistry

In the previous sections we have shown how force-clamp spectroscopy can be used to
probe the transition states of protein folding and unfolding reactions. An Arrhenius
term [63] offers a simple relationship between reaction kinetics and the physical
distance along a force-induced reaction coordinate to reach the transition state,Dx. The
length-scale of this distance to the transition state was found to be between Dxf �
8Å [28] and60Å [104]) for protein folding, in roughagreementwith the expected role of
long range hydrophobic forces [92]. For unfolding this distance was found to bemuch
shorter, in the range ofDxu� 1.7 to 2.5Å [50]. This distance is comparable to the size of
a water molecule, suggesting an important role for the solvent in the hydrogen bond
rupture necessary for unfolding [49]. However, it should be noted that protein
unfolding and refolding are complex processes, potentially involving hundreds to
thousands of atoms. Thus, it is difficult to precisely determine how an individual
interaction contributes to this transition state structure. In this section we show that
force-clamp spectroscopy can also be used to probe a simple system, composed of only
a few atoms, to carefully monitor the transition state structure of a chemical reaction.
We examine the reduction of individual disulfide bonds in a protein molecule,
identifying not only a transition state structure on a sub-Ångstrom scale, but also for
the first time finding how mechanical force can influence chemical kinetics [105].
A recent review by Beyer and Clausen-Schaumann covers the role of mechanical

forces in catalyzing chemical reactions [106]. The authors noted that a widespread
difficulty in previous studies was that the reaction of interest could never be
consistently oriented with respect to the applied mechanical force and thus, the
influence of mechanical forces on these chemical reactions could not be studied
quantitatively [106]. Recently, we have shown that force-clamp spectroscopy can
overcome these barriers to directly measure the effect of a mechanical force on the
kinetics of a chemical reaction [105]. In these experiments, a disulfide bond was
engineered into a well-defined position within the structure of the I27 immunoglob-
ulin module of human cardiac titin (Figure 13.9A). Disulfide bonds are covalent
linkages formed between thiol groups of cysteine residues. These bonds are common
in many extracellular proteins and are important both for mechanical and thermo-
dynamic stability. The reduction of these bonds by other thiol-containing compounds
via an uncomplicated SN2-type mechanism [107–109] is common both in vivo and in
vitro; a commonly used agent is the dithiol reducing agent dithiothreitol (DTT).Using
force-clamp spectroscopy to extend single polyproteins of the modified I27 we first
observe partial unfolding of individual modules up to the disulfide bond (DL1 in
Figure 13.9). The disulfide bond in I27 presents a covalent barrier to the complete
unfolding of the protein module. In the presence of DTT, this disulfide bond can be
reduced, allowing for extension of the residues trapped behind the disulfide bond
(DL2 in Figure 13.9). Thus single disulfide reduction events are easily identified by
observation of steps of lengthDL2 in the unfolding trajectories. Tomeasure the rate of
reduction at a particular force and a particular concentration of reducing agent we
obtained an ensemble of single-molecule unfolding trajectories of the type seen in
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Figure 13.9C. We found that over a range of 100 to 400 pN of applied force the rate of
disulfide bond reduction was accelerated 10-fold, demonstrating that mechanical
force can indeed catalyze this chemical reaction.
The observed force dependence of the rate of disulfide bond reduction by DTT

was found to bemuch less sensitive than the rate of I27 unfolding (Figure 13.9D). The
weaker force dependence indicates a much shorter value of Dx for disulfide bond
reduction (Dxr¼ 0.34Å in Figure 13.9D) [105]. Indeed, it was remarkable that the
measureddistance to the transition state of thisSN2-type chemical reactionwas in close
agreement with disulfide bond lengthening at the transition state of thiol–disulfide

Figure 13.9 Probing protein chemistry (A) A
disulfide-bonded protein. An engineered
disulfide bond is introduced between two
residues in the protein (yellow). This results in 46
unsequestered residues (red) and 43
sequestered residues (green) (B) Applying a
mechanical force first triggers the unfolding and
extension DL1 of the protein up to the position of
the disulfide bond. If DTT is present in the
solution, disulfide bond reduction can occur,
allowing for the extensionof the trapped residues
DL2. (C) Force-clamp experiment showing a
double-pulse protocol which separates the

unsequestered unfolding DL1 (�10.5 nm) from
disulfide reduction events DL2 (�14.2 nm) in the
presence of DTT (D) Force sensitivity and bond
lengthening in the thiol/disulfide exchange
chemical reaction: a semi-logarithmic plot of the
rate of thiol/disulfide exchange, r (blue circles)
and of the unfolding rate, tU (red circles) as a
function of the pulling force. The solid blue line is
a fit which yields a distance to the transition state
for disulfide bond reduction of Dxr¼ 0.34 Åwhile
the solid red line yields a value ofDxU¼ 1.75Å for
the unfolding distance to the transition state of
I27 [105].
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exchange as found by DFT calculations [110]. This result indicates that the force
dependence of the observed reaction kinetics is governed by the detected sub-Ångstrom
length changes between the two sulfur atoms at the reaction transition state. Such a
phenomenonmayapplytomanyotherchemicalreactions.Thusitseemsthatforce-clamp
spectroscopy will be a powerful tool both to determine the effect of force on chemical
kinetics in general as well to directly probe the structure of chemical transition states.

13.7
Conclusions

Force-clamp spectroscopy has been highly successful in using mechanical force to
probe the physics and chemistry of proteins. In this chapter we have attempted to
demonstrate the robustness, reliability and ease of use of this technique to study
recombinant proteins. Force-clamp spectroscopy can be used to perturb the energy
landscape of a protein at a constant force along a well-defined reaction coordinate,
revealing fine details of the transition states of folding, unfolding and even of protein
chemical reactions. These transition states range from nanometers down to the sub-
Ångstr€om scale, revealing the underlying physics involved in these processes. By
applying a constant force a number of force-dependent parameters can be obtained
with confidence. While the force-clamp spectroscopy technique has developed
rapidly over the last few years, the instrumentation is still limited to a bandwidth
of a fewhundred hertz. Themost significant development that we can expect to see in
the next few years is a force-clamp spectrometer with amegahertz bandwidth. Such a
development will permit a farmore detailed examination of the energy landscape of a
protein, following their conformational dynamics with single bond resolution. Now
that the single-molecule field is far from its infancy, the challenge is to develop
theoretical models of protein folding to incorporate force, as well as to consider the
interactions driving themicroscopic mechanism of protein folding. The force-clamp
technique therefore unites fields as diverse as protein biochemistry, statistical
mechanics far from equilibrium and the protein folding community.
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